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Chain Termination Steps in Nonribosomal
Peptide Synthetase Assembly Lines:
Directed Acyl-S-Enzyme Breakdown
in Antibiotic and Siderophore Biosynthesis
Thomas A. Keating, David E. Ehmann, Rahul M. Kohli, C. Gary Marshall,
John W. Trauger, and Christopher T. Walsh*[a]


1. Introduction


A large number of therapeutically useful natural peptides are
produced nonribosomally by assembly line enzymology, involv-
ing multidomain and multimodular catalysts that activate and
assemble constituent amino acid monomers into oligopeptides.
The peptide chains released (Scheme 1) can be final products
such as cyclosporin (1)[1] and bacitracin (2)[2] or further tailored
enzymatically, such as the tripeptide aminoadipoyl-cysteinyl-
valine (ACV; 3)[3] that is cyclized to penicillins and cephalospor-
ins, and the vancomycin heptapeptide precursor (4) that is then
oxidatively cyclized and glycosylated[4] to the active antibiotic 5.
A wide variety of nonproteinogenic and D isomers of amino acids
are utilized by these assembly lines.[5, 6]


These catalytic proteins make peptide bonds without mRNA
templates, instead using a thiotemplate mechanism,[7] in which
each amino acid is activated as an aminoacyl-AMP by an
adenylation domain (A domain) of 50 kDa, then transferred to a
thiol side chain in an adjacent thiolation (T) domain of 10 kDa to
tether the aminoacyl moiety as a thioester. The thiol side chain is
presented by a 4'-phosphopantetheine moiety introduced
posttranslationally on every T domain by dedicated phospho-
pantetheinyl transferases.[8] Two aminoacyl-S-T domains or a
growing peptidyl-S-T domain and a downstream aminoacyl-S-T
domain are substrates for amide bond formation and directional
chain transfer by the third core domain, the condensation (C)
domain, also of about 50 kDa. Thus, a functional module of a
nonribosomal peptide synthetase (NRPS) is a C-A-T three-
domain module, and two such modules are needed to make a
peptide bond (Figure 1 A).[9] For example, the ACV tripeptide
synthetase[3] has three modules, one for aminoadipate (Aad), one
for cysteine, and one for valine, and the order of these three
modules (Aad-Cys-Val) controls the sequence of the tripeptide
assembled (Figure 1 B).


In addition to a core set of (C-A-T)n modules for chain
elongation steps, the NRPS assembly lines may have specialized


initiation modules, for example an A-T two-domain starting
module[10] (see Figure 1 B), and invariably have a specialized
C-terminal domain adapted for chain termination and release of
the full-length natural peptide product.[11] The diversity and
function of the chain-releasing C-terminal domains of NRPS
assembly lines is the focus of this Minireview.


2. Specialized C-terminal domains to effect
release of covalently bound acyl-S-enzymes
from the end of the NRPS assembly lines


All NRPS enzymatic assembly lines face the problem of how to
chemically disconnect the full-length acyl chain that has arrived
at the most downstream T domain (Figure 2). All the chain
elongation steps involve elongations of peptidyl-S-pantetheinyl-
T domain thioesters by C-domain action: All the growing
intermediates are covalently tethered to the assembly line
during translocations as an elongating series of acyl-S-enzymes.
This paradigm imposes several requirements on the NRPS
enzymes. Premature hydrolysis of the cascade of acyl-S-enzyme
intermediates or of the peptide monomers is to be studiously
avoided or incomplete fragments are generated and energy in
the form of coupled ATP hydrolysis is wasted. It is likely that all
the acyl-S-T domain intermediates in NRPS assembly lines are
kinetically sequestered from water. To release the mature chain
the acyl ± S-enzyme bond must be broken. Thus at the end of the
assembly line, the full-length chain is brought out of sequestra-
tion; this occurs by transfer from the last carrier protein domain
to a specialized C-terminal domain (Figure 2). This final domain
must accept the mature acyl chain product so that the assembly
lines do not become ªstalledº with backed-up intermediates, and
must also recognize only the full-length chain so that incomplete
chains are not indiscriminately hydrolyzed. As we shall note
below, a common architectural answer is a C-terminal thioester-
ase (TE) domain of 30 ± 35 kDa (Figures 2 and 3), but there are
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Scheme 1. Naturally occurring peptides produced by nonribosomal peptide synthetases. Rha� rhamnose, Tal� talose.
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also C-terminal reductase domains and C-terminal condensation
domain variants that yield alternate products (Figure 3) such as
peptide aldehydes and C-terminal amides.


3. C-terminal thioesterase domains in NRPS
assembly lines that produce linear
carboxylates and cyclic lactones and lactams


The most common C-terminal domain in NRPS enzymatic
assembly lines has homology to thioesterases (TEs) found in
fatty acid metabolism,[12] and have thus been termed TE
domains. These are variants of active-site serine hydrolases in
which a His residue is required as general base and a Ser residue
as catalytic nucleophile, producing a covalent acyl-O-Ser-TE from
an acylthioester substrate, which is then hydrolyzed in a second
step (Figure 4).[11, 13]


Figure 1. A) A two-module nonribosomal peptide synthetase (NRPS), the
minimum necessary for amide bond formation. C� condensation, A� adenyla-
tion, T� thiolation domain (also termed PCP�peptidyl carrier protein).
B) a-Aminoadipoyl-cysteine-valine synthetase (three modules) condenses the
three amino acid monomers to ACV (3), the precursor to isopenicillin N.


Figure 2. The thioesterase (TE) domain of an NRPS. TEs are variants of serine
hydrolases. An active-site serine accepts the mature peptide chain which is
transferred from the final T domain.


Figure 3. Alternative termination strategies found in NRPS. The final domain (X)
can be a thioesterase (TE), a reductase (red.), or a condensation (C) domain.
TEs are found to hydrolyze or cyclize the mature chain, reductases release an
aldehyde through NAD(P)H-coupled reduction, whereas C domains can use an
inter- or intramolecular nucleophile (Nu) to attack the scissile thioester bond, with
similar results to the TEs.


Figure 4. Hydrolysis of the acyl-O-TE intermediate by water, resulting in the
release of the carboxylic acid and the regeneration of the TE for another cycle.


Many NRPS assembly lines, such as the ACV synthetase in
penicillin biogenesis, release a peptide carboxylate, for example
3 (Figure 1 B),[3] and the net acyl-S-enzyme hydrolysis paradigm is
demonstrated. The full-length peptidyl-S-Tn species (Tn� final
T domain) is transferred to the TE domain to yield an acyl-O-TE,


Editorial Advisory Board Member:[*]


Christopher T. Walsh,
born in 1944, majored in biology at
Harvard College and then obtained
a Ph.D. in biochemistry in the labo-
ratory of Fritz Lipmann at the
Rockefeller University, New York.
After postdoctoral research with R. H.
Abeles from 1970 ± 1972, he joined the
faculty of MIT, in both the chemistry
and biology departments, to study
enzymatic reaction mechanisms, with
an emphasis on inhibitor design in both the mechanism-based and
slow-binding classes. His group also studied enzymatic catalysts
involved in Baeyer ± Villiger oxidations, cyclopropane fragmenta-
tions, light-induced repair of thymine dimers, nickel-containing
enzymes involved in methanogenesis, and the enzymatic detox-
ification of mercurials. After fifteen years at MIT he left to chair a
combined department of biological chemistry and molecular
pharmacology at Harvard Medical School. At Harvard his group
has studied enzymes of therapeutic relevance, including the
peptidyl-prolyl isomerase that is the binding protein for cyclo-
sporin A. Most of the recent focus has been on the mechanism of
action of antibiotics, including the antibacterial drug of last resort,
vancomycin. He and his group have determined the function of
five enzymes that are necessary and sufficient to cause high-level
clinical resistance to vancomycin by pathogenic enterococci. The
interest in vancomycin, a nonribosomally produced heptapeptide,
has extended to studies on the biosysnthesis of other peptide
antibiotics and bacterial iron-chelating siderophores by multi-
modular enzyme assembly lines with the intent of decoding the
mechanisms and utilizing them for combinatorial biosynthesis.


[*] Members of the Editorial Advisory Board will be introduced to the readers
with their first manuscript.







C. T. Walsh et al.


102 CHEMBIOCHEM 2001, 2, 99 ± 107


which although thermodynamically less activated than the
antecedent thioester, must be kinetically more labile to hydrol-
ysis (Figure 4). The factors that control the timing of interdomain
acyl chain transfer from Tn to the TE are not yet known and it is
unclear if either interdomain transfer or the TE domain
thioesterase activity limits the catalytic throughput of NRPS
assembly lines. If the TE domains are mutated at the essential His
or Ser residues, turnover ceases.[14, 15]


There are many NRPS assembly lines and cognate polyketide
synthase (PKS) assembly lines terminating in homologous TE
domains[16, 17] that do not release free carboxylate products but
rather release cylic lactones or lactams as noted in Scheme 1.
These must arise by intramolecular capture of the acyl-O-TE
intermediate, in kinetic competition with intermolecular attack
by water. Two such NRPS cyclases have been dissected in some
mechanistic detail. One is the tyrocidine A synthetase, making
the cyclic decapeptide tyrocidine A (6), and the other is the E. coli
siderophore-generating enterobactin synthetase which cyclo-
trimerizes a dihydroxybenzoylseryl-S-T-acyl enzyme to the iron-
chelating trilactone 7.


In the tyrocidine synthetase case the decapeptidyl-S-T10


upstream acyl enzyme species can be simulated by a synthetic
decapeptidyl-S-(N-acetylcysteamine) (NAC) thioester substrate,
and the excised 28-kDa tyrocidine synthetase TE domain on its
own retains potent cyclase activity[18] to make the cyclic
decapeptide tyrocidine A (6 ; Figure 5 A) with a kcat value of
60 minÿ1. This TE domain autonomously possesses all the


instructions for regio- and stereospecific cyclization to the 30-
membered cyclic peptide lactam. A model for tyrocidine
synthetase chain termination is shown in Figure 5 B. Hydrolysis
of the decapeptidyl-S-NAC substrate is also observed; however,
the cyclization/hydrolysis flux is 6:1[18] and this ratio is presum-
ably higher in the intact synthetase assembly line.


In the enterobactin synthase assembly line the four-domain
(C-A-T-TE) EntF subunit, in concert with the EntE and EntB
subunits, makes the trilactone enterobactin (7) with a 12-
membered ring at rates of 100 ± 200 minÿ1 [15] (Figure 6 A). A
Ser 1138!Ala mutation reduced enterobactin formation to less
than 1/4500 of the wild-type activity, as this TE domain mutant is
unable to accept covalent transfer of DHB-Ser (DHB� 2,3-
dihydroxybenzoic acid). When a single mutant, His 1271!Ala,
was generated, Vmax dropped dramatically but now this mutant
EntF accumulated acyl-O-TE domain intermediates, DHB-Ser-O-
TE and also DHB-Ser-O-DHB-Ser-O-TE, as evaluated by Fourier
transform mass spectrometry (FT MS).[14] The TE domain O-
acylated with a dimeric form of DHB-Ser is a key intermediate;
presumably there is also a TE domain O-acylated with a linear
trimeric form that is captured by intramolecular cyclization as
shown in Figure 6 B. There is no detectable hydrolase activity for
wild-type EntF with its natural substrate. With salicyl-Ser-S-EntF a
slow hydrolysis is detected after elongation to the dimeric
form.[19]


A second example of a TE acting as both a cyclase and a final
waystation for accumulation of identical units from the upstream


NRPS modules is gramicidin S synthetase.[6]


Gramicidin is a macrocycle of ten amino
acids, (DPhe-Pro-Val-Orn-Leu)2. As the syn-
thetase possesses only five modules, the
initial linear pentapeptide must transfer to
the TE to await reloading of monomers and
condensation to a second, identical penta-
peptide before condensation of the two and
cyclization to release. This additional TE
function as holding position for oligomeriz-
ing product subunits is an efficient method
to reuse NRPS modules for biosynthesis.


The switch from release of peptides with a
free C-terminal carboxylate to release of
cyclic peptide lactams and lactones can be
as simple as the kinetic control of the fate of
the acyl-O-TE intermediates towards capture
by water in the second half-reaction (Fig-
ure 4). If water is completely excluded then
the acyl-O-TE intermediate has time to fold
in a conformation allowing intramolecular
capture exclusively (Figure 7). It will be of
interest to determine the structure of TE do-
mains with hydrolase activity and of those
with only cyclase activity and to examine the
structural basis of the product-determining
steps. TE domain swaps could be used
purposefully for combinatorial biosynthetic
rerouting of NRPS assembly line acyl-enzyme
intermediates.


Figure 5. A) Macrocyclization activity of the tyrocidine A thioesterase domain (as an independently
expressed protein) on the N-acetylcysteamine (NAC) thioester of the linear tyrocidine decapeptide. The
TE accepts the linear S-NAC-decapeptide as a substrate, and produces cyclized (!6 ; kcat�60 minÿ1) and
hydrolyzed products in a 6:1 ratio in vitro. B) Model of the T-TE didomain terminus of tyrocidine
synthetase and proposed cyclization mechanism of the TE. The first, ninth, and tenth residues of the
decapeptide have been shown to have the greatest effect on activity, whereas the TE is relatively
insensitive to the remaining internal amino acids. The TE is thus represented as having binding sites for
the first and last residues, with the remainder lacking specific recognition.
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Figure 7. Cyclization activity of thioesterases. An upstream nucleophile is
employed to macrolactonize (X�O) or macrolactamize (X�NH) the substrate
with concomitant release from the TE.


4. C-terminal reductase domains
in NRPS assembly lines that
release aminoacyl or peptidyl
aldehydes


While the C-terminal TE domain motif is most
common at the end of NRPS assemblages,
there are now several examples where TE
domains are absent and instead are replaced
by domains of 40 ± 50 kDa with homology to
NAD(P)-dependent reductases, such as in the
yeast biosynthetic pathway for the essential
amino acid lysine,[20] in the generation of the
tetrapeptide antitumor agent saframycin
(8),[21] and in mycobacterial peptidolipids (9)
that may be involved in gliding properties of
these pathogens.[22] The system that has
been examined in detail and for which a
functional reductive release mechanism has
been validated is the Lys2/Lys5 pair of
proteins in yeast.[20] Yeast carries out lysine
biosynthesis from aminoadipate with regio-
specific reduction of its C6 carboxylate to the
aminoadipate semialdehyde (Scheme 2 A).
The aldehyde subsequently undergoes net
transamination to lysine via saccharopine.
Lys2 is a 155-kDa, three-domain protein with
the organization A-T-reductase, while Lys5 is
a Lys2-specific phosphopantetheinyl trans-
ferase that converts the apo-T to the holo-T
domain. Holo-Lys2 is then catalytically com-
petent to activate aminoadipate as the C6-
AMP mixed anhydride, and then generate
the covalent aminoadipoyl-S-T-acyl-enzyme
intermediate like a conventional A-T pair of
an NRPS assembly line.[20] The third domain
utilizes NADPH as a cosubstrate for hydride
transfer to reduce the thioester bond of the
aminoadipoyl-S-T intermediate to a hemi-
thioaminal linkage (Scheme 2 B), which spon-
taneously decomposes to release the free
thiol form of Lys2 and the C6 aldehyde
product. This aldehyde cyclizes spontane-
ously to a tetrahydropyridine carboxylate as
the accumulating product.


Analogous reductive cleavage of a tetra-
peptidyl-S-enzyme intermediate (Ala-Gly-Tyr-
Tyr-S-T domain) by an NADPH-mediated
hydride transfer is predicted to yield the
tetrapeptide aldehyde that subsequently


cyclizes to the six-membered-ring hemiaminal in saframycin Mx1
(8).[21] Reductive cleavage is not likely to be a common chain
cleavage mechanism unless the resultant reactive aldehyde can
be captured intramolecularly in a stable hemiaminal or imine
form as noted in the two examples described above, or reduced
further to the alcohol, as implied by the terminal alaninol residue
of the glycopeptidolipids like 9.[22]


Figure 6. Schematic representation of the biosynthesis of enterobactin (7) by the synthetase
components EntE, EntB, and EntF. EntE loads EntB with 2,3-dihydroxybenzoic acid (DHB), while EntF
self-acylates with L-serine. After condensation to DHB-Ser-S-EntF, two additional iterations and
cyclization yield enterobactin (7). B) Minimal mechanism for EntF TE as a waystation for DHB-Ser
accumulation and as a macrocyclizing catalyst. Starred (*) species have been identified by mass
spectrometry. Mutations of the Ser residue of the TE abolish activity, while mutations of the His general
base allow slow accumulation of the monomeric and dimeric forms of DHB-Ser.
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5. Amide bond formation as chain termination
strategy by condensation domains


Some NRPS assembly lines apparently terminate not with
thioesterase or reductase domains but instead with variants of
the condensation (C) domains that are the amide-bond-forming,
chain-elongating catalytic domains that act iteratively to grow
the peptide chain. Cyclosporin synthetase, the 1.7-MDa poly-
peptide responsible for assembly of the fungal cyclic undeca-
peptide immunosuppressant drug 1, is such an example (Fig-
ure 8).[1] The C-terminal 50-kDa condensation domain has been
assumed to function as the amide synthase that couples the free


Figure 8. Schematic representation of the final cyclization and release of
cyclosporin (1) from its synthetase. The C-terminal condensation domain is
proposed to catalyze attack of the N-terminal free amino group of the linear
peptide on the thioester group without prior covalent transfer to the C domain, in
contrast to the situtation with TEs. Abu� L-a-aminobutyric acid; Bmt� (4R)-4-
[(E)-2-butenyl]-4-methyl-L-threonine; m�N-methyl ; MT�N-methyltransferase
domain (which occurs in several of the upstream modules).


amino group of D-Ala 1 to the
carbonyl group of L-Ala 11 to pro-
duce the cyclic amide product in
the chain release step, but there is
no direct evidence for this func-
tion. A key mechanistic difference
between a terminal C domain and
a TE is the lack of evidence for an
acyl-O-C domain intermediate. In-
deed, analogy to acyl transferases
such as the histone acetyl trans-
ferase Hat1[23, 24] indicates that
C domains may catalyze direct nu-
cleophilic attack on the scissile
thioester bond. Other NRPSs that
are predicted[5] to follow this meth-
od of C-terminal condensation-do-
main-mediated cyclization and re-
lease are those of enniatin,[25, 26]


HC-toxin (14),[27] and PF1022A
(15).[28] Enniatin, which is a cyclic
trimer of ([D-2-hydroxyisovaleric
acid]-[N-Me-valine]) consists of
two modules followed by a dido-
main T-C unit. It is postulated that
enniatin, as well as the cycloocta-


depsipeptide PF1022A (15), may be assembled analogously to
enterobactin, with the T-C unit replacing the enterobactin TE and
allowing the successive buildup of oligomers on the T domain
before C-domain-mediated cyclization.


Recently the NRPS assembly line for the production of the
siderophore vibriobactin (10) from the pathogenic bacterium
Vibrio cholerae has been reconstituted in vitro from the pure
protein components VibE, VibB, VibF, and VibH (Figure 9).[29, 30]


Vibriobactin (10) has some design analogy to enterobactin (7) in
that each compound has three catechol moieties as ligands to
chelate ferric ion, but while enterobactin is a cyclic trilactone, the
three catechol-containing acyl chains in vibriobactin are ap-
pended through three amide linkages to the triamine norsper-
midine.[31] One of the acyl groups is a simple 2,3-dihydroxyben-
zoyl (DHB) moiety while the other two represent DHB-threonyl
moieties (akin to the DHB-seryl moieties of enterobactin) that
have been cyclized and dehydrated to dihydroxyphenyloxazo-
linyl (DHPO) acyl groups. VibF, the functional homologue of EntF
in the enterobactin synthetase system, does not have a
C-terminal TE domain, but instead brackets the single T domain
with a pair of C domains (Figure 9). Additionally, VibH is a free-
standing condensation protein. VibH makes DHB-norspermidine
from DHB-S-VibB and norspermidine and this is then the
preferred substrate for bis-acylation with the DHPO groups
from VibF (Figure 9). The VibF condensation domains are the
most obvious candidates for DHPO-chain-releasing amide
synthases to acylate the remaining primary and secondary
amino groups of the DHB-norspermidine product of VibH. All
three of these terminating amide synthase activities involve
intermolecular bond formation, in contrast with the postulated
intramolecular cyclizing activity of the C domain of cyclosporin


Scheme 2. A) Overview of lysine biosynthesis in yeast. The key NRPS-like step is the reduction of a-aminoadipate to
the semialdehyde by the Lys2/Lys5 pair. B) Mechanism of a-aminoadipate reduction by Lys2. After activation (with ATP)
and covalent T-domain tethering, the a-aminoadipoyl thioester is reduced by NADPH. The resultant hemithioaminal
breaks down to release the semialdehyde product and regenerate holo-Lys2.
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synthetase. Each of the acceptor amide nucleophiles in the
vibriobactin synthesis sequence is a soluble, small-molecule
amine. Thus, C domains that use soluble substrates or have
cyclization capacity appear to be a third way of effecting mature
chain release from the downstream termini of NRPS assembly
lines.


6. Release of the acyl chain by
diketopiperazine cyclization in lysergic acid
biosynthesis


The ergot fungus Claviceps purpurea produces peptide alkaloids
responsible for outbreaks of ergotism. Typically these are
composed of a nonpeptidic moiety of D-lysergic acid connected
by an amide linkage to tripeptide moieties. The tripeptide is
assembled by a two-subunit NRPS D-lysergyl-peptide synthetase
(LPS),[32, 33] activating Ala, Phe, and Pro to produce ergotamine
(11). LPS2 activates the D-lysergic acid as donor thioester and
LPS1 activates Ala, Phe, and Pro as three aminoacyl-S-T-acyl
enzymes (Figure 10). There is as yet no sequence reported for
the gene encoding LPS1 but the protein subunit appears not to
have thioesterase activity, as judged by lack of inhibition of chain
release by phenylmethylsulfonyl fluoride (PMSF), a reagent
shown to inhibit the TE domain of fatty acid synthase.[34] The
final cyclic product is the bis-lactam ergotamine (11), a
diketopiperazine (DKP) formed from the Phe and Pro moieties.
Walzel et al.[32] have proposed that the DKP-forming cyclization is
the chain-release mechanism (Figure 10), particularly appropri-


ate for the C-terminal prolyl group
since DKP formation with the cyclic
amine proline is more rapid than with
the primary amino acids. This route
of chain release was slow, with a
kcat value around 1 minÿ1, which may
indicate noncatalytic cyclization and
release. Experiments on truncated
dimodule constructs that rely upon
noncatalytic DKP formation by pro-
line amide attack are consistent with
both this mechanism and this
rate.[35, 36]


7. Examples of novel chain
termination in
polyketide synthases


While this review has concentrated
on chain release strategies in NRPS
systems, a few examples of unusual
termination in polyketide synthases
(PKSs) will illustrate the diversity of
these systems. Like NRPSs, PKSs most
often terminate in hydrolytic or cy-
clizing TEs.[37] However, the final PKS
module of rifamycin synthase ends


Figure 9. Mechanistic scheme for vibriobactin (10) biosynthesis by VibB, VibE, VibH, and VibF. VibE loads VibB
with 2,3-dihydroxybenzoate, while VibF self-acylates with L-Thr. VibH first condenses DHB-S-VibB with
norspermidine (NSPD). DHB-S-VibB also serves as a donor for VibF in the formation of the dihydroxyphenyl-
oxazolinyl (DHPO) thioester. VibF then caps the two remaining amine functionalities of DHB-NSPD with DHPO
moieties, presumably mediated by the C1 and C2 domains, to yield vibriobactin. Cy� cyclization domain.


Figure 10. Biosynthesis and release of ergotamine (11). The two protein products
involved, LPS2 and LPS1, have not been sequenced, so domain assignments
cannot be made. Condensation and elongation of the four monomers leads to the
linear tetrapeptide, which is proposed to spontaneously cyclize via diketopiper-
azine (DKP) formation, promoted by the proline conformation. Rates of DKP
formation are consistent with nonenzymatic cyclization.
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with an acyl carrier protein (ACP) domain instead of a cyclizing
TE, as the product structure would suggest.[38] Termination and
cyclization to proansamycin X (16) (Figure 11 A) are performed
by a separate protein, RifF, which is an amide synthase without


homology either to TEs or C domains,[39] and which is most
similar to arylamine-acetyl-CoA acetyltransferases. Likewise, in
the biosynthesis of lovastatin (17),[40, 41] a novel transesterase
protein, LovD, is proposed to employ the released, soluble
product of one PKS subunit as a hydroxy group nucleophile to
couple to the terminal thioesterified product of a second PKS
subunit, thus forming and releasing the mature molecule 17
(Figure 11 B). In contrast to RifF, LovD appears by homology to be
related to carboxypeptidases and esterases. Interestingly, the
PKS component lovastatin nonaketide synthase (LNKS) that
synthesizes the immediate precursor of monacolin J (Figure 11 B)
possesses a C-terminal NRPS condensation domain;[41] the
function of this domain in biosynthesis remains obscure. Finally,
the pikromycin/methymycin PKS presents an interesting exam-
ple of a branch point in a PKS assembly line that leads to two
products, depending on the timing and location of termination.
The six-module pikromycin PKS can not only produce the
eponymous 14-membered macrolide 12, but can also terminate
and cyclize the product of the fifth module, yielding the 12-
membered macrolide methymycin (13).[42] Recent work has
demonstrated that methymycin results from an N-terminally
truncated form of module 6 (PikAIV) arising from an internal,
alternate translational start site.[43] This truncation prevents
elongation to pikromycin (12), but preserves intact the internal


TE that has been shown to be necessary for both methymycin
and pikromycin biosynthesis. The TE is thus able to interact with
and cyclize the products of both module 5 (in trans) and
module 6 (in cis).


8. Conclusion


The fundamental use of a
thiotemplate mechanism by
NRPS assembly lines to acti-
vate, tether, and add amino
acid monomers to growing
chains of peptidyl-S-enzymes
establishes the thermodynam-
ic activation for chain growth
(acyl thioesters in downhill
condensations to amides) and
imposes constraints of direc-
tionality as the attacking nu-
cleophilic aminoacyl-S-T do-
main monomer is always in
the downstream position. The
additional mechanistic out-
come is that the antibiotic or
siderophore acyl chain grows
as a cascade of elongating,
covalently tethered acyl-S-en-
zyme intermediates, moving
from upstream holo-T do-
mains to downstream ones.
No acyl intermediates diffuse
away or are lost to solvent to


leave truncated or incomplete chains, provided the elongat-
ing series of acyl-S-T domains are protected from adventitious
hydrolysis. The templating is set by the order of the
sequential C-A-T modules and the specificity of each A domain
and C domain for activation and condensation, respec-
tively.[7, 10]


This strategy for both NRPS and PKS catalysis means that for
the assembly lines to function catalytically rather than stoichio-
metrically, the full-length antibiotic or siderophore acyl chain,
once it has reached the most downstream module and is docked
on the last T domain, Tn, must be promptly cleaved to regenerate
the assembly line for another biosynthetic iteration. There must
be a specialized catalytic machinery at the C termini of the
enzymatic assembly lines to deacylate the peptidyl-S-Tn domain
but none of the earlier peptidyl-S-T intermediates. We have
noted three general solutions: TE domains, reductase domains,
and amide-synthesizing C domains appended to the end of the
NRPS assembly lines. Understanding acyl chain transfer mech-
anism and selectivity from Tn domain to the attacking nucleo-
phile of each of these three product-determining catalytic
domains will help explain the diversity possible in these natural
product classes and suggest engineering strategies for rerouting
acyl chains in combinatorial biosynthesis efforts to create new
natural products.[44, 45]


Figure 11. A) Proposed mechanism of cyclization of the rifamycin linear polyketide to proansamycin X (16) by RifF. The
polyketide synthase (PKS) RifE terminates in a carrier protein domain, so the separate protein RifF (similar to arylamine-
acetyl-CoA acetyltransferases) accepts chain transfer and catalyzes cyclization. B) Proposed mechanism for the final
transesterification in lovastatin biosynthesis. Monacolin J, the product of a separate PKS, is acylated by LovD (similar to
carboxypeptidases) with an LDKS-protein-bound 2-methylbutyrate (which is a PKS product) to yield lovastatin (17).
LDKS� lovastatin diketide synthase.
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The idea that enzymes work by increasing
the ground state (GS) free energy of the
reacting fragments has been frequently
advanced. The most popular form of this
proposal has been related to Jencks'
ªCirce effectº where the binding of the
nonreactive part of the substrate is sup-
posed to ªpushº the reactive part into a
destabilizing environment.[1] However,
quantitative computer simulation studies
and energy considerations[2, 3] led repeat-
edly to the conclusion that GS destabili-
zation (GSD) cannot be a major contrib-
utor to the rate enhancement of en-
zymes.[4] This conclusion has been
challenged by two recent studies,[5, 6]


which found evidence for GSD by using
different computational approaches.
These works had immediate impact[7, 8]


in part because they considered the
molecular mechanism of the most profi-
cient enzyme known to date: orotidine 5'-
monophosphate decarboxylase (ODC-
ase).[9] The paper by Lee and Houk,[5]


which appeared before the crystal struc-
ture of ODCase was available, proposed
that ODCase achieves its remarkable
catalytic activity by placing the negatively
charged orotate group in a nonpolar
environment. This ªdesolvationº mecha-
nism, which has been also implicated in
other cases (see, for example, ref. [1]), was
criticized by two of us[3] who pointed out
that it reflected an incorrect thermody-


namic cycle. In fact, in ref. [3] we argued
that any enzyme with a significant rate
enhancement works by placing its sub-
strate in a very polar (rather than non-
polar) environment and stabilizing the
corresponding transition state (TS).


Very recently, the structure of ODCase
has been solved in breakthrough studies
of four research groups.[6, 10±12] Other
important studies on this issue have also
appeared recently.[13, 14] These studies
confirmed the presence of a very polar
(salt-like) environment, but were inter-
preted by several groups[6, 11, 13] as evi-
dence for a GSD. That is, it was concluded
that the interaction between the orotate
and the negatively charged groups in the
ODCase active site (Figure 1) destabilizes
the reactant state. In addition, this struc-
tural arrangement was taken[6] as a con-
firmation of the Circe effect, in which the
assumed very strong binding of the


phosphoribosyl group pulls the orotate
to its unfavorable environment and the
electrostatic repulsion is released in the
transition state. This conclusion seems to
be supported by the calculations of Wu
et al.[6] who suggested that the enzyme
works by applying ªelectrostatic stressº
on the GS of the substrate. This proposal
has gained immediate approval in some
circles (as discussed in ref. [8]), where it
was accepted as verification of the elusive
GSD mechanism. However, despite this
excitement it seems to us (see below) that
the analysis of Wu et al. cannot be consid-
ered as a demonstration of a GSD effect.


In order to analyze the actual informa-
tion from the ODCase system we have to
ask what was really found. First, most
proponents of the GSD mechanism have
emphasized that two aspartate residues
(presumably negatively charged) are
positioned near the carboxylate group
of the substrate (Figure 1). The resulting
electrostatic repulsion is assumed to lead
to a large GSD. What is missing in this
analysis is the stabilizing effect of Lys 72,
which is closer to the orotate than the
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Figure 1. The active-site region of ODCase. The presented structure is based on the crystal structure of
ODCase with a TS analogue (PDB entry 1DV7), in which the TS analogue was converted into orotidine
5'-monophosphate (OMP) and the ODCase ± OMP complex was relaxed by a molecular dynamics calculation.
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aspartates (Figure 1). Thus, it is essential
to analyze the structural information by
careful free energy calculations before
deciding whether or not there is a GSD
effect. The calculations of Wu et al.[6]


provided a significant step in this direc-
tion. They impressively reproduced the
reduction of the activation barrier for the
decarboxylation (DDg=) by using the
calculated activation barriers in the pro-
tein (Dg=


cat� and in water (Dg=
W � [Eq. (1)] .


DDg= � Dg=
catÿDg=


W (1)


Such calculations alone, however, say
nothing about the presence or absence of
GSD effects. To attribute the calculated
DDg= value to GSD or TS stabilization it is
essential to compare the free energy of
binding in the ground state (DGbind,GS) and
in the transition state (DGbind,TS) (see Fig-
ure 1 of ref. [3]). Then, in order for the
observed rate enhancement to reflect a
GSD effect, DGbind,GS and DGbind,TS should
satisfy the relationships expressed in
Equations (2) and (3).


DGbind,GS � ÿDDg= � 23 kcal molÿ1 (2)


DGbind,TS � 0 (3)


However, Wu et al.[3] obtained almost
equal positive values for DGbind,GS and
DGbind,TS considering, respectively, the
binding of the orotate part of the sub-
strate (denoted here as Sÿ) and the
corresponding transition state (Sÿ=). Con-
sequently, they could not reproduce sig-
nificant values of DDg= from their bind-
ing energies. This apparent paradox,
which was overlooked by many readers,
seems to reflect the fact that it is much
harder to obtain converging results by
evaluating DGbind than Dg=. In particular,
since we deal with highly charged sys-
tems it is essential to have a proper
treatment of long-range electrostatic ef-
fects.


A more systematic treatment of the
long-range electrostatic effects was an
important part of a recent work,[15] which
revealed the following findings. First, the
evaluation of DDg= by using the calcu-
lated values for Dg=


cat and Dg=
W produced


the observed trend (i.e. , Dg=
cat�


20 kcal molÿ1) in agreement with Wu
et al.[6] Second and more importantly,
the new calculations were able to repro-


duce the observed trend in DDg= from
the magnitudes of DGbind,GS and DGbind,TS


for Sÿ and Sÿ=, respectively. Here it was
found[15] that DGbind,GS is between ÿ3 and
�4 kcal molÿ1, basically contradicting the
GSD hypothesis. On the other hand, the
catalysis was calculated to result from the
TS stabilization (i.e. , DGbind,TS was around
ÿ20 kcal molÿ1). Furthermore, it was
found that a more consistent analysis
leads to TS stabilization even when Sÿ is
destabilized. That is, the actual reaction
involves the process described in Equa-
tion (4).


orotateÿ� LysH� ! uracil� Lys�CO2 (4)


This reaction includes a proton transfer
from the protonated residue Lys 72 (LH�)
to Sÿ. This means that the reactive part
considered in DGbind,GS and DGbind,TS


should include the (SÿLH�!S'HL�CO2)
system rather than only the (Sÿ!S'H�
CO2) system. Now we have an entirely
different picture than that obtained
by including only Sÿ in the react-
ing region. Once we consider the
true reactant state, which includes both
the proton donor and the proton accept-
or, we will obtain ground state stabiliza-
tion rather than GSD by almost any
computational model. Our calculations
for the complete reacting system gave


DGbind,GS�ÿ30 kcal molÿ1 and DGbind,TS�
ÿ47 kcal molÿ1. Now (see Figure 2) the
aspartate residues are preorganized in an
optimal position to stabilize the dipole
moment of the [SÿLH�]p


= transition state.
Since some readers might consider the
selection of [SÿLH�] as the reactive part as
being a semantic issue, it is important to
emphasize that in proton transfer reac-
tions both the proton donor and the
acceptor represent integral parts of the
reacting system. For example, this is the
case in serine proteases, where all pre-
vious studies considered the proton ac-
ceptor (His 64) as a part of the reacting
system.[2]


It might be also useful to comment on
a proposal[12] that ODCase works by using
a short, strong hydrogen bond (SSHB)
between the orotate and Asp 70 (accord-
ing to the notation used by Wu et al.[6] ).
First, the special role of the SSHB and
related models is very problematic.[16]


Second, and more specifically, our pre-
liminary ab initio calculations of the
mechanism described in ref. [12] pro-
duced a very large activation barrier for
the reference reaction in water. In fact, the
proposed hydrogen bond will stabilize
the GS more than the TS.


Besides computer simulations, are
there any other approaches we could
use to assert the role of GSD in the rate


Figure 2. The energetics of binding the reacting fragments in the GS and the TS of ODCase. Sÿ and LH�


designate the orotate and Lys 72, respectively. The pyrimidine ring of the substrate and the carboxylate group
(or CO2) of the orotidine are described schematically by hexagons and squares, respectively.
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enhancement of ODCase? Here, general
energy considerations based on the ob-
served pKa values and dissociation con-
stants might provide additional insights.
Let us assume for a moment that the
catalytic effect is indeed due to GSD of Sÿ


as a consequence of the electrostatic
repulsion between negative charges.
Such a major destabilization of Sÿ will
lead (at equilibrium) to a new reactant
state where the negatively charged sub-
strate or the negatively charged protein
residues will become protonated. Since
the pKa value of orotic acid is about 2,
orotate cannot be destabilized by more
than ca. 7 kcal molÿ1 without being pro-
tonated by a bulk proton in an equili-
brated enzyme ± substrate (ES) complex.
Alternatively, electrostatically ªstressedº
orotate or aspartate (pKa� 3.8) can be
protonated by a proton transfer from a
protein residue. However, for true GSD we
need to destabilize Sÿ by about
23 kcal molÿ1. Another problem with
GSD and the corresponding Circe effect
is that it requires an enormous free
energy of binding of the phosphoribosyl
part. That is, if the value of 23 kcal molÿ1


for DDg= is due to destabilization of the
reacting part then the observed total free
energy of substrate binding of about
ÿ9 kcal molÿ1 would require a contribu-
tion of ÿ32 kcal molÿ1 from the phos-
phoribosyl part of the substrate. Such a
free energy of binding is without prece-
dent. Furthermore, we now have direct
estimates of the phosphoribosyl binding
energy that is about ÿ15 kcal molÿ1[10, 17]


rather than ÿ32 kcal molÿ1.


It is important to note that mutations
of the crucial Asp residues should help in
determining whether or not we have any
GSD. According to Figure 2 of ref. [16] and
Figure 12 of ref. [15] , if such mutations
will increase both jDGbind j and Dg= we
have a GSD mechanism; on the other
hand, if jDGbind j will decrease or stay
constant and Dg= will increase we have a
TS stabilization mechanism.


In summary, the exciting solution of the
structure of ODCase has given us the
chance to explore the origin of what is
perhaps the highest proficiency of any
enzyme known. Despite the great temp-
tation to ascribe the action of this enzyme
to the Circe effect a more careful analysis
does not support this proposal. Yes, we
have here ªelectrostatic stressº but it is
the stress between the preorganized
enzyme groups (the aspartate residues),
rather than between the enzyme and the
substrate. This ªstressº is the previously
proposed preorganization energy put
forward by one of us[18] as the origin of
enzyme catalysis.


This work was suported by the NIH grant
GM 24492. J.V. wants to acknowledge
EMBO fellowship ALTF 509-1998.
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Introduction


The decarboxylation of orotidine 5'-
monophosphate (OMP, 1 a) to form ur-
idine 5'-monophosphate (UMP, 2 a) by
orotidine 5'-monophosphate decarboxy-
lase (ODCase) is an essential step in
nucleic acid biosynthesis (Scheme 1).[1]


The conversion of 1 to 2 is very unusual,
in that all other biochemical decarboxy-
lations involve resonance stabilization of
a carbanion formed by loss of CO2 from a
carboxylate.[1, 2] ODCase achieved star
status when Radzicka and Wolfenden
reported that it is the most proficient
enzyme known;[3] (kcat/Km)/kuncat is an
astonishing 2.0�1023 Mÿ1!


Because of its mechanistic uniqueness
and the world's record for acceleration of
a reaction, the mechanism of ODCase has
attracted much interest. Until last year, no
structural data were available about this
enzyme, but recently four different X-ray
crystallographic structures were reported


nearly simultaneously. The authors of
these studies made various new propos-
als about mechanisms, some quite un-
usual and all rather tentative. This article
describes this work and suggests further
mechanistic possibilities.


Mechanistic proposals


Many studies of the enzyme and model
systems have been explored to try to
understand how this decarboxylation
occurs. Occasionally conflicting experi-
mental results and some debate eventu-
ally led to the conclusion that cofactors
and metal ions do not play a role in
catalysis.[4, 5] Transition state analogues,


such as 6-azauridylate (6-azaUMP, 3 a) and
barbituric acid ribonucleotide (BMP, 4 a),
are particularly effective inhibitors of
yeast ODCase (Ki� 5.1�10ÿ7 and 8.8�
10ÿ12 M, respectively).[6, 7] Before the year
2000, no crystal structure existed in spite
of valiant attempts.[8] Studies of the
enzyme mechanism by Jones and Smiley
indicate that Lys 93 (in the yeast enzyme)
is important for catalysis, but not for
binding.[9] The Vmax/Km value of ODCase is
pH-dependent, with a maximum at pH 7;
this result has been interpreted to indi-
cate that the enzyme possesses a catalytic
group which has a pKa value of ca. 7.[9, 10]


Catalytic antibodies that catalyze the
decarboxylation of orotate have also
been developed.[11, 12]


Various mechanistic hypotheses have
been proposed to explain the enormous
catalysis by ODCase. Silverman and co-
workers suggested a covalent mechanism
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involving nucleophilic attack at C5,[13] but
this was subsequently shown by 13C and
D isotope effects to be unlikely.[10, 14] Beak
and co-workers examined the decarbox-
ylation of 1,3-dimethylorotic acid in sul-
folane and proposed that decarboxyla-
tion occurred via a zwitterion analogous
to 5.[6] The fast (4�108-fold acceleration
over the parent reaction) decarboxylation
of the betaine 6 led the authors to
propose that the enzyme might effect
catalysis by favoring the formation of
zwitterion 5. This mechanism was widely
accepted for a long time.[7, 10, 11, 14, 15]


In 1997, two of us (Lee and Houk)
conducted calculations that supported
the idea of decarboxylation via a zwitter-
ion-like species; however, we showed
that the energetically favored pathway
in the gas phase involves protonation on
the 4-oxygen atom (rather than the
2-oxygen atom) to form zwitterion
7 b.[16] The intermediate formed upon
decarboxylation of 7 b (!8 b) is stabilized
as reflected in the carbene resonance
structure. Considerations of reactant and
product pKa values[5] (orotate and uracil
have pKa values of ca. 0.5),[16, 17] and the
likely nonpolar environment of the
ODCase active site led us to suggest that
the decarboxylation involves a concerted
proton transfer from lysine accompany-
ing decarboxylation to give the stabilized
carbene intermediate 8 directly. This
mechanism is summarized in Scheme 2.


Since 1997, additional studies have
supported or elaborated this mechanism.
Wu and co-workers provided kinetic data
consistent with the Lee ± Houk pro-
cess.[18, 19] Blanchard and co-workers con-
ducted multiple kinetic isotope effect
studies that are consistent with enzymatic
decarboxylation through the O4 proto-
nation mechanism, but indicate a step-
wise path involving protonation followed
by decarboxylation that is quite surpris-
ing in light of the pKa values of Lys 93


(ca. 7) versus orotate (ca. 0.5).[17] By using
13C-kinetic isotope effects and theoretical
predictions, Singleton, Beak, Lee and co-
workers showed that the uncatalyzed,
thermal decarboxylation of 1,3-dimethyl-
orotic acid proceeds through O4 proto-
nation.[20]


The crystal structures and new mechanistic
proposals


General considerations


Recently, crystal structures of free and
inhibitor-bound ODCase from four differ-
ent species were reported by the groups
of Ealick,[21] Short and Wolfenden,[22] Lars-
en,[23] and Pai and Gao.[24] These structures
reveal that ODCase is a dimer consisting
of two identical subunits, each of which
has a triose-phosphate isomerase (TIM)
fold consisting of eight b-strands and
eleven a-helices (Figure 1). The active site
is located at the end of the TIM barrel and


contains residues from
both subunits. Based on
the structures of free
and BMP-bound en-
zymes, it appears that
ODCase may be capable
of exhibiting considera-
ble conformational flex-
ibility; due to the com-
bined movements of


several loops, the binding site is sealed
off from bulk solvent upon complex
formation, and this conformational
change permits several important bind-
ing interactions.[22, 24]


Comparison of the binding sites in each
structure reveals striking similarities
across species. Although recognition of
the sugar and phosphate groups present
in each inhibitor as well as in the sub-
strate involves an extensive array of
contacts, we will focus on the portion of
the active site surrounding the pyrimidine
ring, since this is the local environment
for the decarboxylation reaction. Fig-
ure 2 A shows the binding site as found
in the crystal structure of the ODCase ±
BMP complex (from the work of Larsen
and co-workers)[23] and the superposition
of the binding sites from all four inhibitor-
bound structures (Figures 2 A and B).
Clearly, many identical or similar residues
are present in all four complexes, and
these share not only locations in se-
quence, but also in space (Figure 2 B). As
exemplified by the binding site shown in
Figure 2 A, inhibitor recognition involves
several distinct regions (Figure 2 C). The
O2/N3/O4 side of the pyrimidine ring
makes three hydrogen bonds to un-
charged polar residues. The C6 position,
which is substituted by a nitrogen atom
in 6-azaUMP (3 a) and bears an attached
oxygen atom in BMP (4 a), is in close
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Figure 1. The inhibitor BMP (4 a) bound in the active site of ODCase.[22] The enzyme is composed of b-strands
(green) and a-helices (red).
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proximity to a cluster of two aspartates
and two lysines. In fact, based on a
comparison of ODCase amino acid se-
quences from more than 80 species, Traut
and Temple have noted that this Asp-Lys-
Asp-Lys tetrad appears to be absolutely
conserved.[25] The p faces of the pyrimi-


dine ring interact with several
hydrophobic residues that parti-
ally define a pocket that extends
beyond and encloses the area
around C5. In most of the struc-
tures, water molecules are also
observed in the vicinity of O2, O4,
or both. Selected key interactions
for each ODCase ± inhibitor com-
plex are shown schematically in
Figure 3.


The ODCase ± UMP complex


The crystal structure of ODCase
from Bacillus subtilis with bound
UMPÐthe ultimate product of
OMP decarboxylationÐhas been
determined at 2.4 � resolution by
Ealick and co-workers.[21] In this
structure, the amide side chain of
Gln 194 donates a hydrogen
bond to O2 of UMP through its
NH2 group and accepts a hydro-
gen bond from Thr 123 through
the oxygen atom of the amide
carbonyl group (Figure 3). The
side chain hydroxy group of
Thr 123 in turn accepts a hydro-
gen bond from the proton on N3
of UMP, while O4 on the pyrimi-
dine ring accepts a hydrogen
bond from the backbone amide
NH of Thr 123. A pocket near C5
of the pyrimidine base consists of
several hydrophobic residues
(see Figure 2). These interactions
are present in all four ODCase ±
inhibitor structures, with only
minor variations.


Although the charged Asp-Lys-
Asp-Lys tetrad is in the vicinity of
C6, it does not make any direct
contacts with bound UMP. Ealick
and co-workers suggested that
the actual substrate OMP could
be destabilized by electrostatic
repulsion between its carboxy-
late group and the side chain
carboxylate of Asp 60. This


ground state destabilization would be
reduced in the transition state as negative
charge is shifted from the carboxylate to
C6 of the pyrimidine ring, which is close
to the protonated ammonium group of
the side chain of Lys 62. The authors
proposed, therefore, that protonation of


C6 occurs in concert with cleavage of the
CÿC bond in an SE2 fashion (Scheme 3).


The ODCase ± BMP complexes


The crystal structure of the Saccharomy-
ces cerevisiae enzyme has been deter-
mined in the presence of the inhibitor
BMP (4 a) to 2.4 � resolution by Short,
Wolfenden, and co-workers.[22] The hy-
droxyenone moiety of BMP is likely ion-
ized in water and in the binding site, since
the pKa values of barbiturates are less
than 4. The interactions between the
ODCase active site and the C2 ± C5 frag-
ment of the barbituric acid ring are
analogous to those described above for
the UMP complex (Figure 3). However,
BMP possesses a recognition element not
present in UMP: a (partially) negatively
charged oxygen atom attached to C6. Not
surprisingly, this charge promotes an
additional noncovalent interaction, a hy-
drogen bond (or salt bridge) between the
oxygen and the ammonium group of the
side chain of Lys 93. Interestingly, the Asp-
Lys-Asp-Lys cluster that provides this
interaction assumes a very similar geom-
etry in the UMP-bound, BMP-bound, and
inhibitor-free structures, suggesting that
this region of the ODCase binding site is
somewhat preorganized for the recogni-
tion of anionic groups in the vicinity of
C6. In addition, water molecules are
located in the neighborhood of both O4
and O6.


Based on their analysis of the crystal
structure, Short, Wolfenden, and co-work-
ers propose that Lys 93 is oriented so as to
stabilize the buildup of negative charge
on C6 in the transition state for decar-
boxylation and to provide the proton that
appears at C6 of the product, while not
interacting in a favorable way with the
substrate carboxylate group.[22] This fea-
ture, accompanied by hydrogen bonds
from the active site to O2 and O4 which
may help delocalize negative charge in
the transition state, as well as enhanced
interactions with the phosphate portion
of OMP during the decarboxylation,[26±28]


were invoked as likely sources of catalysis.
A second structure of BMP-bound


ODCaseÐin this case from Escherichia
coliÐwas determined at a resolution of
2.5 � by Larsen and co-workers.[23] The
interactions between the active site and


Figure 2. A : Active-site residues and water molecules in the
vicinity of the pyrimidine ring of BMP in the crystal structure
determined by Larsen and co-workers.[23] Oxygen atoms are
drawn in red, nitrogen atoms in blue, the phosphorous atom in
orange, water molecules in green, and carbon atoms in gray
for the protein and black for BMP. B: Superposition of the
residues shown in Figure 2 A (red) with the corresponding
residues in the ODCase ± inhibitor complexes of Short and
Wolfenden et al. (turquoise), Ealick et al. (dark blue), and Pai
and Gao et al. (yellow-green). C: The same superposition as in
Figure 2 B but color-coded by residue type: Charged residues
are drawn in red, polar uncharged residues in orange,
hydrophobic residues in black, and water molecules in green.
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the inhibitor in this structure are extreme-
ly similar to those observed in the com-
plex of BMP with yeast ODCase (Figures 2
and 3), including the presence of water
molecules in the vicinity of both O4 and
O6 of bound BMP.


Based on the absence of protein side
chains with particularly acidic protons in
the vicinity of O2 and O4, and despite the
presence of a water molecule near O4,
these researchers ruled out mechanisms
that call for either O2 or O4 protonation.


Instead they proposed two other mech-
anisms based on the proximity of O6 and
Asp 71 (Figures 2 and 3). Their first pro-
posal involved charge repulsion between
this aspartate and the carboxylate group
of OMP in the enzyme ± substrate com-
plex, an unfavorable interaction that
might initiate decarboxylation. Their sec-
ond mechanism involved a short strong
hydrogen bond between the carboxy
groups of OMP and Asp 71, a favorable
interaction that would have to be over-


come during decarboxylation. They note,
however, that conclusive evidence favor-
ing one or the other mechanism awaits
further study.


The ODCase ± 6-azaUMP complex


The structure of ODCase from yet another
organismÐMethanobacterium thermoau-
totrophicumÐhas been determined at a
resolution of 1.5 � in the presence of
another inhibitor, 6-azaUMP (3 a), by Pai
and co-workers[24] (Figure 3). In this case,
the hydrogen bonding interaction ob-
served between the key active-site lysine
and the oxygen at C6 of BMP is replaced
by an analogous interaction between the
lysine residue and the lone pair on N6 of
6-azaUMP. The hydrogen bond between
O2 and the active-site glutamine amide
proton, observed in all of the other
ODCase crystal structures, is preserved
in some of the complexes found in the


Figure 3. Key polar interactions between the ODCase active site and bound UMP (2 a), BMP (4 a), and 6-azaUMP (3 a) pyrimidine (or derived) rings, as observed in the
crystal structures (determined by the groups of which the principal investigators are listed). Residues that make hydrogen bonding interactions to donors and acceptors
in the C2 ± C4 region are highlighted in blue, and those that make hydrogen bonding interactions to acceptors in the C6 (N6) region are highlighted in red. All residues
are from the same monomeric subunit except Asp residues bearing a ªbº label.
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crystal, but an alternative binding mode,
in which this interaction is mediated by a
bridging water molecule, is observed in
others (Figure 3). Other key polar inter-
actions are analogous to those observed
in the other structures.


In conjunction with the crystallography
performed by the group of Pai, combined
quantum mechanics/molecular mechan-
ics (QM/MM) calculations were conducted
by the group of Gao.[24] Based on these
calculations, which produced activation
parameters that agree nicely with those
measured experimentally for both the
uncatalyzed (i.e. occurring in water) and
the enzyme-catalyzed decarboxylation
reactions,[26] a mechanism involving con-
siderable destabilization of the OMP
ground state was proposed (and referred
to as ªelectrostatic stressº, a name for
such an effect proposed by Fersht[29] or
the ªCirce effectº as previously suggested
by Jencks[30] ). This mechanism is very
similar to the one proposed by Larsen
and co-workers (see above). In this mech-
anism, the substrate is destabilized upon
binding by bringing its carboxylate group
into close proximity with one of the
active-site carboxylates (Asp 70, see Fig-
ure 3). This raises its energy closer to that
of the transition state, thereby reducing
the free energy of activation relative to
that for the solution reaction (i.e. increas-
ing kcat/kuncat). Km remains reasonably small
(i.e. OMP binds), despite destabilization of
the orotate portion of the substrate,
because strong stabilizing interactions
are present between the enzyme and
the sugar phosphate portion of the sub-
strate.


There was a surprising (to us) rush to
embrace this mechanism. Wolfenden and
co-workers established the great signifi-
cance of phosphoribosyl binding on kcat/
Km values for this enzyme and cited the
ªelectronic repulsive effectsº on the 6-car-


boxylate.[27, 28] Wu and Gronert et al.
voiced support for electrostatic repulsion
arguments.[31] Cleland and Rishavy meas-
ured 15N isotope effects that indicated
that N1 does not undergo a bond order
change.[32] This was taken as evidence
against O2 protonation but could be
consistent with the Lee ± Houk mecha-
nism or the electrostatic mechanism. A
Science editor seized on Cleland's work as
the final pronouncement on the mecha-
nism, declaring electrostatic stress the
winner![33]


Chemical and Engineering News ran a
feature article on the ªbuzzº associated
with ODCase, citing a number of enthu-
siastic supporters for the electrostatic/
Circe mechanism, and only a few, notably
Arieh Warshel, as dissenters.[34] In a num-
ber of decades of detailed quantitative
computational studies, Warshel has es-
tablished the importance of electrostatic
complementarity of the enzyme for the
transition state.[35] He has argued force-
fully for the importance of oriented di-
poles that stabilize the transition state.
Indeed, FloriaÂn and Warshel previously
argued against the Lee ± Houk mecha-
nism based upon the premise that the
binding site must be highly polar.[36, 40]


Given the possibilities available under
biological conditions for stabilizing prox-
imate carboxylates, we believe that any
mechanism involving enforced carboxy-
late ± carboxylate repulsion is questiona-
ble. Additional calculations on models of
the enzyme ± substrate complex[37] indi-
cate that either the substrate or active-
site carboxylate will be protonated unless
they are bridged by the active-site lysine;
both of the crystal structures of ODCase ±
BMP complexes described above do in
fact have a lysine bridging between
enzyme aspartate carboxylates and the
anionic oxygen atom of BMP, and a similar
bridging interaction is even seen with the


neutral N6 atom of 6-azaUMP (3 a). More-
over, ODCase is most effectively inhibited
by anionic inhibitors,[38] and a comparison
of Km for decarboxylation and Ki for UMP
binding suggests that the anionic sub-
strate is more tightly bound than the
neutral product of its decarboxylation by
more than an order of magnitude (some-
thing desirable for preventing product
inhibition).[38, 39] These observations imply
that ODCase is actually well suited to
make stabilizing interactions with anionic
substrates.


A variation on the stabilized-carbene
theme


If ground state destabilization is not
responsible for catalysis, then what is?
While catalysis likely involves contribu-
tions from the residues contacting both
the sugar phosphate group and the N1 ±
N3 region of OMP, we believe that most of
the reduction in activation barrier could
result from selective stabilization of the
transition state by interactions in the C4 ±
C6 region. Several water molecules are
observed in the ODCase ± inhibitor crystal
structures (Figures 2 and 3), and we
propose that catalysis may actually in-
volve an active-site water molecule. We
suggest that before decarboxylation be-
gins, the key lysine residue (Lys 62, Lys 93,
Lys 73, or Lys 72, depending on the or-
ganism; see Figure 3) bridges the orotate
carboxylate and the two active-site as-
partates (Scheme 4) in analogy to the
ODCase ± inhibitor complexes (Figure 3).
As the reaction proceeds, a carboxylate ±
lysine hydrogen bond is broken as a
hydrogen bond is formed to an active-site
water molecule that bridges to O4. Then,
in concert with the transfer of a proton
from the lysine to the water molecule, a
proton is transferred from the water
molecule to O4 of the substrate. Proto-


Scheme 4. An alternative mechanistic pathway. Residues are numbered as in the yeast ODCase.
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nation of O4 facilitates a redistribution of
negative charge away from the carbox-
ylate as the carbon ± carbon bond is
broken, ultimately resulting in the reso-
nance-stabilized carbene proposed by
Lee and Houk.[16] After carbon dioxide
loss from the active site, the proton on O4
can be returned to the lysine or shifted to
C6, both perhaps via the water molecule.


Summary and conclusions


Despite the similarities among the ob-
served structures, a number of different
mechanisms have been proposed to
account for ODCase's world-record catal-
ysis. It is clear that additional experimen-
tal and theoretical studies will be neces-
sary to pin down the mechanism. The
structures are now known, but the mys-
tery of proficiency remains.
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DNA Interstrand Cross-Linking Efficiency
and Cytotoxic Activity of Novel
Cadmium(II) ± Thiocarbodiazone Complexes
JoseÂ M. PeÂrez,[a] Virginia Cerrillo,[a] Ana I. Matesanz,[a] Juan M. MillaÂn,[a]


Paloma Navarro,[a] Carlos Alonso,[b] and Pilar Souza*[a]


We have prepared mono- and binuclear complexes of ZnII and CdII


with bis(2-pyridyl aldehyde) thiocarbodiazone (H2L1) and bis(meth-
yl 3-pyridyl ketone) thiocarbodiazone (H2L2). Cytotoxicity data
against the ovarian tumor cell line A2780cisR (acquired resistance
to cisplatin) indicate that the mononuclear complex Cd/H2L2 (1)
and the binuclear complex Cd2/H2L1 (4) are able to circumvent
cisplatin resistance and that their cytotoxic activity does not
substantially vary after depletion of intracellular levels of gluta-
thione. Moreover, DNA binding studies show that complexes 1 and
4 have higher efficiency than cisplatin at forming DNA interstrand
cross-links in both naked pBR322 plasmid and A2780cisR cellular
DNA. Interestingly, the thiocarbodiazone ligands alone do not show


the biological properties of complexes 1 and 4. Altogether these
results suggest that DNA interstrand cross-link formation by
compounds 1 and 4 might be related with their cytotoxic activity
in cisplatin-resistant cells. We think that compounds 1 and 4 may
represent a novel structural lead for the development of cadmium
cytotoxic agents capable of improving antitumor activity in
cisplatin-resistant tumors.


KEYWORDS:
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Introduction


It is well-known that drug resistance represents the major
limitation for the success of antitumor drugs such as cisplatin
(cis-diamminedichloroplatinum(II) ; cis-DDP) in the treatment of
cancer. On the other hand, glutathione (GSH) has been
implicated in cisplatin resistance by reducing drug accumulation
through the multidrug resistance associated protein (MRP),[1] by
reacting with the cis-PtII center to form inactive species,[2] and by
enhancing DNA repair.[3] In addition, several studies have shown
a good correlation between GSH levels and sensitivity to
cisplatin and other platinum compounds,[4, 5] and between
glutathione-S-transferase activity and the clinical response to
cisplatin in head and neck cancers.[6] Therefore, it is likely that
cisplatin resistance can be circumvented by generating platinum
and other metal containing drugs that exhibit low reactivity
toward glutathione.


It has been previously reported that metallic complexes of
thiocarbodiazone derivatives may have antibacterial, antiviral,
and antitumor properties.[7, 8] Moreover, we have recently shown
that thiosemicarbazone ligands coupled to ZnII and CdII metal
centers may overcome cisplatin resistance in murine keratino-
cytes overexpressing the H-ras oncogene.[9] In view of these
encouraging results we have extended our study to four novel
ZnII and CdII complexes with bis(2-pyridyl aldehyde) thiocarbo-
diazone (H2L1) and bis(methyl 3-pyridyl ketone) thiocarbodia-
zone (H2L2) as ligands, namely Cd/H2L2 (1), Zn/H2L2 (2), Zn2/H2L1


(3), and Cd2/H2L1 (4). The results reported here show that the
mono- and binuclear CdII ± thiocarbodiazone complexes 1 and 4


are able to overcome cisplatin resistance in A2780cisR human
ovarian tumor cells which contain high levels of glutathione.
Interestingly, the cytotoxic activity of 1 and 4 is not significantly
altered by previous cell treatment with L-buthionine sulfoximine
(L-BSO), which decreases the intracellular levels of GSH (gluta-
thione). In vitro and in vivo evaluation of the formation of DNA
interstrand cross-links (ISCs) by these novel CdII ± thiocarbodia-
zone complexes indicates that 1 and 4 produce an increase in
DNA ISCs with increasing drug concentrations.


Results


Polydentate diprotic Schiff-base ligands H2L1 and H2L2 are able to
form mono- and binuclear complexes.[10] When H2L1 was treated
with MCl2 (M�Zn or Cd) the resulting products [M2L1Cl2] were
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formulated with a doubly deprotonated ligand to bind two
metal ions, while when H2L2 was treated with the same salts only
monometallic complexes [M(H2L2)Cl2] were obtained.


The most significant changes in the infrared spectra of the
ligands upon complexation are the presence of a new band near
3450 cmÿ1 in the spectrum of complex 1, which is assigned to
the OH stretching frequency from water molecules, the increase
of nÄ for the C�N band, and the shift of the C�S (thioamide IV)
band in all complexes.[11] These data indicate the participation of
the thioamide group in the coordination to the metal ions.


Cytotoxic activity of the thiocarbodiazone ± metal complexes


We have tested the cytotoxic activity of complexes 1 ± 4, the
thiocarbodiazone ligands, and the antitumor drug cis-DDP
against A2780 and A2780cisR cells after treatment periods of
24 and 96 hours (Table 1). Table 1 A shows that in A2780 cells and
for a drug-treatment period of 24 hours 1 and 4 displayed IC50


values in a mM range similar to that of cis-DDP. Interestingly,
however, complexes 1 and 4 were about 18 and 50 times more
active, respectively, than cis-DDP in the cis-DDP-resistant cell line
A2780cisR (IC50 values of 7.0, 2.5, and 125 mM, respectively).
Moreover, 1 and 4 had a much better resistance factor (defined
as IC50 in A2780cisR cells/IC50 in A2780 cells) than cis-DDP


(resistance factors of 0.50, 0.25, and 15.60, respectively). Similar
data were obtained for a drug-treatment period of 96 hours but
the cytotoxic activity observed was on average three to four
times higher than that obtained after a 24-hour period
(Table 1 B). In addition, the data of Table 1 show that the ZnII ±
thiocarbodiazone complexes 2 and 3 and the thiocarbodiazone
ligands H2L1 and H2L2 exhibited poor cytotoxic activity in the cell
lines tested.


As GSH is involved in intracellular detoxification of metal
drugs,[12] we have also evaluated the effect of GSH on the
cytotoxic activity of complexes 1 ± 4, the thiocarbodiazone
ligands, and cis-DDP by using L-BSO to decrease the levels of
GSH in A2780cisR cells prior to drug treatment. Our determi-
nations of GSH intracellular content indicated that the A2780cisR
cell line possesses glutathione levels about six times higher than
the parental A2780 cell line (GSH levels : A2780: 8.5 (�0.5) ;
A2780cisR: 50 (�0.8) nmol per mg of protein; p<0.01). These
data are in agreement with previous data reported in the
literature.[12] Table 1 shows that while potentation of cytotoxicity
was negligible for CdII ± thiocarbodiazone complexes 1 and 4 in
both A2780 and A2780cisR cells (no significant difference was
observed to the control values), cytotoxicity was significantly
higher for cis-DDP in A2780cisR cells (p<0.01).


In vitro DNA interstrand cross-link formation


As the cytotoxic activity of 1 and 4 might be related with their
DNA binding mode and, on the other hand, cis-DDP induces low
levels of DNA interstrand cross-linking,[13] we have analyzed the
ability of 1 ± 4 to form this type of adduct in the linear pBR322
plasmid. Figure 1 shows the results of the interstrand cross-
linking assay for 1 ± 4. As expected, the control native pBR322


plasmid migrates as a DNA band corresponding to
double-stranded DNA and the control denatured
pBR322 plasmid migrates as a DNA of higher mobility
corresponding to single-stranded DNA (lanes 1 and 2,
respectively). It may be also observed that all pBR322
plasmid migrate as double-stranded DNA forms after
incubation with complexes 1 and 4 at 10 and 100 mM


drug concentrations (lanes 7 ± 10). These data indicate
that 1 and 4 are forming cross-links between pBR322
DNA complementary strands. In contrast, complexes 2
and 3 do not appear to form ISCs because, at 100 mM


drug concentration, all plasmid DNA migrates as a
single-stranded DNA band (lanes 3 and 4, respectively).
In addition, Figure 1 also shows that cis-DDP forms DNA
ISCs at a 100 mM drug concentration (lane 6) but not at
10 mM drug concentration (lane 5) since, at this lower
cis-DDP concentration, the band corresponding to
double-stranded DNA is not detected (lane 5). Densito-
metric analysis of the DNA bands indicated that at
100 mM drug concentration the amount of double-
stranded DNA formed with 1 and 4 is twofold higher
than with cis-DDP. These data indicate that the capacity
of 1 and 4 to form DNA ISCs is at least twofold higher
than that of cis-DDP.


Table 1. IC50 mean values obtained for the synthesized complexes 1 ± 4, the thiocarbo-
diazone ligands, and cis-DDP against A2780 and A2780cisR cell lines after 24- or 96-hour
drug-treatment periods (A and B, respectively).


(A) IC50� SD [mM][a]


Cell line
Test compound A2780 A2780�L-BSO[b] A2780cisR A2780cisR�L-BSO[b]


1 15� 2 12� 2 7.0�0.5 6.5�0.1
2 > 200 > 200 > 200 >200
3 > 200 > 200 > 200 >200
4 10� 2 8�2 2.5�0.3 2.4�0.4
cis-DDP 8� 1 7�1 125� 10 50�3
H2L1 > 200 > 200 > 200 >200
H2L2 > 200 > 200 > 200 >200


(B) IC50� SD [mM][a]


Cell line
Test compound A2780 A2780�L-BSO[b] A2780cisR A2780cisR�L-BSO[b]


1 5.0� 0.2 4.0�0.5 2.5�0.5 2.3�0.7
2 > 100 > 100 > 100 >100
3 > 100 > 100 > 100 >100
4 3.0� 0.6 2.5� 0.2 0.8�0.1 0.7�0.2
cis-DDP 4.0� 0.3 3.8� 0.5 70� 5 22�2
H2L1 > 100 > 100 > 100 >100
H2L2 > 100 > 100 > 100 >100


[a] SD� standard deviation. [b] �L-BSO indicates that the cells were preincubated for
24 hours with 50 mM of L-buthionine sulfoximine in order to deplete cellular
glutathione levels.
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Figure 1. Patterns of single- and double-stranded DNA after melting of the
linear pBR322 plasmid DNA which was incubated for 24 hours at 37 8C in 10 mM


NaClO4 with : lane 1, native double-stranded DNA (Cn); lane 2, denatured single-
stranded DNA (Cd) ; lane 3, complex 2 (C2 ; 100 mM); lane 4, complex 3 (C3 ;
100 mM); lanes 5 and 6, cis-DDP (DDP; 10 and 100 mM, respectively) ; lanes 7 and 8,
complex 1 (C1; 10 and 100 mM, respectively) ; lanes 9 and 10, complex 4 (C4 ; 10
and 100 mM, respectively) ; lane 11, H2L1 (L1; 100 mM); and lane 12, H2L2 (L2 ; 100 mM).


In vivo DNA interstrand cross-link formation


In vivo DNA interstrand cross-linking efficiency was quantified by
exposing A2780cisR cells to 1 and 4 for 24 hours and determin-
ing levels of DNA ISCs. cis-DDP was used as a positive control and
complex 3 as a negative one for ISC formation. Figure 2 shows
that 3 did not produce detectable levels of ISCs at concen-
trations up to 100 mM. In contrast, complexes 1 and 4 produced
increasing ISCs with increasing drug concentrations. At an
equimolar concentration of 100 mM, ISCs were 1.7 times higher
for 1 and twice as high for 4, relative to levels induced by cis-DDP.


Figure 2. Formation of DNA interstrand cross-links in A2780cisR cells as
measured by alkaline filter elution immediately after 24 h exposure to complexes
1, 3, 4, or cis-DDP. X�Cross-link index (see Experimental Section).


Discussion


We report herein evidence to indicate that the cytotoxic activity
of novel mono- and binuclear CdII ± thiocarbodiazone complexes
may be related with their efficiency of DNA interstrand cross-
linking in cisplatin-resistant A3780cisR cells.


The cytotoxicity data indicate that complexes 1 and 4 are
approximately 18 and 50 times more potent, respectively, than
cis-DDP in A2780cisR cells. The cytotoxicity results obtained in
the presence or absence of preexposure to L-BSO (in cells having
high intrinsic GSH levels) suggest that 1 and 4 are less
susceptible to reactivity with intracellular thiol-containing spe-
cies than cis-DDP. In fact, previous findings have revealed an


increase in cisplatin cytotoxicity by depleting cellular GSH
levels.[14] So, it is likely that complexes 1 and 4 show reduced
preferential reaction with soft nucleophiles, such as GSH, over
hard nucleophiles such as the DNA bases.


The cytotoxic activity of complexes 1 and 4 might be related
with their DNA interstrand cross-linking efficiency; 1 and 4 are
potent cytotoxic agents in A2780cisR cells, and in these tumor
cells they form higher levels of ISCs than cis-DDP. The formation
of high levels of ISCs has also been observed for other transition
metals, for instance, in the reaction of CrVI with DNA. However, in
this case reduction of CrVI to CrIII by ascorbate is prerequisite for
the formation of DNA ISCs.[15] The higher cytotoxicity and DNA
interstrand cross-linking efficiency of 4 relative to 1 might be due
to the fact that complex 4 is a binuclear metallic compound
which contains two CdII centers. In fact, it has been previously
reported that, in general, bisplatinum complexes form more
DNA ISCs than their mononuclear counterparts.[16] On the other
hand, the DNA sequence specificity of ISC formation by CdII


metallic centers might be different from that of PtII centers ;
sequence-specific Pt ± DNA ISC repair is probably involved in the
resistance of A2780cisR cells and other cisplatin-resistant cells to
a great variety of platinum complexes.[17, 18]


We think that the higher biological activity of CdII complexes
relative to the ZnII complexes may be a consequence of the
chemical differences between CdII and ZnII. CdII, as PtII, is a soft
metal ion and binds avidly to soft bases such as the donor
nitrogens of the DNA bases.[19] However, ZnII is a harder acid and
tends to bond to harder bases, such as the donor nitrogen atoms
of imidazole groups. Alternatively, because CdII is a soft metal ion
it could bind more strongly to the N atom of the pyridine in H2L1


ligand than the ZnII ion could. So, the CdII ± thiocarbodiazone
complexes would have high stability during the DNA binding
and in vitro screening conditions. In fact, many inorganic and
complex zinc compounds have been screened as cytotoxic
agents[20] but no promising results were obtained for most of
them, except for some ZnII ± thiosemicarbazone complexes.[9] In
contrast, tumor-cell growth inhibition has been established for
several CdII complexes.[21]


The cytotoxic properties of the CdII ± thiocarbodiazone com-
plexes reported here suggest that these agents might have
interesting antitumor properties, particularly in view of the fact
that they are capable of circumventing cis-DDP resistance in
A2780cisR cells. We think that complexes 1 and 4 might
represent a starting point for the development of metal ± thio-
carbodiazone complexes which can overcome cisplatin resist-
ance.


Experimental Section


Measurements: Elemental analyses were carried out on Perkin-
Elmer model 2400 automatic maschine. Infrared spectra (4000 ±
400 cmÿ1; for KBr disks) were recorded on a Bomen-Michelson
spectrophotometer. Electronic spectra (N,N-dimethylformamide sol-
ution) were recorded on a Unicam UV2 1000 E spectrometer. Mass
spectra (EI, FAB, and MALDI-TOF) were carried out and registered by
the Servicio Interdepartamental de Apoyo a la InvestigacioÂ n (SIDI) of
the Universidad AutoÂ noma de Madrid (UAM).
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Reagents and drugs: Thiocarbohydrazide, pyridine-2-carboxalde-
hyde, methyl 3-pyridyl ketone, ZnCl2 , and CdCl2 ´ 2.5 H2O were
commercially available and used without further purification. 100-
mm culture and microwell plates were obtained from NUNCLON
(Roskilde, Denmark); MTT (3-[4,5-dimethylthiazol-2-yl]-2,5-diphenyl-
tetrazolium bromide) was purchased from Sigma; FCS (fetal calf
serum) was supplied by GIBCO-BRL; cis-DDP (cis-diamminedichloro-
platinum(II)) was purchased from Sigma. ZnII and CdII metal
complexes, thiocarbodiazone ligands, and cis-DDP were dissolved
in 10 mM NaClO4 . Stock solutions of the compounds at a concen-
tration of 1 mg mLÿ1 were freshly prepared before use.


Cell lines and culture conditions: The pair of human ovarian tumor
cell lines (A2780/A2780cisR) were cultured in DMEM (Dulbecco's
modified eagles medium) supplemented with 10 % FCS, together
with 2 mM glutamine, 100 units mLÿ1 of penicillin, and 100 mg mLÿ1


of streptomycin at 37 8C in an atmosphere of 95 % air and 5 % CO2 .


Preparation of compounds: Bis(2-pyridyl aldehyde) thiocarbodia-
zone (H2L1) was prepared using the published procedure.[22] Bis-
(methyl 3-pyridyl ketone) thiocarbodiazone (H2L2) was prepared
using the following procedure: Methyl 3-pyridyl ketone (5 mmol)
was added to thiocarbohydrazide (2 mmol) dissolved in hot ethanol
(200 mL) with a few drops of glacial acetic acid. The solution was
refluxed for 5 h and, on cooling, a pale yellow solid precipitated. The
solid formed was filtered and washed with cold ethanol and dried
under vacuum. Complexes [Cd(H2L2)Cl2] ´ 5 H2O (1), [Zn(H2L2)Cl2] (2),
[Zn2L1Cl2] (3), and [Cd2L1Cl2] (4) were synthesized following a general
procedure: An ethanolic solution of metal chloride (Zn or Cd;
2 mmol) was added dropwise with stirring to an ethanolic solution of
the appropriate ligand (1 mmol) at 508C. After continuous stirring for
1 h, a solid was isolated, washed with ethanol and diethyl ether, and
dried under vacuum.


Chemical analyses


H2L2 : Elemental analysis calcd for C15H16N6S: C 57.60, H 5.15, N 26.90;
found: C 57.30, H 4.85, N 27.04 %; MS (EI): m/z : 312 [M�] ; selected IR
results: nÄ� 3170 (s), 3148 (s; both NH), 1621 (m; C�N), 1590 (m; CN
and CC), 818 cmÿ1 (w; CS (thioamide IV band)) ; electronic spec-
trum:[23] lmax�327 nm.


[Cd(H2L2)Cl2] ´ 5 H2O (1): Elemental analysis calcd for
C15H26CdCl2N6O5S: C 30.75, H 4.40, N 14.35; found: C 30.00, H 3.70,
N 14.00 %; MS (MALDI-TOF with ditranol matrix): m/z : 520.8
[112Cd(H2L2)35Cl2�Na�] , 462.9 [112Cd(H2L2)35Cl�] , and 313 [(H2L2)�H�] ;
selected IR results: nÄ� 3454 (br; OH), 3302 (s; NH), 1625 (m; C�N),
1609 (m; CN and CC), 795 cmÿ1 (w; CS (thioamide IV band)) ;
electronic spectrum: lmax� 357 and 377 nm.


[Zn(H2L2)Cl2] (2): Elemental analysis calcd for C15H16Cl2N6SZn: C
40.15, H 3.55, N 18.75; found: C 39.70, H 3.45, N 19.00 %; MS (FAB with
m-nitrobenzyl alcohol matrix): m/z : 449.5 [65Zn(H2L2)35Cl2


�] , 415.0
[65Zn(H2L2)35Cl�] , and 313.1 [(H2L2)�H�] ; selected IR results: nÄ� 3257
(s), 3171 (s; both NH), 1630 (m; C�N), 1612 (m; CN and CC), 810 cmÿ1


(w; CS (thioamide IV band)) ; electronic spectrum: lmax� 322 and
364 nm.


[Zn2L1Cl2] (3): Elemental analysis calcd for C13H10Cl2N6SZn2 : C 32.25, H
2.05, N 17.35; found: C 32.70, H 2.65, N 17.35 %; MS (FAB with m-
nitrobenzyl alcohol matrix): m/z : 484.9 [65Zn2(L1)35Cl2


�] , 447.2
[65Zn2(L1)35Cl�] , 347.1 [ZnL1�] ; selected IR results: nÄ� 1617 (m; C�N),
1594 (m; CN and CC), 745 cmÿ1 (w; CS (thioamide IV band); electronic
spectrum: lmax� 366 and 402 nm.


[Cd2L1Cl2] (4): Elemental analysis calcd for C13H10Cl2N6SCd2: C 27.00, H
1.75, N 14.55; found: C 27.55, H 2.00, N 14.16 %; MS (MALDI-TOF with
ditranol matrix): m/z : 578.8 [112Cd2(L1)35Cl2


�] , 467.9 [112Cd(L1)35Cl2
�] ,


433.8 [112Cd(L1)35Cl�] , and 396.8 [112Cd(L1) �] ; selected IR results: 1623


(m; C�N), 1593 (m; CN and CC), 743 cmÿ1 (w; CS (thioamide IV band);
electronic spectrum: lmax� 322 and 361 nm.


Drugs cytotoxicity: Cell proliferation was evaluated with a system
based on the tetrazolium compound MTT which is reduced by living
cells to yield a soluble formazan product that can be assayed
colorimetrically.[24] A2780 and A2780cisR cells[25] were plated in 96-
well sterile plates at a density of 104 cells per well with 100 mL of
medium and were then incubated for 3 ± 4 h. Stock solutions of the
test compounds dissolved in DMEM at final concentrations of 0 ±
200 mM were added to the wells in a volume of 100 mL per well. After
24 or 96 h of incubation, freshly diluted MTT solution (50 mL; 1/5 in
culture medium) was added to each well in a final concentration of
1 mg mLÿ1 and the plate was then further incubated for 5 h. Cell
survival was evaluated by measuring the absorbance at 520 nm with
a Whittaker microplate reader 2001. IC50 values were calculated from
curves constructed by plotting cell survival [%] versus compound
concentration [mM]. All experiments were performed in quadrupli-
cate.


Depletion of GSH levels in A2780cisR cells: A2780cisR cells were
preexposed to L-BSO (50 mM) for 24 h. This resulted in a reduction of
approximately 80 % in the GSH levels.[26] The growth inhibitory effect
of cisplatin, complexes 1 ± 4, and the individual ligands was then
determined using the MTT method (with either 24 or 96 h exposure).
Following exposure, the test compounds were removed by aspira-
tion, cells were washed with cold phosphate-buffered saline (PBS),
and wells were refilled with growth medium.


Intracellular GSH content: Intracellular GSH levels were determined
in A2780 and A2780cisR cells grown as specified for the cytotoxicity
tests. Approximately 106 cells were seeded into P100 plates, and,
after overnight incubation, the cells were washed twice with ice-cold
PBS. Cellular GSH was then extracted using ice-cold sulfosalicilic acid
(0.6 %; 2 mL) followed by a 10 min incubation at 4 8C. The total GSH
level in the extract was then determined according to the method of
Griffiths.[27] Protein quantification was carried out after solubilization
in 1 M sodium hydroxide (2 mL) using the Lowry assay.[28] The GSH
levels were expressed as nmol per mg of protein.


In vivo quantitation of DNA interstrand cross-links: DNA ISCs were
determined by alkaline filter elution using the A2780 cell line as
described previously.[29] The DNA of the cells was labeled by seeding
106 cells in P100 tissue culture plates and growing for 24 hours in the
presence of 0.03 mCi mLÿ1 [14C]thymidine (specific activity�
51 mCi mmolÿ1; Amersham International). A plate of cells to be used
as an internal standard in the assay was labeled overnight with
0.17 mCi of [methyl-3H]thymidine (specific activity� 5 mCi mmolÿ1) as
well as 10ÿ5 M unlabeled thymidine. The 14C-labeled A2780cisR cells
were treated with cisplatin or complexes 1 ± 4 for 24 hours at
concentrations of 10 ± 200 mM. In addition, an untreated control plate
was included in all experiments. Immediately after drug-treatment,
the drug was washed off using ice-cold PBS. The 14C-labeled test cells
and 3H-labeled internal standard cells were then irradiated with 5
and 1 Gy, respectively, of 60Co g rays from a 2000-Ci source (dose
rate�2 Gy minÿ1) while on ice. Approximately 106 cells of a 1:1 mix of
test and internal standard cells were then added to duplicate 2 mm
pore size 25-mm polycarbonate filters (Millipore) in 5 mL of ice-cold
PBS. Cells were then lysed by two additions of 10 mL lysis buffer (2 %
sodium dodecyl sulfate in 0.1 M glycine and 0.02 M ethylenediamine-
tetraacetate (EDTA), pH 10). In the first 10 mL, proteinase K
(0.5 mg mLÿ1; Sigma) was added immediately prior to use. DNA
was then eluted at pH 12 using 10 mL of 0.1 M tetrapropylammonium
hydroxide, containing 0.1 % sodium dodecyl sulfate and 0.02 M EDTA.
The elution rate was 0.010 mL minÿ1 (using a Pharmacia Biotech
peristaltic pump), and fractions were collected at 90-min intervals
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over 24 hours. The 14C- and 3H-DNA radioactivity was then deter-
mined in each fraction and from the filters by liquid scintillation
counting (Wallac 1209 Rackbeta). Results are expressed as the
fraction of 14C retained versus the fraction of 3H (internal standard).
DNA interstrand cross-links (units of Daltons� 109) were calculated
using the expression:[30]


Interstrand cross-links� [(1ÿ r0)1/2� (1ÿ r)ÿ1/2ÿ 1]�Pb


In this equation, r and r0 are the fractions of 14C-labeled DNA for
treated cells versus control cells remaining on the filter, when 60 % of
3H-labeled DNA is retained on the filter. Pb is the radiaton-induced
break probability (in Daltons). Control experiments were carried out
to test for the presence of cisplatin-induced single-strand breaks.


In vitro DNA cross-linking efficiency: DNA interstrand cross-link
formation was evaluated as previously described.[16] In order to
linearize the pBR322 plasmid, the DNA was digested in 150 mM NaCl
with 10 units of Bam HI (unique restriction site in pBR322) per mg of
DNA at 37 8C for 4 h. The linear double-stranded plasmid DNA was
labeled at the 3' end by incubation with 2.5 mCi of [a-32P]dCTP per
mg of DNA and 1.25 units of the Klenow fragment of E. coli DNA-
polymerase I per mg of DNA for 30 min at room temperature. The
reaction was stopped by heating at 70 8C for 5 min. The unincorpo-
rated radioactivity was removed by passing the reaction mixture
through a Sephadex G-50 chromatography column. The labeled DNA
was added to the eluted solution of labeled pBR322 DNA until a final
concentration of 180 mg mLÿ1 was reached. Afterwards, the DNA
(90 ng mLÿ1) in 10 mM NaClO4 was incubated with the drugs in
concentrations of 100 mM or 200 mM for several different periods of
time. Aliquots of 10 mL were removed and the reactions were ended
by addition of an equal volume of the loading dye (90 % formamide,
10 mM EDTA, 0.1 % xylene cyanol, and 0.1 % bromophenol blue). The
DNA was melted for 10 min at 90 8C and chilled on ice. Electro-
phoresis on 1.5 % agarose gel was carried out under denaturing
conditions at 20 V for 16 h. The gels were dried and autoradio-
graphed. Band quantification was made using a Molecular Dynamics,
Model 300a densitometer.


Statistical analysis: Where appropriate, the statistical significance
was tested using a two-tailed Student's test.
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Fluorescence Resonance Energy Transfer as a
Probe for G-Quartet Formation by a Telomeric
Repeat
Jean-Louis Mergny*[a] and Jean-Claude Maurizot[b]


The secondary structure of guanine-rich oligodeoxynucleotides has
been investigated with fluorescent probes. Intramolecular folding
of a telomeric oligonucleotide into a quadruplex led to fluorescence
resonance energy transfer (FRET) between a donor (fluorescein)
and an acceptor (tetramethylrhodamine) covalently attached to
the 5' and 3' ends of the DNA, respectively. Depending on
oligonucleotide length, quenching efficiency varied between 0.45
and 0.72 at 20 8C. The conjugation of the dyes to the oligonucleo-
tide had a limited, but significant, influence on the thermody-
namics of G-quartet formation. Intramolecular folding was
demonstrated from the concentration independence of fluores-


cence resonance energy transfer over a wide concentration range.
Folding of the oligonucleotide was confirmed by UV absorption, UV
melting, and circular dichroism experiments. The folding of the
G-quartet could be followed at concentrations as low as 100 pM.
Fluorescence resonance energy transfer can thus be used to reveal
the formation of multistranded DNA structures.


KEYWORDS:


DNA structures ´ dyes ´ fluorescence spectroscopy ´
G-quartet ´ oligonucleotides


Introduction


Fluorescence resonance energy transfer (FRET) is a dipole ± di-
pole resonance interaction between two ªcloseº molecules,
where one molecule, called the ªdonorº, transfers its excitation
energy to the other molecule, called the ªacceptorº. FRET has
given valuable information on the structure of various nucleic
acids,[1±7] because of its distance and orientation dependence.[8]


Concerning multistranded structures, FRET has been succesfully
applied to triple helices,[9±12] C-rich quadruplexes[13] (the so-called
i motif), and a G-rich repeat of the protooncogene c-myc.[14] The
present study was undertaken to determine the potential use of
derivatized oligonucleotides as probes for a telomeric G-rich
quadruplex nucleic acid structure by the technique of fluores-
cence energy transfer.


It is well known that guanine-rich oligodeoxynucleotides or
polynucleotides may adopt a non-B-helical structure called the
G-quartet.[15±17] In previous studies, we have determined the
stability of the folded form(s) of different single-stranded
oligodeoxynucleotides by using UV absorbance melting experi-
ments.[18] We wanted to investigate whether fluorescence
spectroscopy could provide useful information on the folding
of a guanine-rich oligodeoxynucleotide. In the present study, we
report that FRET can be used to probe the secondary structure of
a guanosine-rich DNA fragment, provided a fluorescein molecule
(donor) and a rhodamine derivative (acceptor) are attached to
the 5' and 3' ends of the oligonucleotide, respectively. We chose
to analyze short oligodeoxynucleotides mimicking repeats of the
guanine-rich strand of vertebrate telomeres with four repeats of
three guanines (Figure 1). A 22-base-long, closely related
oligodeoxynucleotide was previously shown to form a G-quartet,


as demonstrated by 2D NMR spectroscopy.[19] It is interesting to
note that the terminal 3' extremities of human chromosomes are
prone to exhibiting unusual conformations.[20, 21]


Results


Fluorescence properties of the conjugated dyes


The spectroscopic properties of fluorescein (F) and tetrame-
thylrhodamine (tamra, T) were affected by covalent linkage to
the oligonucleotide. Maximum absorption and excitation wave-
length for the 21-mer fluorescein conjugate was 496 nm, with an
emission maximum at 519 nm, and a quantum yield (0.4,
determined with fluorescent standards) that was lower than
that of free fluorescein. The oligonucleotide linked to tamra had
maximum excitation (561 nm) and emission (579 nm) wave-
lengths very similar to those of the protein-conjugated dye (555
and 580 nm, as given by the manufacturer). It should be noted
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Figure 1. Top: Schematic representation of a G-quartet (left) and two possible
conformations of an intramolecular tetraplex (right). Bottom: List of the
oligonucleotides used in the present study. Abbreviations used for the fluorescent
oligonucleotides are indicated with the following convention: The dye is written
first if it is linked to the 5' end of the oligonucleotide ; when linked to the 3' end, it
is written last. fluo� fluorescein ; tamra� tetramethylrhodamine.


that the molar extinction coefficient of fluorescein at lmax in the
visible range was decreased by 20 % as compared to that of free
fluorescein (e�4.1� 104 Mÿ1 cmÿ1) upon covalent linkage. Such a
decrease has already been described for fluorescein conjugated
to an oligonucleotide.[5] The properties of the fluorescein-
conjugated oligonucleotides were also strongly dependent on
pH[22] and a strong quenching was observed below pH 7 (data
not shown). The spectral properties of both dyes conjugated to
guanine-rich oligonucleotides were similar, but not identical, to
the properties of the same molecules attached to cytosine-rich
oligomers.[13]


UV melting studies with the 21- and 23-mers


We first confirmed that covalent attachment of the dyes did not
prevent G-quartet formation of the 21-mer used in this study. A


ªparentº oligonucleotide (22-mer, 5'-d-AGGGTTAGGGTTAGGGT-
TAGGG) was previously shown to fold into a G-quartet structure
by NMR spectroscopy, and UV melting experiments provided a
good test to measure the stability of the structure. Therefore, Tm


measurements were performed for the oligomers 21, F21, 21T,
and F21T at pH 7.0 (see Table 1). As shown in Figure 2 A, 260 nm


is a poor wavelength to follow G-quartet formation, as reported
previously.[18] It was possible to provide evidence for G-quartet
dissociation by recording the absorbance at 295 nm (Figure 2 B).
In agreement with a previous study,[18] G-quartet formation
induces an increase in absorbance at this wavelength. The
induced hyperchromisms for 21, F21, 21T, and F21T were similar,
but the melting temperatures were different. The Tm values of 21
and 21T were close to each other (58.5 and 57.5 8C, respectively),
whereas those of F21 and F21T were shifted towards lower
temperatures (50.5 and 47.0 8C, respectively), showing that the
presence of a fluorescein group at the 5' end had a destabilizing
effect on G-quartet formation. From the shape of the melting
curves one could determine a DH8 value ofÿ201 kJ molÿ1 for 21,
as compared to ÿ167 and ÿ192 kJ molÿ1 for F21 and 21T,
respectively. The DH8 value of the doubly substituted 21-mer
(F21T) was even less favorable (ÿ150 kJ molÿ1, Table 1). It was
also possible to determine the DG8 value of quadruplex
formation at 37 8C for all oligomers: These values, which were
negative in all cases, wereÿ12.5,ÿ6.7,ÿ11.3, andÿ3.8 kJ molÿ1


for 21, F21, 21T, and F21T, respectively. Covalent addition of a
rhodamine had hardly any effect (a difference of 1.3 kJ molÿ1 was
not significant) whereas the fluorescein dye destabilized the
quartet structure by 5.9 kJ molÿ1. This destabilization could be
the result of the presence of a negative charge on the
conjugated fluorescein dye: We have observed that the sole
presence of a negatively charged terminal phosphate group at
the 5' end of a quadruplex also had a destabilizing effect.
Nevertheless, G-quartet formation was favored at 37 8C for all
oligonucleotides.


Figures 2 C and D show the absorbance vs. temperature
profiles at two other wavelengths in the visible region, close to


Table 1. Thermodynamic parameters for the melting of the G-quadruplex
structures.


Oligonucleotide Modification[a] Tm [8C][b] DH8 [kJ molÿ1][b] Tm [8C][c]


21 none 58.5 ÿ 201 ±[d]


F21 5'-fluo 50.5 ÿ 167 ±[d]


21T 3'-tamra 57.5 ÿ 192 ±[d]


F21T 5'-fluo, 3'-tamra 47.0 ÿ 150 54.0 (0.72)
F23T 5'-fluo, 3'-tamra 45.0 ÿ 159 49.0 (0.6)
26 none 45.0 ÿ 163 ±[d]


F26T 5'-fluo, 3'-tamra 39.0 ÿ 146 43.0 (0.45)


[a] 5'-fluo: A fluorescein moiety is covalently attached to the 5' end of the
oligonucleotide; 3'-tamra: a tetramethylrhodamine moiety is covalently
attached to the 3' end of the oligonucleotide. [b] Tm and DH8 values were
determined from UV melting experiments in a 10 mM sodium cacodylate
buffer (pH 7.5) containing 0.1 M NaCl. [c] The Tm of doubly substituted
fluorescent oligonucleotides was estimated from the analysis of the
fluorescence emission at 515 nm as a function of temperature. The
quenching of fluorescence emission at 515 nm (value at 20 8C compared
to that at 80 8C) is indicated in parentheses. [d] Not applicable.
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the absorbance maxima for fluorescein (492 nm, Figure 2 C) and
tamra (565 nm, Figure 2 D). The unsubstituted 21-mer 21 does
not absorb light in the visible region (crosses). The oligonucleo-
tide 21T shows a monotonous variation of absorbance at these
two wavelengths (open circles). The absorbance of F21 at
492 nm (Figure 2 C, triangles) is somewhat affected by G-quartet
formation. These absorbance measurements showed that, upon
G-quartet formation, a significant hypochromism (15 ± 20 %) was
observed for the fluorescein dye (in both F21 and F21T) but not
for the rhodamine dye.


CD spectroscopy


Circular dichroism (CD) spectroscopy can be used to distinguish
between parallel and antiparallel G-quartet structures. The CD
spectrum of the unsubstituted oligomer 21 (Figure 3, crosses)
exhibited a positive band at 298 nm and a strong negative band
at 266 nm, characteristic of an antiparallel G-quartet struc-
ture.[23±26] The intensity of the 298-nm band decreased when
heating the sample over 50 8C (data not shown).


The presence of a single fluorescent group such as fluorescein
at the 5' end of F21 and tamra at the 3' end of 21T had little
effect on the spectrum of the oligomer in the UV region
(Figure 3 A, circles and triangles), showing that the presence of


one dye did not significantly alter the overall structure of the
quadruplex. This is in contrast to the spectrum of the doubly
labelled oligomer F21T, which is characterized by the appear-
ance of a strong positive band around 262 nm (solid line). The
alteration of the CD spectrum indicated that either the quad-
ruplex was disrupted and a new structure was formed, or that
the dyes, which also absorb light in this region, interact with
each other and/or with the quadruplex structure. The fact that
the spectrum of F21T also exhibited a circular dichroism in both
the fluorescein and the tamra region supports the latter
hypothesis (Figure 3 B). Altogether, these observations demon-
strate that the simultaneous presence of both fluorophores
allows new interactions to take place. If the CD changes
observed both in the UV and visible regions were solely the
result of the interactions between the dyes and the quadruplex,
one would expect that the spectral modifications of F21T vs. 21
would be the sum of the modifications of 21T and F21. This
suggests that a significant contribution to the CD changes
results from direct interaction between the two dyes, or that the
G-quadruplex structure is strongly perturbed by the double
labeling.


This phenomenon was much less pronounced in the case of
F23T (Figures 3 A and B, dashed lines), which was closer, but not
completely identical, to the spectrum of a classical antiparallel


Figure 2. UV denaturation profiles of 21 (red crosses), F21 (black triangles), 21T (black circles), F21T (blue squares), and F23T (green diamonds) in a 10 mM cacodylate
buffer (pH 7.0) containing 0.1 M NaCl (4 mM strand concentration). A, B, C, D: Absorbance recorded at 265, 295, 492, and 565 nm, respectively.
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Figure 3. CD spectra of 21 (crosses), F21 (triangles), 21T (circles), F21T (solid
line), and F23T (dashed line) in a 10 mM cacodylate buffer (pH 7.0) containing
0.1 M NaCl (4 mM strand concentration) at 20 8C. A : Spectrum recorded between
220 and 420 nm (De is expressed per nucleotide). B: Spectrum recorded between
420 and 620 nm (De is expressed per strand).


G-quartet. Therefore, the presence of two extra bases at the
5' end of the oligonucleotide largely prevented the occurence of
the phenomenon observed with F21T.


FRET measurements with the 21-mers


In the unfolded form, little transfer is expected, as the average
distance of the two chromophores should be larger than the
critical Förster distance (calculated to be around 5.0 nm).
Intramolecular folding should bring the two chromophores in
close enough proximity for energy transfer to be observed.
Therefore, FRET should be a convenient method to monitor the
3'-to-5'-end distance.


We performed fluorescence measurements as a function of
temperature for the F21 and F21T oligomers. As shown in
Figure 4 A, when excitation was set at 492 nm, a decrease in
fluorescence emission at 515 nm was observed at low temper-
ature for F21. The shape of this fluorescence vs temperature
profile was very similar to the absorbance at 488 nm vs
temperature profile (Figure 2 C, triangles). G-quartet formation
induces a 25 % quenching of fluorescence. Upon excitation at


Figure 4. Fluorescence vs. temperature measurements for different oligonu-
cleotides in a 10 mM cacodylate buffer (pH 7.0) containing 0.1 M NaCl (0.2 mM


strand concentration). Excitation was set at 480 nm, and emission was recorded
at two different wavelengths, 515 and 588 nm. The temperature of the water bath
was increased or decreased at a rate of 0.25 8C minÿ1. A: F21 (515 nm: open
triangles; 588 nm: filled triangles). B: 21T (515 nm: open circles; 588 nm: filled
circles). C: F21T (515 nm: open squares ; 588 nm: filled squares).


470 nm, no emission at 515 nm was recorded for 21T (Figure 4 B,
circles), whereas a reduced, slightly temperature-dependent
emission at 588 nm was observed. This signal is the result of a
direct excitation of the rhodamine dye. Although 470 nm was
chosen as the excitation wavelength to minimize the excitation
of the rhodamine, this phenomenon could not be totally
avoided.


The temperature dependence of the F21T oligomer emission
at 515 nm was even more pronounced, and a 72 % quenching of
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fluorescence was observed. This quenching was in part the result
of a decrease in fluorescein absorbance (15 ± 20 %, Figure 2 C):
However, the decrease in fluorescein emission could not be
solely explained by this hypochromism. Therefore, both fluo-
rescein absorbance and fluorescence properties are altered in
the presence of tamra. The emission profile at 588 nm followed
an opposite trend as an increase in emission was observed at low
temperature (Figure 4 C, open squares). This result is in agree-
ment with FRET from fluorescein to the rhodamine, although the
CD spectra indicated that other phenomena, such as a direct
interaction of the two dyes, play a role in the spectroscopic
properties of these oligonucleotides. A parallel experiment,
performed with a cytosine-rich oligomer led to a completely
different result :[13] In that case a spacer of five bases was required
to observe FRET.


Identical measurements were performed with a control
oligonucleotide, FconT (see Figure 1), in which fluorescein and
tamra are attached at the 5' and 3' ends, respectively. Monot-
onous variations of fluorescein and tamra emission were
observed in the temperature range 0 ± 80 8C, and no quenching
of the emission of fluorescein was demonstrated, in agreement
with an unfolded structure at all temperatures (data not shown).


Excitation energy transfer studies for the 23-mers


In the case of the 21-mers, fluorescein and tamra were directly
attached to the 5' and 3' ends of the G-quartet structure. Folding
of the oligonucleotide should lead to the juxtaposition of the
two dyes, as suggested by CD spectroscopy. For this reason, we
designed longer oligonucleotides having two extra bases at the
5' end (F23T) to increase the distance between the two
chromophores and prevent direct physical interaction.


Absorbance measurements at four different wavelengths (265,
295, 492, and 565 nm; only data for F23T are shown in Figure 2,
diamonds) gave results similar to the melting curves presented
in Figure 2 for the 21-mers : F23T has a slightly lower Tm value
than F21T (Tm� 45 and 46.5 8C, respectively, deduced from the
melting profiles at 295 nm shown in Figure 2 C). Contrary to
F21T, the absorbance at 492 nm and 565 nm of F23T was less
affected by the formation of the G-quartet (Figures 2 C, D,
diamonds).


Fluorescence vs. temperature measurements were performed
by simultaneously recording emission at 515 and 588 nm for
F23T (Figure 5 A). A 60 % quenching of donor and an enhanced
acceptor emission were observed at low temperature, and the Tm


deduced from the fluorescence melting curves (49 8C) was in
reasonable agreement with the Tm determined from the UV-
absorbance melting curves (45 8C; Figure 2 B, diamonds). The
difference between these two values could be attributed to the
differences in temperature measurement protocols. For techni-
cal reasons, the temperature indicated in UV-absorbance experi-
ments, which is directly measured in the sample, is more
accurate than the temperature of the fluorescence experiments
(temperature of the cell holder). Therefore, fluorescence and
absorbance melting curves reflect the same phenomenon; that
is, the thermal denaturation of the G-quadruplex structure. The
quenching of fluorescein emission was less pronounced in the


Figure 5. A : Fluorescence vs. temperature measurements for F23T (515 nm:
open diamonds; 588 nm: filled diamonds). B: Fluorescence vs. temperature
measurements for F26T (515 nm: open diamonds ; 588 nm: filled diamonds). All
measurements were performed in a 10 mM cacodylate buffer (pH 7.0) containing
0.1 M NaCl (0.2 mM strand concentration). Excitation was set at 480 nm, and
emission was recorded at two different wavelenghts, 515 and 588 nm. The
temperature of the water bath was increased or decreased at a rate of
0.25 8C minÿ1.


case of the oligomer F23T (60 %) than in the case of the
oligonucleotide F21T (72 %).


Excitation energy transfer studies for the 26-mers


We then designed a longer oligonucleotide, with five extra bases
at the 5' end, to further increase the distance between the two
chromophores and prevent direct physical interaction. Absorb-
ance measurements at four different wavelengths (265, 295, 492,
and 565 nm) were performed for the oligonucleotides 26, F26,
26T, and F26T (data not shown). The unsubstituted 26-mer had a
lower stability than the parent 21-mer (Tm�45 and 58.5 8C,
respectively; see Table 1).[18] In other words, the addition of five
extra bases at the 5' end of the sequence had a deleterious
impact on the stability of the G-quartet. However, the CD spectra
of the unsubstituted 26-mer were similar to the spectra of the
parent 21-mer. The addition of a fluorescein moiety at the 5' end
of the oligomer had a further destabilizing effect, in contrast to
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rhodamine addition at the 3' end, which did not seem to
significantly affect the stability of the quadruplex. The CD
spectrum of F26T was very similar to the spectrum of F23T (data
not shown).


Fluorescence vs. temperature measurements were performed
by simultaneously recording emission at 515 and 588 nm for the
F26T oligomer (Figure 5 B). As previously observed for F21T and
F23T, the dissociation of the quadruplex was correlated with an
increased emission at 515 nm and an opposite variation at
588 nm. A 45 % quenching of donor and an enhanced acceptor
emission were observed at low temperature. As for UV
absorbance melting curves, these transitions were obtained at
lower temperatures than for F21T (Figure 4 C) and F23T (Fig-
ure 5 A).


To demonstrate that FRET occurred effectively between the
donor and the acceptor, we recorded the emission (Figure 6 A)
and excitation spectra (Figure 6 B) of F26 (triangles), 26T (circles),
and F26T (squares). The analysis of the emission spectra, after
excitation at 480 nm, shows that the emission of F26T at 515 nm
is strongly quenched, as compared to that of F26. In other


Figure 6. Fluorescence spectra of F26 (triangles), 26T (circles), and F26T
(squares) at 0.2 mM strand concentration in a 10 mM cacodylate buffer (pH 7.0) at
20 8C. The samples were equilibrated at 20 8C overnight before the measurements.
A : Fluorescence emission spectra (excitation set at 480 nm). B: Fluorescence
excitation spectra (emission set at 588 nm). The dotted line represents the
contribution of tamra to the excitation spectrum of F26T.


words, the addition of a tamra group at the 3' end of the 26-mer
strongly quenches the emission of the fluorescein moiety. At
longer wavelengths (around 588 nm), a relatively strong emis-
sion is observed for F26T. This peak may be explained only in
part by a direct excitation at 480 nm of the tamra dye (see the
emission of 26T for comparison). The analysis of the excitation
spectra (emission recorded at 588 nm) confirms that this
enhanced emission is the result of the excitation of the
fluorescein dye (compare the excitation spectra of F26T
(squares) and 26T (circles) in Figure 6 B). Therefore, the emission
peak at 588 nm is largely the result of FRET from fluorescein to
tamra when excitation is in the fluorescence absorption band.


Effect of monovalent ions


It is known that the presence of various monovalent ions plays a
role not only in the stability of the G-quadruplex structure, but
also in the nature of the folded form (i.e. , parallel or antipar-
allel).[27±32] We therefore wanted to test the influence of
potassium to sodium replacement in our system. Absorption
melting studies confirmed that the Tm of F21T is increased in the
presence of potassium (data not shown). The Tm of the
quadruplex was estimated to be over 70 8C for F21T, and the
quenching of fluorescein emission was more or less identical in
the presence of potassium or sodium ions at low temperature.
The profiles obtained from fluorescence measurements at
588 nm were somewhat different: Little or no sensitized
emission at 588 nm was associated with G-quartet formation in
the presence of potassium ions. This could be the result of a
difference of folding topology between the Na� and K�


quadruplexes (see Figure 1, upper part, for an example of two
conformers) which might bring the two chromophores in
different relative orientations and distances. On the other hand,
the replacement of sodium by lithium had the opposite effect :
The Tm (determined by UV absorbance or fluorescence) of the
oligonucleotide was dramatically lowered (see below).


Application of the test for G-quadruplex formation to ligands


Having designed a test for G-quadruplex formation, we wanted
first to apply this method to the characterization of G-quad-
ruplex ligands. These molecules are of great interest as they
could lock a telomeric G-overhang into a folded conformation
which cannot be extended by telomerase.[33±35] We have tested
two known G-quartet ligands, 3,3'-diethyloxadicarbocyanine
(DODC)[36] and a 2,6-diamido-functionalized anthraquinone
(abbreviated as 2,6-AQ).[33] For comparison purposes, we chose
the oligonucleotide F21T, the shortest intramolecular fluores-
cent G-quartet-forming oligonucleotide tested in the previous
experiments. Similar results were obtained with F23T (data not
shown), showing that other interactions than FRET between
fluorescein and tamra were not a major threat to the method.
We also chose a buffer somewhat unfavorable to quadruplex
formation, containing 10 mM sodium cacodylate and 100 mM


lithium cacodylate. If ligands are able to stabilize G-quartet DNA,
they should increase its melting temperature: Starting from a
relatively unstable quadruplex should magnify stabilization







J.-L. Mergny and J.-C. Maurizot


130 CHEMBIOCHEM 2001, 2, 124 ± 132


effects and allow to avoid measurements at extremely high
temperatures. We also selected a F21T oligonucleotide strand
concentration of 0.2 mM and a 1 mM ligand concentration. Under
these conditions, the dye is in molar excess compared to the
oligonucleotide (0.2 mM), and to observe a significant stabilizing
effect, dissociation constants in the micromolar range are
required. The Tm of F21T was 42.3 8C in this lithium buffer, and
DODC and 2,6-AQ gave stabilizations of 4.0 and 4.3 8C, respec-
tively (Figure 7). In contrast, ethidium bromide gave little or no


Figure 7. Fluorescence vs. temperature measurements of F21T (0.2 mM strand
concentration) in the absence (crosses) or the presence of G-quadruplex ligands
(circles : 1 mM DODC, diamonds: 1 mM 2,6-AQ). Excitation was set at 480 nm and
emission was recorded at 588 nm. The temperature of the water bath was
increased at a rate of 0.25 8C minÿ1. All these measurements were performed in a
10 mM cacodylate buffer (pH 7.4) containing 0.1 M LiCl.


stabilization (DTm< 1 8C, dara not shown) under identical con-
ditions: Although ethidium bromide has been reported to bind
to G-quadruplexes,[37, 38] its affinity and specificity for this
structure is low.[35] It should be noted that the same test may
be performed in the presence of a large excess of a double-
stranded nonfluorescent DNA competitor, allowing to identify
ligands that show preference for quadruplex over triplex or
duplex structures. Specifically, the stabilization provided by
DODC was lost when 1 mM of a triplex structure was added to the
mixture, in good agreement with a strong affinity of DODC for
triplex rather than quadruplex structures[39] (data not shown).


Discussion


Choice of the linker and influence of the reporter groups


Donor ± acceptor interactions other than dipole ± dipole inter-
actions should usually be avoided when FRET is to be used for
the determination of distances. These interactions usually occur
when the two molecules are brought in very close proximity (a
few �). Folding of the 21-mer, in which the fluorescein and tamra
dyes are directly linked to the 5'- and 3'-terminal bases, led to a
partial quenching of the donor fluorescence, which was
correlated with a decrease in its absorption coefficient rather
than in its quantum yield. It was possible to prevent such a close


contact, for example by adding two or five extra bases between
the two dyes. In the presence of sodium chloride, two bases
were sufficient and a spacer of five bases near the 5' end
completely prevented undesired contacts between the two
dyes. Upon folding of the resulting 26-mer, FRET was obtained
between fluorescein and tamra, as shown by the quenching of
fluorescein emission and the sensitized tamra emission. Identical
results were obtained for the 23-mers. For the 21-mer, FRET was
indeed present, but partial quenching of the dyes was also
demonstrated in agreement with the peculiar CD spectrum of
the F21T oligomer. Such possible interferences are avoided by
adding two or five bases.


Quantitative measurement of fluorescence energy transfer


Measurement of the quenching of donor fluorescence should
allow an estimation of the transfer efficiencies, provided that no
other quenching phenomena are present. In the presence of
sodium ions, quenching efficiencies were 72, 60, and 45 % for
F21T, F23T, and F26T, respectively. This leads to calculated
maximum transfer efficiencies of 0.61, 0.58, and 0.44, taking into
account the variation of the fluorescein absorption coefficient,
and assuming that no other quenching phenomenon partic-
ipates in the decrease in fluorescein emission.


As shown in this study, covalent attachement of the dyes has
an impact on their fluorescence properties, especially in the case
of fluorescein. It is also noteworthy that the extinction coefficient
and relative quantum yield of covalently bound fluorescein is
itself dependent on the state of the oligonucleotide (i.e. folded
or unfolded), especially when it is directly attached to the
G-quartet without any linker bases in between. Therefore, the
critical Förster distance Ro between fluorescein and tamra is
slightly different in the case of folded and unfolded oligomers.
The quantum yield of fluorescein and to a lesser extent the
absorbance properties of tamra are usually dependent on
experimental conditions, which may explain the apparent
discrepancies between the Ro values reported for this donor ±
acceptor pair (from 3.5 to 5.2 nm). In our case, a Ro distance of
4.6 nm was calculated: As the transfer efficiency was close to 0.5,
one would deduce that the donor ± acceptor distance is in the
4 ± 5 nm range, provided that k2 does not differ too much from
the assumed value of 2�3.


Another important factor concerning FRET is its distance and
orientation dependence. The orientation factor hk2i can be
precisely determined in two extreme cases: Either the orienta-
tion of the two molecules has an isotropic distribution, or their
position is fixed and known. For the experiments described in
this study, all fluorophores experience a relative freedom of
motion, due to a flexible linker with five carbon atoms.
Nevertheless, the distribution of their orientation factors is
probably not isotropic because the DNA strand sterically
prevents some of the orientations. Furthermore, CD spectros-
copy on F21T shows that the fluorophores are interacting closely
with the quadruplex. This leads to an error in the orientation
factor, which was assumed to be equal to 2�3 (isotropic
distribution) for all Ro determinations. For the shorter oligonu-
cleotide, the presence of a CD signal in the visible region is a
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clear indication that the dyes are not experiencing motional
freedom compared to the quadruplex. The addition of a two- or
five-base linker was sufficient to prevent this phenomenon.
Therefore, for F23T and F26T, one can assume that fluorescein
experiences a fair degree of motional freedom, whereas tamra,
which is linked to the 3' end of the quadruplex through a five-
carbon linker, could be more restricted.


Why use FRET?


The advantages and drawbacks of the FRET approach were
recently discussed for i-motif formation.[13] In the case of this
peculiar DNA quadruplex, which is based on the formation of
hemiprotonated C ´ C� base pairs,[40] the labeling had a signifi-
cant impact on the properties of the oligonucleotide. As nucleic
acids are virtually nonfluorescent, attachement of a reporter
dye(s) is mandatory to monitor the fluorescence of the oligomer.
The structural effect of such modification is usually neglected.
This was definitely not the case for i-motif formation,[13] and to a
lesser extent for G-quartet formation (as shown in this study).


For both quadruplexes, the oligonucleotides are rather small,
and therefore, the attachment of a dye has a significant impact
on the molecular weight, charge, flexibility, and hydrophobicity
of the molecule. However, a major difference between these
tetraplexes lies in their relative stabilities at neutral pH: i-DNA is
relatively unstable at pH 7.0, and the effect obtained in the
presence of a terminal dye was easily demonstrated.


For i-motif analysis, five bases were necessary to allow
independence of the two dyes and thus avoid static quenching.
The situation was slightly different in the case of G-quartet
formation. Direct attachment of both dyes at the 5' and 3' ends
of the structure led to a significant alteration of the CD spectrum.
Nevertheless, this interaction did not prevent FRET from
occuring and no strong static quenching was observed. In the
case of i-motif formation, a 96 % quenching of fluorescein was
observed, without coupling to a sensitized acceptor emission,
showing that little, if any, FRET could be demonstrated with short
oligomers.


There are justifications for the FRET approach: i) The technique
is extremely sensitive, allowing detection of the phenomenon at
1�10ÿ10 M strand concentration. ii) The dynamic response of
most spectrofluorimeters is linear over a wide concentration
range (typically five orders of magnitude). Association phenom-
ena may thus be followed at different concentrations, allowing
the determination of thermodynamic parameters. In our case,
intramolecular folding led to a concentration-independent
behavior demonstrated between 1� 10ÿ10 M and 2�10ÿ7 M


strand concentration (Figure 8). iii) A differential behavior was
observed in buffers containing Na� or K� : Enhanced acceptor
emission was only demonstrated in the presence of sodium ions;
folding of the G-quartet oligonucleotides in the presence of
potassium ions only led to a quenching of fluorescein emission,
without concomitant increase in rhodamine emission at longer
wavelengths. This may suggest that the G-quartet structures in
buffers containing sodium or potassium ions are significantly
different, this may lead to different distances between the 3' and
5' extremities of the quadruplex (see Figure 1 A for an example).


Figure 8. Concentration dependence of the fluorescence vs. temperature
measurements of F23T (circles : 0.2 mM, filled squares: 0.1 nM strand concentra-
tion). Excitation was set at 480 nm and emission was recorded at 598 nm. The
temperature of the water bath was increased at a rate of 0.25 8C minÿ1. Larger
emission and excitation slits were used for the diluted sample (9.2 nm) as
compared to the 0.2-mM sample (1.8 nm). All these measurements were performed
in a 10 mM cacodylate buffer (pH 7.0) containing 0.1 M NaCl.


A cation switch between different quadruplex conformers has
already been reported,[30, 41, 42] and FRET might provide valuable
information in these cases.


In conclusion, FRET is a valuable method for the investigation
of the secondary structure of an oligonucleotide. We are
currently exploring the possibility of analyzing the structure of
a G-quartet oligodeoxynucleotide in the presence of various
ligands and proteins, as G-quadruplex ligands increased the
melting temperature of the quadruplex monitored by FRET.
Many new G-quadruplex ligands have been described recent-
ly,[43±46] and such method could provide a semi-quantitative
comparison of their stabilizing properties.


Experimental Section


Oligonucleotides and chemicals: All oligonucleotides and their
fluorescein and tamra conjugates were synthesized and purified by
Eurogentec (Belgium). The purity of doubly substituted oligonucleo-
tides was checked by denaturing gel electrophoresis : Only one major
fluorescent band was visible upon UV excitation, and shorter
oligonucleotides or monosubstituted derivatives were hardly visible.
The primary sequences and names of the fluorescent oligonucleo-
tides are given in Figure 1 (bottom). Ethidium bromide and DODC
were purchased from Molecular Probes and Sigma, respectively. 2,6-
AQ was a kind gift of Dr. J. F. Riou (Aventis, Centre de Recherche,
Vitry-Alfortville, France).


UV absorption studies: Unless otherwise specified, all experiments
were performed in a 10 mM cacodylate buffer, 0.1 M NaCl or KCl,
pH 7.0, at 4 mM oligonucleotide strand concentration. The e values of
derivatized fluorescein and rhodamine dyes was measured by
recording the UV/Vis spectra of the purified oligomer in a 0.1 M KCl
cacodylate buffer (pH 7.0, T� 20 8C). Thermal denaturation profiles
were obtained with a Kontron Uvikon 940 spectrophotometer as
previously described.[13] All Tm values are within�1 8C. DG8 values are
within �1.3 kJ molÿ1.
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Fluorescence studies: All measurements were performed on a Spex
Fluorolog DM1B instrument, using a bandwidth of 1.8 nm (or 9.6 nm
for the diluted samples) and 0.2� 1 cm quartz cuvettes, containing
600 mL of solution. The temperature of the circulating water bath was
recorded at regular time intervals. All measurements were made as
previously described.[13]


Calculation of Ro : Ro is the critical Förster distance, at which the
transfer efficiency E accounts for half of the deactivation processes of
the donor. Ro was calculated as previously described.[5, 13] We used an
average value of 2�3 for the orientation factor k2 and 1.33 for the
refractive index n. As the covalent linkage between the chromophore
and the oligonucleotide has an effect on the absorption and
fluorescence properties of the former, the absorption coefficient of
the acceptor (e) and the quantum yield of fluorescence of the donor
(FD) were calculated from the data obtained for the conjugated dyes.
Due to the dependence on the sixth power of R, E very quickly drops
to zero when R>Ro . The quenching of the donor, which is related to
the transfer efficiency, was monitored at a wavelength where the
emission of the acceptor was negligible (515 nm for the fluorescein/
tamra couple).


CD measurements: All measurements were performed with a Jobin-
Yvon Mark V instrument using 1-cm quartz cuvettes as previously
described.[47] The CD intensity is expressed per nucleotide in the UV
wavelength range and per oligonucleotide in the visible region.


We thank C. HeÂleÁne, T. Garestier, M. Lemaître, L. Lacroix, A. P. J.
Lamailri, and H. LieÂnard for helpful discussions and M. Mills for
critical reading of the manuscript.
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An Artificial Primosome:
Design, Function, and Applications
Vadim V. Demidov,* Natalia E. Broude, Irina V. Lavrentieva-Smolina, Heiko Kuhn,
and Maxim D. Frank-Kamenetskii*[a]


Double-stranded (ds) DNA is capable of the sequence-specific
accommodation of an additional oligodeoxyribonucleotide strand
by the peptide nucleic acid(PNA)-assisted formation of a so-called
PD-loop. We demonstrate here that the PD-loop may function as
an artificial primosome within linear, nonsupercoiled DNA duplex-
es. DNA polymerase with its strand displacement activity uses this
construct to initiate the primer extension reaction at a designated
dsDNA site. The primer is extended by several hundred nucleotides.
The efficiency of dsDNA priming by the artificial primosome
assembly is comparable to the single-stranded DNA priming used
in various assays. The ability of the PD-loop structure to perform
like an artificial primosome on linear dsDNA may find applications


in biochemistry, molecular biology, and molecular biotechnology,
as well as for DNA diagnostics. In particular, multiple labels can be
incorporated into a chosen dsDNA site resulting in ultrasensitive
direct quantification of specific sequences. Furthermore, nondena-
turing dsDNA sequencing proceeds from the PD-loop. This
approach opens the way to direct isothermal reading of the DNA
sequence against a background of unrelated DNA, thereby
eliminating the need for purification of the target DNA.


KEYWORDS:


DNA structures ´ oligonucleotides ´ peptide nucleic acids ´
primosome ´ sequence determination


Introduction


Local opening of an extended region within the DNA double
helix provides access for DNA and RNA polymerases to specific
DNA sequences. This can be achieved with the use of reagents
that are capable of sequence-specific formation of single-
stranded (ss) loops within double-stranded (ds) DNA. As a result,
initiation of transcription and replication can take place at
designated sites. Peptide nucleic acids (PNAs), which are able to
invade complementary targets within dsDNA yielding
P-loops,[1, 2] exemplify this ability. It has been found that the
P-loop complexes formed by homopyrimidine PNAs[1] act as
artificial transcription promoters in linear dsDNA.[3]


Single and merged P-loops are known to be able to
accommodate an oligodeoxyribonucleotide (ODN) by forming
so-called PD-loops and similar structures.[4, 5a] When assembled
at inverted repeats within negatively supercoiled DNA, the PD-
loop-like complexes were shown to be capable of initiating the
primer extension reactions through strand displacement.[4]


These reactions are facilitated by the excessive energy of
supercoiling and may be used for monitoring probe hybrid-
ization to supercoiled DNA by its direct sequencing.[4] Still, the
design of an artificial primosome capable of initiating the primer
extension reactions within nonsupercoiled dsDNA is of consid-
erable interest from both the viewpoint of basic research and the
perspective of practical applications.


Recently, we have demonstrated that the PD-loop formed by a
pair of homopyrimidine PNA openers has such a potential and
used it as a tool for the direct quantification of specific targets in
linear, nonsupercoiled dsDNA.[5b] Here we demonstrate that the


primer extension reaction carried out through the PD-loop by
DNA polymerases with their strand displacement activity allows
to selectively incorporate multiple labels into a dsDNA target,
thereby significantly amplifying the hybridization signal. We also
verify the feasibility of nondenaturing sequencing linear dsDNA
starting from the PD-loop against a background of unrelated
duplex DNA.


We show that the PD-loop structure, when formed by
homopyrimidine PNAs, performs like an artificial primosome
within nonsupercoiled dsDNA and also demonstrate the utility
of this construct for some applications. Because of the high
sequence specificity of PD-loop formation,[5a±d] the primer
extension reaction initiated on linear duplex DNA by the artificial
primosome is remarkably selective. Together with the simplicity
of assembly/operating and the feasibility of evading tedious
procedures of target purification, this feature provides a signifi-
cant advantage for possible applications of artificial primosomes,
as compared to traditionally used ssDNA templates.
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Results


The PD-loop performs like an artificial primosome within a
linear DNA duplex


Figure 1 shows our design of the artificial primosome and
schematizes its function. In our first experiments we targeted
pHIV, the plasmid carrying a short PD-loop-forming insert of HIV-
1 DNA, by homopyrimidine bis-PNAs 1 and 2 together with the
5'-biotinylated ODN 1 (see Experimental Section for details). To
analyze the potential of the PD-loop to initiate the primer
extension reaction, we used modified T7 DNA polymerase as a
highly processive enzyme[6] that is capable of strand displace-
ment replication.[7] The incorporation of radiochemically pure
[125I]dCTP with a specific activity of 5�1015 dpm mmolÿ1


(2200 Ci mmolÿ1) into the extending primer allowed us to
quantitatively monitor the primer extension reaction by radio-
activity counting.


The kinetics of the increase in radioactivity due to the
incorporation of [125I]dCTP into target dsDNA is shown in
Figure 2. These data clearly indicate that the incorporation of
radioactivity proceeds exclusively through the extension of the
primer associated with the PD-loop. Indeed, when the PD-loop is
assembled, a significant amount of radioactivity, up to a 30- to
40-fold excess over the background, is rapidly incorporated into
the DNA duplex. In contrast, without the PNA openers or without
the primer only background radioactivity can be detected. It is
important to emphasize that only purines can be incorporated
by DNA polymerase into the primer that is being extended
within the PD-loop. This is because homopyrimidine PNA
openers, while forming the PD-loop, displace the pyrimidine-
rich strand of the dsDNA target. Since we observe the
incorporation of [125I]dCTP, the data in Figure 2 can be explained


Figure 2. The time course for the increase in radioactivity incorporated into a
primer that was bound to pHIV through the PD-loop (diamonds). The PD-loop
was formed by bis-PNAs 1 and 2 together with the ODN 1 primer. Incorporation of
[125I]dCTP was performed by T7 DNA polymerase. In control experiments, the
reaction mixture contained all components except PNA openers (squares) or the
ODN primer (triangles). Instrumental background and counting efficiency of the
radioactivity counter were ca. 30 dpm and 99.9 %, respectively.


only in terms of expansion of the primer beyond the PD-loop by
strand displacement.


Hence, in the presence of DNA polymerase, the PD-loop
complex acts as a primosome that selectively initiates replicative
synthesis at a specific site on linear dsDNA. To check the
sequence specificity of artificial primosome formation and
functioning, we assembled the PD-loop within pHIV when this
plasmid DNA was mixed with either pBR322 or phage l DNA.
These two DNAs do not contain sites that can form PD-loops
with ODN 1 plus PNA openers 1 and 2. When the PD-loop-
initiated primer extension reaction was performed with the
mixtures of pHIV and unrelated DNA, virtually the same
incorporation of radioactivity was observed as compared to


Figure 1. Design and function of the artificial primosome. a: The PD-loop forms sequence-specifically inside dsDNA as a hybrid complex of an oligonucleotide primer
with the DNA target locally exposed by homopyrimidine bis-PNA openers. Addition of DNA polymerase performing the strand displacement replication results in the
primer extension reaction. When labeled dNTPs are used, a multiply labeled probe associated with the dsDNA target emerges (top right). The sequencing ladder (bottom
right) can be isothermally generated directly on dsDNA by DNA polymerase, which extends the primer in the presence of dNTPs and ddNTPs (bottom left). The primer
may carry a special marker, for example biotin for probe affinity capture or fluorescein for optical detection of the sequencing ladder. b: An alternative arrangement of
the primosome : bis-PNA openers can be bound in trans within the PD-loop as compared to binding in cis, which is shown in part a of this figure.
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PD-loop assembly in the presence of pHIV alone (data not
shown).


Table 1 contains the quantitative estimations of primer
elongation, which were obtained from the data presented in
Figure 2. The values given for the fraction of radiolabeled
cytosines incorporated into the primer at a given time were
estimated by taking into consideration the specific activity of
[125I]dCTP. It is reasonable to assume that DNA polymerase
incorporates both [125I]dCTP and dCTP with comparable rates.
Under this assumption, and taking into account the molar ratio
of these dNTPs in the reaction (1:800), the total number of
incorporated cytosines can be calculated (Table 1). Furthermore,
cytosine occurs in plasmid DNA as every fourth nucleobase, on
average. Hence, multiplying the total number of cytosines by
four gives an estimate of the entire length of primer accretion
(Table 1).


The data show that after 5 min the primer is extended by
180 nucleotides (nt), which corresponds to the rate of replicative
synthesis (ca. 1 nt sÿ1). Although the rate is sufficiently high to
provide the primer elongation by several hundred nucleotides
within a few minutes, it is significantly lower than the rate of the
primer extension reaction (ca. 300 nt sÿ1) estimated for the action
of this DNA polymerase on a ssDNA template.[6] This result could
be expected because DNA polymerase should somehow disrupt
the stable DNA double helix to perform the strand displacement
replication. Otherwise, this enzyme has to wait for infrequent
base pair opening caused by thermal fluctuations at the duplex
edge bordering the primer elongation point. This consideration
is supported by the fact that, when the ssDNA-binding (SSB)
protein is added to the reaction mixture, DNA polymerase
performs the primer extension reaction through the PD-loop
approximately two times faster (data not shown).


When 5 nM [125I]dCTP was used as the only source of cytosine,
up to ten radiolabels were incorporated into the extended
primer, thus allowing to monitor sub-attomolar amounts of
dsDNA target. In this experiment, the extent of primer elonga-
tion after 1 h was not greater than 50 nt even in the presence of
the SSB protein. Here, a lesser extent of primer elongation as
compared to previous experiments (see Table 1), in which
1.25 nM [125I]dCTP was used together with 1 mM dCTP, can be
attributed to the lower concentration of dCTP, causing a
decrease in the polymerization rate. Further studies are required


to find the optimal quantity and proportion of (radio)labeled and
nonlabeled nucleotides for multiply labeling DNA through the
PD-loop.


PD-loop-primed direct isothermal sequencing of linear
dsDNA


Since the PD-loop works like an artificial primosome, it may be
used for the nondenaturing sequencing of duplex DNA by a
standard dideoxy (dd) sequencing protocol.[8] Figures 3 a and b
show a part of the sequence data obtained for the linearized
dsDNA plasmid pPL3 by priming with modified T7 DNA
polymerase through the PD-loop and by a common denaturing
procedure (see Experimental Section for details). Clear Sanger
dideoxy sequencing ladders yielding the correct read were
generated with the PNA-assisted priming method, by using the
15-mer ODN 2 as a primer. The sequence data in Figures 3 a and
b confirm that dsDNA priming occurred at the expected PD-loop
site. Taking into consideration the similar intensity of the
corresponding bands in these figures and equal DNA amounts
used in both experiments, we conclude that the efficiency of
priming dsDNA through the artificial primosome is comparable
to that of priming ssDNA. No ladders were generated from the
dsDNA template primed by ODN 2 without PNA openers
(Figure 3 c). The sequence data obtained by using another PD-
loop, specifically, with pHIV primed by the 16-mer ODN 3,
demonstrate that about 300 bp can be read within the DNA
duplex (Figures 4 a, b). Hence, these data show that the primer
extension reaction proceeds quite far in agreement with the
kinetic data presented above.


Well-readable data with virtually the same signal-to-back-
ground ratio, although with a shorter unambiguous sequence,
have been obtained with pHIV when the PD-loop complex was
assembled and subsequently used for priming in the presence of
an equimolar amount of 48.5-kb-long dsDNA from Escherichia
coli bacteriophage l (compare Figures 4 c and a). Note that we
failed to read the pHIV sequence with the same primer against
the background of l DNA when an alkaline denaturation
procedure was used (data not shown).


Notwithstanding some cases when cosmid DNA as well as
wild-type or recombinant l DNA can be directly sequenced by
using a conventional denaturing protocol,[9] the direct sequenc-
ing of inserts cloned into cosmids and l vectors by alkaline
denaturation is still a technically challenging task. Typically, if
vector DNA is not removed prior to sequencing, substantial
background and abundant ambiguities hamper successful
sequencing. By contrast, our sequencing strategy, which is able
to resolve the nucleotide sequences of double-stranded tem-
plates against the background of long unrelated DNA, has a
promising potential for isothermal sequencing of cloned DNA
inserts.


To demonstrate this potential, we have cloned the entire
plasmid pHIV (2.7 kb) into the Eco RI cloning site of lgt11 vector
(43.7 kb) thus obtaining the 46.4-kb-long l-HIV recombinant
DNA (Figure 5 a). Next, we accomplished the isothermal non-
denaturing sequencing of this DNA by using the artificial
primosome strategy (Figure 5 b). Again, we failed to read the


Table 1. Elongation of a primer through strand displacement polymeriza-
tion.[a]


Reaction
time


Fraction of radiolabeled
cytosines per PD-loop[b]


Total number
of cytosines


Overall length of
the probe [nt][c]


[min] in the probe


5 0.056 45 180
10 0.061 49 197
30 0.079 63 252
60 0.082 66 265


[a] ODN 1, PNAs 1 and 2, pHIV, and T7 DNA polymerase were used.
[b] 1.25 nM [125I]dCTP together with 1 mM dCTP were used for labeling.
[c] Estimations obtained from the data given in the second and third
column (see text for details).
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Figure 3. a: Result of sequencing the double-stranded plasmid pPL3 by PNA-assisted priming with T7 DNA polymerase. Here and in Figures 3 b and c, only part of the
sequences is shown. The PD-loop was formed by bis-PNAs 3 and 4 together with the ODN 2 primer. b: As a positive control, the same sequence read was obtained with
prior alkaline denaturation. c: As a negative control, the sequencing reactions were performed with the same primer for the duplex DNA template but without PNA
openers. Note that the sequence read can be obtained quite far, typically several dozen base pairs ahead, from the priming point. That is why the purine-rich stretch,
which should be the first part of the extended sequence, cannot be observed by sequencing.


Figure 4. The sequence reads obtained by PNA-assisted priming of pHIV alone (a, b) or in the presence of the equimolar quantity of l DNA (c). The PD-loop was formed
by bis-PNAs 1 and 2 together with the ODN 3 primer. The sequence reads are given in nucleobases.
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same l-HIV sequence with the alkaline denaturation procedure
(data not shown).


Discussion


Primer extension assays employing ordinary oligonucleotide
primers are widely used for DNA analysis.[10] PNA oligomers
conjugated with either deoxynucleosides or dinucleotides are
also able to initiate the primer extension reaction,[11] thus
overcoming an evident inability of PNAs themselves to act as
primers. With few exceptions,[4, 7] these assays are performed on
ssDNA templates. This is due to the lack of a general approach,
which would allow DNA polymerases to initiate the primer
extension reaction at a designated site within linear dsDNA.


The design of an artificial primosome reported here has the
capacity to sequence-specifically direct the primer extension
reaction within nonsupercoiled DNA duplexes. In the course of
this reaction, the primer is extended by several hundred
nucleotides. High selectivity of the formation of the artificial
primosome has been demonstrated when target plasmids were
mixed with unrelated DNA. Such selectivity is the result of the
exceptional sequence specificity of PD-loop formation.[5a±d] Note
that the entire PD-loop requires 20 ± 25 bases for its formation,
thus ensuring a single priming site even in large genomes. This
means that only the preselected site should be opened within
dsDNA by a pair of PNAs, thereby becoming accessible for the
binding of complementary oligonucleotides. The rest of the DNA
should retain its duplex structure and thus remain inaccessible
for mispriming.


Note that the PNA-based design of an artificial primosome is
radically different from the naturally occurring primosome. The
cellular primosome is a very complex multicomponent assembly
containing numerous proteins and short RNA primers. It forms
an open structure at the origin of replication, a unique site within
the entire genome that initiates replicative DNA synthesis.[12] By
contrast, the artificial primosome described here is quite a
simple construct consisting of a pair of PNA openers and a
primer.


In principle, a sufficiently long single PNA opener is ableÐ
through duplex or triplex invasionÐto locally expose dsDNA for
binding of an ODN primer. Nevertheless, we consider our design
of an artificial primosome, which is based on two PNA openers,
as more robust for several reasons. First, due to sequence
limitations on the strand invasion mode of PNA binding, long
openers would provide access to rather special DNA sequences
such as stretches of about a dozen purines and pyrimidi-
nes[1c, 2b±d] or extended trinucleotide and inverted repeats,[2a, 4]


some of which may additionally require DNA supercoiling for
PNA binding.[4] Second, a pair of openers pries apart the DNA
duplex in between thus exposing an extra DNA sequence for
recognition by a primer. Third, in this case three independent
site-specific ligands are involved in the recognition of a
designated target. As a result, the specificity of dsDNA priming
is exceptionally high.


The ability of the PD-loop structure to behave as an artificial
primosome in linear dsDNA offers new practical benefits in
biochemistry, molecular biology, and molecular biotechnology,
as well as for DNA diagnostics, thus expanding the range of PNA
applications.[13] In particular, numerous labels can be incorpo-


Figure 5. Direct nondenaturing sequencing of the recombinant l-HIV clone. a: Schematic representation of the arrangement of the whole-length plasmid insert (pHIV)
within the lgt11 vector and the direction of the PNA-assisted priming. b: A part of the sequence read obtained for l-HIV dsDNA digested by Aat II and sequenced in the
presence of fluorescein-labeled dATP by using an artificial primosome (nearly 200 bp of lgt11 vector DNA was sequenced in total ; see legend of Figure 4 and
Experimental Section for details).
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rated into a chosen site of the DNA duplex, in contrast to
nonspecific multiple labeling by nick translation. This allows the
direct, ultrasensitive quantification of specific DNA sequences
and avoids tedious procedures of target purification. We also
anticipate that artificially driven primer extension can be used for
intracellularly manipulating gene activity, similar to the recent in
vivo use of artificial P-loop transcription promoters for inducing
gene-specific expression.[3b]


Furthermore, nondenaturing isothermal sequencing of des-
ignated regions within linear double-stranded DNA, which is
preferable for many applications, becomes possible. Typically,
high-quality sequence data are obtained when sequencing
reactions proceed on purified ssDNA templates.[9f, 14] This type of
sequencing requires tiresome steps of ssDNA isolation. To evade
this, methods for sequencing dsDNA templates that have been
denatured by alkaline treatment or heating have been devel-
oped.[9f, 15] Direct, nondenaturing sequencing of dsDNA avoids
complications caused by folded loops that may form in
denatured or ssDNA templates,[8b, 16] but not in linear dsDNA
templates.


When coupled with a proper detection method, our sequenc-
ing approach should enable reading DNA sequences directly
against the background of unrelated DNA or within large
templates (see Figure 5 b) without the need for a thermal cycler,
which is used for these purposes in cycle sequencing.[17]


Therefore, our sequencing strategy could be miniaturized for
DNA nanoanalysis.[18] It could also be adopted by other DNA-
polymerase-based methods of sequencing DNA, for example in
real-time DNA pyrosequencing,[19] to make them more robust for
the direct sequencing of dsDNA.


Applications of the artificial primosome technique to manip-
ulate linear dsDNA are currently limited by the fact that bis-PNAs
open only homopurine/homopyrimidine targets. However, these
limitations are rather mild. Indeed, the data presented here,
along with the data obtained earlier, demonstrate the formation
of stable PD-loops with short, 7 ± 8-bp-long homopurine sites
separated by an arbitrary sequence of up to 10 bp.[5] Moreover,
design of homopyrimidine bis-PNA openers terminating in a
duplex-forming PNA extension with all four nucleobases is
feasible. Such openers should be capable of effectively prying
apart dsDNA sites consisting of short purine tracts separated by
more than 10 bp. In addition, our data prove that the PD-loop
forms also when PNA-binding sites are located on the opposite
DNA strands,[20] as shown schematically in Figure 1 b.


Statistically, different PD-loop-forming sites that meet these
conditions should occur quite frequently, on average every 400
to 500 base pairs of a random DNA sequence.[5a,e,f] According to
the data presented above, the length of an extended primer lies
in the same range. This means that a copy and, as a result, the
sequence of many dsDNA sites of interest (e.g. for single-
nucleotide polymorphism (SNP) analysis) could be obtained
isothermally through strand displacement extension of a primer
starting from a PD-loop located nearby. Significantly, DNA copies
can be made starting from many different artificial primosomes
assembled on genomic DNA at multiple PD-loop-forming sites.


The sequence limitations on the design of the artificial
primosome can be additionally softened by the use of recently


developed pseudocomplementary PNAs (pcPNAs).[21] pcPNAs
carry specially chosen modified nucleobases that hinder an
association of two PNA oligomers with seemingly complemen-
tary sequences into a corresponding PNA ± PNA homoduplex.
Still, such modifications allow pcPNA to form a stable PNA ± DNA
heteroduplex with the complementary DNA strands. As a result,
appropriate pairs of pcPNAs are able to invade mixed purine/
pyrimidine sequences of linear DNA duplex by a double-duplex
invasion mode.[21] We expect that one of two homopyrimidine
bis-PNA openers within the artificial primosome can be replaced
by a pair of pcPNAs with mixed purine/pyrimidine composition
that recognizes all four nucleobases within a DNA duplex. Then,
only one short homopurine site, which should occur ca. every
hundred base pairs, will be required to assemble an artificial
primosome within nonsupercoiled dsDNA. Our preliminary data
indicate that a PD-loop of this kind can be formed with the aid of
pcPNAs.


Experimental Section


Molecular biology reagents: DNA from phage l and pBR322 were
purchased from New England Biolabs. Recombinant plasmids pPL3
and pHIV containing the PD-loop-forming sequences were obtained
by cloning the appropriate oligodeoxynucleotides into the Bam HI
site of the pUC19 polylinker. The first plasmid, pPL3[5a] , contains the
artificially designed purine-rich insert 5'-AG4A2GCT2G2A2GA3-3' (here
and below, PNA target sequences are printed in boldface). The
second plasmid, pHIV,[5b] carries the natural purine-rich insert 5'-
AGAG2A2GCTACTG2AG2AGA-3', which is a part of a coding region of
the nef gene from human immunodeficiency virus (HIV-1 subtype A,
strain 92ug037). All plasmids were linearized with the restriction
enzyme Aat II (New England Biolabs).


Recombinant l-HIV DNA was obtained by insertion of pHIV into the
Eco RI site of the lgt11 vector (see Figure 5 a) using l DNA cloning
and packaging kits (Promega) with subsequent purification by the
lambda maxi system (Qiagen). Before sequencing, recombinant l-
HIV DNA was digested with Aat II.


With the exception of PNA 4 (a gift from Dr. P. E. Nielsen,
Copenhagen), cationic bis-PNAs were obtained from PE Biosystems.
All PNA oligomers were HPLC-purified and characterized by MALDI-
TOF mass spectrometry. PNA 1, HLys2-TJTJ2T2J-eg13-CT2C2TCT-LysNH2


(eg1, Lys, and J denote bis-PNA linker segment, the amino acid lysine,
and the nucleobase pseudoisocytosine, respectively), and PNA 2,
HLys2-TCTC2TC2-eg13-J2TJ2TJT-LysNH2, were used as openers for pHIV.
PNA 3, H-TC4T2C-eg1-Lys2-eg1-JT2J4T-LysNH2, and PNA 4, HLys2-
T3JT2J2-eg13-C2T2CT3-LysNH2, were used as openers for pPL3.


HPLC-purified ODNs were from Operon. Biotin-5'-GAG2A2GCTACT-
G2AG-3' (ODN 1), was used in the primer extension experiments with
pHIV. Fluorescein-5'-A2GA2G2T2CGA2G2-3' (ODN 2) and fluorescein-5'-
GAG2A2GCTACTG2AG-3' (ODN 3) were used for sequencing pPL3 and
pHIV, respectively.


Assembly of PD-loops: Target DNA (typically ca. 10 mg) was
incubated overnight at 37 8C in a siliconized micro test tube with
200 pmol of PNA openers in 100 mL of 10 mM Na-phosphate buffer
(pH 6.8). Excess of PNA was then removed by gel filtration through a
Sephadex-G50 spin column (Pharmacia Biotech), equilibrated with
TEP buffer (10 mM Tris, 0.1 mM EDTA, 10 mM Na-phosphate, pH 6.8).
The resulting DNA ± PNA complexes were precipitated with ethanol
and redissolved in 10 mL of TEP buffer. To form the final PD-loop,
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these complexes were incubated in 5 mL of the annealing buffer
(200 mM Tris-HCl, pH 7.6, and 20 mM MgCl2) for 15 min at 37 8C with
the specific ODN used subsequently as a primer.


Primer extension reaction: This reaction was performed with 0.1 mg
of linearized pHIV and 1 pmol of biotinylated ODN 1 at 37 8C by 4 U of
modified T7 DNA polymerase (Pharmacia Biotech) in the extension
buffer (15 mM citric acid, 16 mM DTT, and 2 mM MnCl2, pH 7.5)
containing 10 mM dATP, dTTP, and dGTP, 1 mM dCTP, and 1.25 nM


(25 nCi mLÿ1) [125I]dCTP (radiochemically pure; New England Nuclear).
The reaction was terminated by addition of EDTA to give a final
concentration of 50 mM. For multiple labeling (1 h incubation), the
conditions of the primer extension reaction were the same, except
that nonlabeled dCTP was omitted and the concentration of
[125I]dCTP was increased up to 5 nM. In some experiments, 1 mg of
E. coli SSB protein (Promega) was added to the reaction mixture to
facilitate the primer extension by strand displacement.[7]


The reaction products were incubated at 65 8C for 5 min to dissociate
extended primers from the target dsDNA. After cooling on ice,
samples were incubated at room temperature for 1 h with 15 mL of a
suspension containing streptavidin-coated iron microbeads (PerSep-
tive Biosystems). This procedure was done to selectively capture the
products on the microbeads through the 5'-biotin label originally
present in ODN 1. The microbeads were washed three times with
100 mL of TE buffer (10 mM Tris-HCl, 1 mM EDTA, pH 8,0) containing
0.2 M NaCl and twice with 100 mL of TE buffer, and were collected with
a magnetic separator (Sigma ± Aldrich). Finally, the radioactivity of
the microbead suspension was counted on a Beckman LS 6500 multi-
purpose counter by using the ReadySafe liquid scintillation cocktail
(Beckman).


DNA sequencing: The Sanger dideoxy sequencing reactions were
performed with 0.5 mg of the PD-loop-containing linearized plasmids
or 9 mg of the l-HIV recombinant digested with Aat II at 37 8C by
using the AutoRead sequencing kit (Pharmacia Biotech). For
sequencing the plasmids and l clones, 20 ± 40 pmol of fluorescein-
labeled primers was used. In case of l-HIV sequencing, fluorescein-
labeled dATP was added to the same amount of nonlabeled dATP. In
some experiments, an equimolar mixture of pHIV (0.5 mg) and wild-
type l DNA (9 mg) was involved in the PNA-directed sequencing. A
standard procedure with alkaline denaturation was used to se-
quence the control samples. For PNA-directed sequencing, denatu-
ration and neutralization steps were omitted. DNA sequencing was
recorded automatically on the A.L.F. DNA Sequencer (Pharmacia
Biotech). To facilitate the strand displacement sequencing through
dideoxy termination, 1 mg of SSB protein was added to all reactions.[7]


This work was supported by the NIH. We thank Dr. P. E. Nielsen for
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The sphingolipid ceramide can be generated from sphingomye-
linÐan important constituent of eukaryotic membranesÐ
through the action of various sphingomyelinases. It has achieved
much attention because of its possible relevance to signal
transduction processes. There is increasing evidence that the
sphingomyelinases are activated by various cytokines, or by
radiation, heat and oxidative stress, leading to an increased
ceramide production. It is suggested that ceramide acts as a
second messenger and triggers or modulates a number of
fundamental processes like programmed cell death (apoptosis),
the cell cycle or inflammatory processes in various tissues and
cell lines.[1, 2] Moreover, recent studies strongly suggest a vital
role for ceramide as a key mediator in tumor suppression.[3, 4]


However, numerous aspects of ceramide-mediated signal trans-
duction, especially those related to apoptosis, remain unclear.[5]


Furthermore, the question whether the plasma-membrane-
bound Mg2�-dependent neutral sphingomyelinase (N-SMase;
sphingomyelin phosphodiesterase, EC 3.1.4.12), the most prom-
inent [6] of several neutral sphingomyelinases described,[7±10] or
the lysosomal acid sphingomyelinase (A-SMase) is most impor-
tant for stimulus-induced ceramide production is discussed
controversially.[11]


For the investigation of the biological role of ceramide and of
the different sphingomyelinases selective inhibitors of these
enzymes would be valuable tools. Recently we reported the
synthesis of the spiroepoxide 2,[12] which was synthesised as an
analogue of the natural product scyphostatin (1).[13±15] Interest-
ingly, epoxide 2 is an irreversible inhibitior of neutral sphingo-
myelinase. In contrast, scyphostatin inhibits N-SMase (IC50�
1 mM) and A-SMase (IC50� 49.3 mM) in a competitive manner.
Due to the structural similarity of scyphostatin (1) and the
spiroepoxide 2 to the antibiotic manumycin A (3)[16±18] we
reasoned that manumycin A might inhibit N-SMase as well.


To test this hypothesis we utilised a raw microsome prepa-
ration containing rat brain Mg2�-dependent N-SMase. Indeed,
this enzyme was inhibited by manumycin A in an irreversible
manner (Figure 1), whereas A-SMase was not affected at a
concentration of 3 up to 200 mM (data not shown). Furthermore,
we found that increasing concentrations of sphingomyelin in the
assay weaken the inhibitory effect of manumycin A (Figure 2)
indicating that there is a competition between manumycin A
and the substrate for binding in the active site of N-SMase. Our
data also indicate that manumycin A is a more potent inhibitor
than spiroepoxide 2 and that its affinity for N-SMase is
comparable to the affinity of this enzyme for sphingomyelin.
Encouraged by these results, we investigated several manumy-
cin A analogues, that is, the recently synthesised[19] compounds
4 a, b and 5 a, b as possible N-SMase inhibitors.[20] In fact, 4 a and
4 b turned out to be selective irreversible inhibitiors of N-SMase,
whereas 5 a as well as 5 b were inactive towards both N-SMase
and A-SMase under the same conditions (Table 1).
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Figure 1. Time dependence of the inhibition of neutral sphin-
gomyelinase by manumycin A (3) (100 mM in pre-incubation
buffer). *�With manumycin A, &� control experiment with-
out manumycin A ; A � activity, t � pre-incubation time.


Figure 2. Inhibition of neutral sphingomyelinase at different concentrations of
sphingomyelin. The concentration of manumycin A was 50 mM (no pre-incuba-
tion).


The N-SMase inhibition assay was carried out again with and
without pre-incubation. The latter likely represents the ability of
the inhibitor to compete with the substrate for binding at the
active site of the enzyme, whereas the assay with pre-incubation
of the inhibitor with the enzyme in the absence of substrate


represents the kinetics of the irreversible inhibition. It is worth
noting that the nature of the amide side chain strongly
influences the inhibitory potency of the compounds. As shown
in Table 1 derivative 4 a displayed a higher affinity for N-SMase
than compound 4 b, which contains a saturated side chain.


Manumycin A is known as a natural product with antibiotic,[21]


antitumour[22] and anti-inflammatory activities.[23] These activities
have been correlated with the ability of manumycin A to
competitively inhibit Ras farnesyltransferase (FTase; IC50� 35 mM


(rat)[22] ). FTase is essential for processing the Ras protein and is
one of the most intensively examined targets for the develop-
ment of new anticancer drugs.[24] For these reasons we also
investigated the ability of compounds 4 a, b and 5 a, b to inhibit
FTase. Compounds 5 a and 5 b proved to be inactive whereas
both 4 a and 4 b were competitive inhibitors of Ftase with
respect to farnesyl pyrophosphate, with IC50 values of 8.4 and
0.85 mM, respectively (for manumycin A: IC50�19.4 mM).


Our results suggest that some of the described biological
effects of manumycin A may result from N-SMase inhibition.
Furthermore, it is possible that the effects of N-SMase inhibition
are amplified by the FTase inhibition, particulary in inflammatory
events, since there is evidence for cross talk between Ras- and
ceramide-mediated signalling pathways (Scheme 1).[25, 26]


Due to their mode of inhibition compounds 3 and particularly
4 a and 4 b are suitable reagents for affinity labelling of N-SMase.


Scheme 1. Proposed signalling pathway of Ras and ceramide in inflammatory
events. CAPK� ceramide-activated protein kinase ; MAPK�mitogen-activated
protein kinase ; MEK�MAP/ERK kinase.


Table 1. Inhibition of neutral sphingomyelinase by manumycin A (3) and its
analogues 4 a, b without and with pre-incubation.[a]


Compound Inhibition (without Inhibition (with
pre-incubation) [%] pre-incubation) [%]


3 34 79
4 a 90 98
4 b 10 88


[a] The concentration of the inhibitors was 100 mM in the pre-incubation
buffer (final concentration 50 mM). The pre-incubation time was 1 h.
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This in turn may provide some clues to the enzymatic
mechanism of N-SMase, which is largely unknown. Furthermore,
these new compounds may be useful as efficient molecular tools
to gain more insight into the biological role of N-SMase and
ceramide in apoptosis and in signal transduction processes. The
fact that scyphostatin shows remarkable anti-inflammatory
effects justifies the development of further inhibitors of N-SMase
and makes N-SMase an interesting target for the experimental
therapy of inflammatory diseases. This fact is documented in the
establishment of various high-throughput screening assays for a
more efficient search for inhibitors of this enzyme.[27, 28]


Experimental Section


Purification of N-SMase: Partial purification of sphingomyelinases
was carried out analogous to a method described by Hannun et al.[29]


and modified with respect to a more recent publication.[10] Four rats
were decapitated. The brains were homogenised and then centri-
fuged for 1 h at 100 000 g in a 25 mM Tris-HCl buffer (pH 7.4)
containing leupeptine, chymostatin, antipain, pestatin (each
20 mg Lÿ1), 1 mM phenylmethylsulfonyl fluoride (PMSF), 2 mM EDTA
and 5 mM ethylene glycol-bis(b-aminoethyl ether)-N,N,N',N'-tetra-
acetic acid (EGTA). The supernatant was discarded and the pellet was
dissolved in the above-mentioned buffer, containing an additional
1 % (w/v) of Triton X-100. After a 20-fold dilution the solution was
loaded onto a strong anion exchange column (POROS 20 HQ,
PerSeptive Biosystems, Inc.). After equlibration with 20 mM Tris-HCl
(pH 7.4) containing 1 mM each of EDTA, EGTA, PMSF, and a step to 1 M


sodium chloride in the same buffer the sphingomyelinases were
eluted with a gradient from 0 to 1 % (w/v) Triton X-100 within the
equilibration buffer.


Inhibition assay: For the determination of the N-SMase activity the
potential inhibitors were dissolved in chloroform. An aliquot of
5 nmol was dried under a nitrogen stream, redissolved in 40 mL
buffer (75 mM Tris-HCl, pH 7.4, 0.05 % (w/v) Triton X-100, 5 mM MgCl2)
and mixed with 10 mL of the enzyme solution. Together with
controls, the probes were pre-incubated for 90, 60, 45, 30 and 15 min
at 37 8C. After addition of 10 nmol [14C]sphingomyelin (ca.
40 000 cpm) in 50 mL of the same buffer, the reaction proceeded
for another 30 min. The reaction was stopped by adding 750 mL
chloroform/methanol (1:1, v/v). After addition of 200 mL water, the
lipids were extracted and the radioactivity of the polar upper phase,
containing [14C]phosphorylcholine, was determined by scintillation
counting. The determination of A-SMase proceeded analogously, but
a Mg2�-free sodium acetate buffer (pH 4.5) was used. As manumy-
cin A and its derivatives lose their activity in the presence of thiols
(see also ref. [22]) the assays were carried out in a buffer free of
dithiothreitol and b-mercaptoethanol.


Ras farnesyltransferase assay: The Ras farnesyltransferase activity
was determined as previously described[30, 31] by using a fluores-
cence-based Ftase assay.[32] As enzyme source we used an Escherichia
coli strain overexpressing recombinant farnesyltransferase from
Saccharomyces cerevisiae.[30]
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under the Landesgraduiertenförderung program. M.T. is grateful to
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Electroreduction of Dioxygen to
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Cytochrome c oxidase (CcO), the terminal enzyme of the
respiratory chain, performs the 4 eÿ reduction of dioxygen to
water in the mitochondria. This reaction is coupled with proton
translocation across the membrane. The energy released by this
process is used to convert ADP into ATP. The so-called Fea3-CuB


binuclear active site of this enzyme reduces dioxygen to water
without any leaking of partially reduced intermediates, such as
hydrogen peroxide, which are toxic for the cell (Figure 1).[1]


Despite all efforts to elucidate the mechanism of dioxygen
reduction to water, different aspects remain controversial, such
as the nature of the O2-bound intermediate or the role of CuB


and Tyr 244 on the distal side of the porphyrin core. For example,
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Figure 1. Schematic representation of the binuclear Fea3 ± CuB active site of CcO.


resonance Raman spectroscopic studies initiated by CO photo-
lysis have led to a putative mechanism of the electroreduction of
O2 to H2O involving an initial myoglobin-like Fe ± O2 binding
mode, a peroxo-, a ferryl-, and finally a hydroxy intermediate.[2]


The determination of two X-ray crystal structures[3] in 1995
opened the way to a new generation of models.[4] However, the
exact nature of the peroxo species (hydroperoxo or m-peroxo
with CuB) remains uncertain. For these reasons, we have
developed a series of models and tried to determine the precise
role of each individual component in the mechanism of CcO.
Special attention is given to the exact role of CuB in the natural
enzyme and the nature of the peroxo species formed during the
catalytic reaction. In a previous paper about iron-only ªArborº
porphyrins, which are tren-capped iron porphyrins (tren� tris(2-
aminoethyl)amine) with an external axial base bound to the iron
center on the other side of the porphyrin core, we have pointed
out that these compounds, with no copper ligated to the tren
moiety, are efficient catalysts for the 4 eÿ electroreduction of
dioxygen to water.[4c] This observation, excluding the formation
of the m-peroxo iron ± copper species as the key step of the
catalytic cycle, led us to design new structural and functional
models structurally closer to the active site to find out if this
property could be observable with other biomimetic models.
Here we report our results about the synthesis and the
electrocatalytic activity of quinolinoyl picket porphyrins with or
without copper in the distal side of the porphyrin and also with
either a tailed or an external nitrogen base to stabilize the iron(II)
ion as a five-coordinate complex. To our knowledge, this is the
first time that such systematic comparisons have been carried
out. A significant amount of work has already focused on related
compounds but, most of the time, three crucial points did not
receive enough attention: a) The catalytic efficiency of the
reported compounds toward the reduction of O2 to water was
not always tested; most of them were designed only as model
compounds for spectroscopic investigations; b) The structural
requirements to mimic the natural function, such as the
presence of nitrogen atoms that are part of an aromatic system
to stabilize the copper ion in its coordination site and the off-
centering between the two metal centers, were sometimes
neglected. c) The prevention of any intermolecular reaction on
the distal side of the porphyrin between two copper ions was
not always taken into account. Indeed, the new copper-binding
domain introduced by the three quinolinoyl moieties might
satisfy these three major requirements. The three quinolinoyl
pickets should impose an obvious off-centering between the
two metal centers tethered at a fixed length, whereas the
encumbered quinolines should effect a real protection of the
distal side of the porphyrin, which is achieved by the poly-
peptidic chain in the enzyme (Scheme 1). In addition, com-
pounds 4 and 5 contain a covalently bound imidazole group as
the fifth ligand on the opposite side of the copper-binding
domain. Indeed, the fourth position of substitution on the
porphyrin has been used to graft a tailed base to probe its effect
on the catalytic activity.


The synthetic route to the final Fe ± Cu complexes 3 c and 5 c is
outlined in Scheme 1. The a,a,a,a atropisomer[13] of the meso-
(tetra-o-aminophenyl)porphyrin (TAPP)[5] is singly acetylated
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Scheme 1. Synthesis of iron(II) ± copper(I) quinolinoyl picket porphyrins.
i) 3-quinoline acyl chloride, NEt3 , THF ; ii) TFA, CH2Cl2 ; iii) 3-chloromethylbenzoyl
chloride, NEt3 , THF ; iv) Im, NaI, THF, 55 8C, N2 , darkness; v) 2-MeIm, NaI, THF, 55 8C,
N2 , darkness ; vi) FeBr2 , 2,6-lutidine, THF, 55 8C; vii) CuBr, CH3CN, 80 8C. Im� imi-
dazole ; Tr� trityl� triphenylmethyl.


(!1) with acetyl chloride to finally obtain the desired three-
picket porphyrin 3 a by addition of 3-quinoline acyl chloride. Iron
insertion in the porphyrin leaves the second site of metallation
free for copper(I) complexation, which represents the last step
before addition of a 100- to 1000-fold excess of the nitrogenous
base (1,2-dimethylimidazole) to stabilize the iron(II) center as a
five-coordinate complex. To compare[6] the effect of an intra-
molecular base, the analogous complex with a tailed base, 4 a,
was synthesized starting from the recently described mono-
protected trityl porphyrin 2 (Scheme 1).[7] Grafting of quinolinoyl
pickets is followed by deprotection of the trityl group, leading to
an open face of the porphyrin, which can be functionalized at
will. As first described by Chang and Young,[8] 3-chloromethyl-
benzoyl chloride was used to link imidazole or 2-methylimida-
zole to the porphyrin.[9]


Electrochemical studies with a rotating electrode[10] were
carried out to compare the catalytic activity of the newly
synthesized compounds. The primary goal of this investigation
was to shed light on the role of the copper cation bound to the
distal nitrogenous site, more precisely to know if its presence is
essential for the catalytic 4 eÿ reduction of O2 to H2O. The second
motivation for this comparison was to examine the part played
by the N-base, the axial ligand of the iron of the porphyrin, and
particularly if this base is more efficient when attached to the
macrocycle. The compounds reported in the present study, like
other models already described in the literature, bind dioxygen
reversibly in aprotic solvents when only a five-coordinate iron(II)


center is present. Under identical experimental conditions, when
copper(I) is bound to the distal nitrogenous site, the dioxygen
fixation is irreversible, which suggests that O2 interacts with the
two metal centers.[4a] The activity for the reduction of O2 has
been tested with catalysts adsorbed onto highly ordered
graphite electrodes (edge-plane graphite electrode, EPGE), in
contact with an aqueous solution at an acidity level close to the
physiological pH value, at which cytochrome c oxidase operates
as a 4 eÿ catalyst.[1]


The reduction of O2 at an electrode modified with the Fe ± Cu
complex 3 c begins at 0.15 V vs. SCE (Figure 2, curve b). From the
comparison with the 2 eÿ reduction wave on bare EPGE, the


Figure 2. Rotating-ring ± disk voltammetry for O2 reduction. The graphite disk
was impregnated with 3 b (curve a) or 3 c (curve b), 1,2-dimethylimidazole was
used as an exogenous base. For recording curve c, a bare graphite electrode
(EPGE) was used. (pH� 6.86, rotational speed� 100 rpm, SCE as reference
electrode, pO2� 1 atm, potential of the platinum ring electrode� 0.8 V.) At the
disk, dioxygen is reduced to water or hydrogen peroxide ; hydrogen peroxide
produced at the disk is oxidized when reaching the ring.


number of electrons exchanged per O2 molecule is 3.4 ± 3.3. H2O2


is detected through its oxidation, as soon as O2 is reduced, from
the current rise at the platinum electrode encompassing the
graphite disk. This means that the 2 eÿ and 4 eÿ reduction
mechanisms occur simultaneously; however, the production of
H2O2 is higher, at about the half-wave potential for the O2


reduction, in the activation region of this process. Unfortunately,
the catalyst is rapidly degraded by H2O2, as proved by
consecutive scans, so that the apparent number of electrons
for the electrocatalytic reduction is only an approximate figure.
Nevertheless, much of O2 reaching the electrode by diffusion is
reduced through the 4 eÿ mechanism. The compound without
copper, 3 b, is also a mixed 2 eÿ/4 eÿ catalyst for the electro-
reduction of O2 , with the apparent number of electrons
exchanged per O2 molecule even higher (ca. 3.5) than for 3 c
(Figure 2, curve a). This comparison between the Fe and Fe ± Cu
complexes and the fact that the iron-only compound is even
more efficient than the Fe ± Cu derivative, is of considerable
importance in the understanding of the catalytic cycle of
cytochrome c oxidase models. The results obtained with the
present series of compounds are somewhat similar to the
observations for the tren-capped ªArborº models:[4c] These iron-
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only complexes are better 4 eÿ catalysts than the iron ± copper
analogues which catalyze both the 2 eÿ and 4 eÿ reductions.
There are two possibilities to explain these observations: 1) The
copper center does not interfere with the O2 molecule bound to
the iron during the reduction reaction; 2) the labile copper ion of
the tris(N-base) complex is no longer coordinated when the
catalyst adsorbed onto the graphite electrode is in contact with
the aqueous solution. It has to be pointed out that in the articles
published about compounds similar to the ones of the present
study[4a,g] no proof of the presence of copper in the molecules
adsorbed onto the working electrode has been reported. The
quinolinoyl picket molecules described here are not as efficient
as the tren-capped porphyrins examined earlier ;[4c] however,
the essential structural parameter for the 4 eÿ reduction does
not become evident from the comparison of the two series of
results.


The experimental results also provide information about the
role of the N-base as axial ligand of the iron. The catalytic activity
of 4 b, 5 b, and 5 c, compounds with a base covalently linked to
the iron porphyrin, is shown in Figure 3. If the voltammograms
observed with 3 b (Figure 2, curve a) or 4 b (Figure 3, curve a) are


Figure 3. Rotating-ring ± disk voltammetry for O2 reduction. The graphite disk
was impregnated with 4 b (curve a), 5 b (curve b) with a tailed Im base, or 5 c
(curve c) with a tailed 2-MeIm base. For recording curve d, a bare graphite
electrode (EPGE) was used. (pH� 6.86, rotational speed� 100 rpm, SCE as
reference electrode, pO2� 1 atm, potential of the platinum ring electrode� 0.8 V.)


compared, it clearly appears that anchoring an N-base as a
potential fifth ligand for the iron center does not improve the
efficiency of O2 reduction. From Figures 2 and 3, two categories
of catalysts can be distinguished. In the voltammograms of 5 c,
3 c, and 3 b, the intensity of the current for the reduction of O2 at
the graphite disk increases quite steeply. A plateau is reached,
which means that the limiting step of the reduction reaction is
the mass transport of O2 in the solution, and not the electron
exchange rate (at potentials lower than ÿ0.25 V). However, the
slow O2 transport in solution has to be stressed; the speed of
rotation of the electrode (100 rpm) was chosen in order to make
sure that in the plateau phase, mass transport would be limiting
and, as a consequence, that the current would be proportional
to the number of electrons exchanged. For these compounds,
the oxidation current of H2O2, detected at the platinum ring,
increases as soon as the O2 reduction starts at the modified
graphite disk; the production of H2O2 reaches a maximum and


then decreases. This means that H2O2 is produced as soon as O2


is reduced and that the 4 eÿ reduction is activated more
efficiently than the 2 eÿ reduction. In contrast, the reduction
current catalyzed by 4 b and 5 b never reaches a plateau. More
striking is the fact that even when the reduction current reaches
the level observed for 5 c (Figure 3), 3 c, and 3 b (Figure 2), the
amount of H2O2 produced is lower for the catalysts 4 b and 5 b.
One plausible explanation for this observation is that the
activation of the two reduction mechanisms (4 eÿ and 2 eÿ) is
slower for 4 b and 5 b and that the reduction is limited by the
electron exchange rate or the chemical reactions at the
electrode. There is no obvious explanation for these observa-
tions since Fe and Fe ± Cu complexes, with or without a
covalently bound axial N-ligand, belong to each of the two
categories of catalysts. As the kinetics of the catalytic process is
limiting, the number of active sites, that is of adsorbed
molecules, has certainly a major impact on the reduction.
However, positive experimental results for the estimation of the
surface concentration of the catalysts on graphite are not
available, even differential pulse polarography and square-wave
voltammetry failed. Moreover, as stated above, the degradation
of the catalysts during the reduction of O2 is rather rapid so that
the surface concentration of the active molecules is certainly not
constant during a voltammogram. This degradation also pre-
vents more sophisticated experiments on the kinetics of the
electrode reaction, such as a Koutecki ± Levich analysis of the O2


reduction waves.
The compounds reported in the present study, as well as the


ªArborº porphyrins studied earlier, are model compounds of CcO
that do not have an attached nitrogen base but promote the 4 eÿ


reduction of O2. The role of the copper ion for the catalytic
activity is also a matter of debate. Nevertheless, two explan-
ations seem consistent with our observations concerning the
quinolinoyl picket porphyrins. The first one has been advanced
by Rousseau et al. who have proposed that the copper(I) ion only
serves as a pre-storage site for dioxygen, which might bind more
rapidly to copper(I) than to iron(II).[11] In that case, the copper ion
would not really participate in the catalytic cycle. The second
hypothesis has been proposed by Yoshikawa et al. The tyrosine
residue (Tyr 244), present on the distal side of the active site of
the enzyme, might be involved in catalysis, as its proton could
cooperate with the iron ion in the formation of a hydroperoxo
complex (FeIII-O-OH) when electrons and protons are supplied.
The involvement of the copper ion would lead to an inactive
peroxo complex (FeIII-O2-CuII) when the electron/proton flow
becomes insufficient.[12]


In conclusion, these new picket porphyrins are efficient
catalysts for the electroreduction of dioxygen to water, with or
without copper in the distal side of the porphyrin and whether
or not a tailed nitrogen base stabilizes iron(II) as a five-coordinate
complex. To our knowledge, this is the first time that such
comparisons have been made to find out precisely which
features are really necessary to elaborate a functional biomi-
metic model of CcO. From our point of view, this could be a key
point in the understanding of the catalytic cycle. These results,
together with the study of ªArborº porphyrins, do not support
the formation of a peroxo-bridged FeÐCu species as the active
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intermediate in the catalytic cycle of our model compounds but
are consistent with the formation of an iron-only (peroxo)
complex, which may or may not be protonated. It is now clear
that the copper ion is not indispensable for the 4 eÿ reduction of
oxygen at physiological pH, at which these model compounds
are adsorbed onto a graphite electrode. In the enzyme, where
many steps such as O2 or H� transport and eÿ transfer are
different, Cu ions could play an essential role in one of these
events. A new generation of compounds is already under
investigation to improve our understanding of the important
features of the catalytic activity of CcO.


Experimental Section


(5a-Acetyl)porphyrin 1: Acetyl chloride (115 mL, 1.1 mmol) was
slowly added to a mixture of a,a,a,a-5,10,15,20-tetra(o-aminophe-
nyl)porphyrin[5] (1 g, 1.48 mmol) dissolved in THF and triethylamine
(210 mL, 3.0 mmol) at 0 8C to yield 490 mg (0.68 mmol, 46 %) of 1.
1H NMR (500 MHz, CDCl3, 25 8C): d� 8.96 (br. s, 4 H; Hb-pry) ; 8.95 (d,
3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.81 (d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ; 8.73
(d, 3J(H,H)�8.0 Hz, 1 H; Haro) ; 8.01 (d, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 7.89
(d, 3J(H,H)� 7.5 Hz, 3 H; Haro) ; 7.86 (t, 3J(H,H)�8.0 Hz, 1 H; Haro) ; 7.64 (t,
3J(H,H)� 8.0 Hz, 3 H; Haro) ; 7.53 (t, 3J(H,H)�8.0 Hz, 1 H; Haro) ; 7.22 (t,
3J(H,H)� 7.5 Hz, 3 H; Haro) ; 7.15 (d, 3J(H,H)� 7.5 Hz, 3 H; Haro) ; 6.82 (s,
1 H; NHCO); 3.53 (br. s, 6 H; NH2); 1.27 (s, 3 H; CH3); ÿ2.66 (s, 2 H;
NHpyr) ; MS (FAB): m/z (%): 716.7 (100) [M]� . ; elemental analysis (%):
calcd for C46H36N8O ´ 2 H2O: C 73.39, H 5.36, N 14.88; found: C 73.80, H
4.92, N, 15.10.


(5a-Acetyl)-(10,15,20-a,a,a-quinolinoyl-picket)porphyrin 3 a :
Step i: 3-quinolinecarboxylic acid chloride was prepared starting
from the acid (180 mg, 1.04 mmol) by refluxing it overnight in thionyl
chloride. The mixture was dried, redissolved in benzene, filtered, and
dried again. 170 mg of quinolinecarboxylic acid chloride (0.88 mmol,
85 %) was obtained. It was analyzed by 1H NMR spectroscopy in the
form of its ethyl ester derivative. 1H NMR (500 MHz, CD3OD, 25 8C):
d�9.74 (d, 4J(H,H)�1.5 Hz, 1 H; Haro) ; 9.67 (q, 4J(H,H)� 2.0 Hz, 1 H;
Haro) ; 8.53 (d, 3J(H,H)� 8.5 Hz, 1 H; Haro) ; 8.41 (d, 3J(H,H)� 8.5 Hz,
4J(H,H)� 2.0 Hz, 1 H; Haro) ; 8.33 (d, 3J(H,H)� 7.0 Hz, 4J(H,H)� 1.5 Hz,
1 H; Haro) ; 8.09 (d, 3J(H,H)� 7.0 Hz, 4J(H,H)�1.0 Hz, 1 H; Haro) ; 4.57 (q,
3J(H,H)� 7.0 Hz, 2 H; CH2); 3.62 (t, 3J(H,H)� 7.0 Hz, 3 H; CH3). In a
100 mL round-bottom flask equipped with a stirring bar and
nitrogen inlet, compound 1 (160 mg, 0.21 mmol) was dissolved in
50 mL of freshly distilled THF and 0.1 mL of dry NEt3 . 3-Quinoline-
carboxylic acid chloride (140 mg, 0.74 mmol) dissolved in THF was
added over 1 h. After incubation overnight, the mixture was dried,
redissolved in CH2Cl2 , washed with sat. aq NaHCO3, and purified by
flash chromatography on a silica gel column. 218 mg of 3 a
(0.18 mmol, 88 %) were obtained. 1H NMR (500 MHz, CDCl3, 25 8C):
d�9.14 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 9.09 (d, 3J(H,H)� 4.7 Hz, 2 H;
Hbpyr) ; 8.99 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.86 (d, 3J(H,H)� 4.7 Hz,
2 H; Hbpyr) ; 8.81 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.72 (d, 3J(H,H)�7.5 Hz,
1 H; Haro) ; 8.57 (s, 1 H; NHCO); 8.48 (d, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 8.24
(d, 3J(H,H)�7.5 Hz, 2 H; Haro) ; 8.18 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.03
(s, 2 H; NHCO); 7.96 (t, 3J(H,H)� 8.0 Hz, 3 H; Haro) ; 7.83 (d, 3J(H,H)�
7.5 Hz, 1 H; Haro) ; 7.80 (t, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 7.71 (m, 4 H); 7.56 (s,
2 H; Haro) ; 7.47 (t, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 7.34 (s, 2 H; Haro) ; 7.12 (m,
4 H); 6.95 (m, 5 H); 6.80 (d, 3J(H,H)�7.5 Hz, 1 H; Haro) ; 6.63 (d, 3J(H,H)�
7.5 Hz, 2 H; Haro) ; 0.44 (s, 3 H; CH3); ÿ2.37 (s, 2 H; NHpyr) ; UV/Vis
(CH2Cl2): lmax (e)�423 (Soret, 305 400), 517 (20 400), 551 (6000), 590
(6900), 645 (2900 molÿ1 dm3 cmÿ1) ; HR-MS (liquid secondary ion MS,


LSIMS): m/z (%): calcd for C76H52N11O4 1182.4204 [M�H]� , found
1182.4253 (100); elemental analysis (%): calcd for C76H51N11O4 : C 77.21,
H 4.35, N 13.03; found: C 76.89, H 4.49, N 13.07.


3 b : Step vi: In a glove box (dioxygen concentration less than 1 ppm),
3 a (20 mg) was dissolved in THF and heated to 55 8C. Then, ten drops
of 2,6-lutidine and a fivefold excess of iron(II) bromide were added.
After 5 h the mixture was dried, redissolved in CH2Cl2 , filtered over a
Celite plug, and dried again; yield 90 %. 1H NMR (500 MHz, [D5]pyr-
idine, 50 8C): d� 9.71 (s, 2 H; NHCO); 9.35 (s, 1 H; NHCO), 8.95 (d,
3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.93 (d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ; 8.90
(d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.83 (d, 3J(H,H)� 8.0 Hz, 3 H; Haro) ; 8.77
(d, 3J(H,H)� 8.0 Hz, 1 H; Haro) ; 8.74 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.53
(d, 4J(H,H)� 2.0 Hz, 2 H; Haro) ; 8.45 (s, 2 H); 8.39 (s, 1 H); 8.27 (d,
4J(H,H)� 2.0 Hz, 1 H; Haro) ; 8.16 (d, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 8.02 (d,
3J(H,H)� 7.5 Hz, 1 H; Haro) ; 7.79 (m, 6 H); 7.70 (m, 3 H); 7.50 ± 7.43 (m,
8 H); 7.38 ± 7.28 (m, 6 H); 0.87 (s, 3 H; CH3); HR-MS (LSIMS): m/z (%):
calcd for C76H50N11O4Fe 1236.3397 [M�H]� , found 1236.3382 (100).
The reversible oxygenation of the iron(II) complex stabilized by 1,2-
dimethylimidazole was verified by UV/Vis spectroscopy.


3 c : Step vii : In a glove box, 3 b was dissolved in CH3CN and refluxed.
CuBr was added in excess and heating was continued for 12 h. After
filtration of the salt, a 100- to 1000-fold excess of the nitrogen base
(1,2-dimethylimidazole) was added to stabilize the complex. Inser-
tion of copper was verified by EPR measurements at 100 K
comparing the oxidized form of the complex 3 b, which is
characterized by its classical high-spin iron(III) porphyrin signal
centered at g� 6, and the oxidized form of 3 c, which did not
exhibit any signal at 100 K. This feature, already observed with other
model compounds, is explained by an antiferromagnetic coupling
between the two metal centers. The irreversible oxygenation of the
iron(II) ± copper(I) species was then observed by UV/Vis spectroscopy.


(5b-Im)-(10,15,20-a,a,a-quinolinoyl-picket)porphyrin 4 a : Step i:
The same procedure used for the synthesis of 3 a was used but
starting from the recently described b,a,a,a-5,10,15,20-tetra(o-
aminophenyl)porphyrin, of which the amino function at the
b position is protected by a trityl group (2 ; 200 mg, 0.22 mmol).[5]


240 mg of (5b-trityl)-(10,15,20-a,a,a-quinolinoyl-picket)porphyrin
(0.18 mmol, 80 %) were obtained. 1H NMR (500 MHz, [D5]pyridine,
25 8C): d� 10.51 (s, 1 H; NHCO); 10.48 (s, 2 H; NHCO); 9.23 (d,
3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 9.20 (d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ; 9.16
(d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ; 9.10 (d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ;
8.88 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.67 (d, 3J(H,H)� 8.0 Hz, 1 H; Haro) ;
8.53 (d, 4J(H,H)� 1.5 Hz, 1 H; Haro) ; 8.49 (br. s, 2 H); 8.36 (d, 3J(H,H)�
7.5 Hz, 1 H; Haro) ; 8.27 (m, 3 H); 8.08 (br. s, 1 H); 7.96 (m, 3 H); 7.88 (br. s,
2 H); 7.72 (m, 3 H); 7.58 (d, 3J(H,H)�7.5 Hz, 1 H; Haro) ; 7.41 (d, 3J(H,H)�
8.0 Hz, 2 H; Haro) ; 7.35 (d, 4J(H,H)�1.0 Hz, 1 H; Haro) ; 7.25 (m, 7 H); 7.12
(t, 3J(H,H)� 7.5 Hz, 2 H; Haro) ; 7.04 (t, 3J(H,H)�7.5 Hz, 1 H; Haro) ; 6.94 ±
6.81 (m, 15 H); 6.71 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ;ÿ2.59 (s, 2 H; NHpyr) ;
MS (FAB): m/z (%): 1382.6 (100) [M�H]� . Step ii : By reacting the
product of step i with TFA in CH2Cl2 , 190 mg of (5b-amino)-(10,15,20-
a,a,a-quinolinoyl-picket)porphyrin (0.17 mmol, 95 %) were obtained.
1H NMR (500 MHz, CDCl3 , 25 8C): d� 9.09 (d, 3J(H,H)�4.7 Hz, 2 H;
Hbpyr) ; 9.07 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.99 (d, 3J(H,H)� 4.7 Hz,
2 H; Hbpyr) ; 8.91 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.84 (d, 3J(H,H)�
8.0 Hz, 1 H; Haro) ; 8.67 (d, 3J(H,H)� 7.5 Hz, 2 H; Haro) ; 8.48 (s, 1 H);
8.42 (d, 3J(H,H)�7.5 Hz, 4J(H,H)� 1.0 Hz, 2 H; Haro) ; 8.21 (d, 3J(H,H)�
7.5 Hz, 4J(H,H)�1.5 Hz, 1 H; Haro) ; 8.04 (d, 4J(H,H)�2.0 Hz, 2 H; Haro) ;
7.99 ± 7.95 (m, 4 H); 7.75 (t, 3J(H,H)� 7.5 Hz, 4J(H,H)� 1.5 Hz, 3 H; Haro) ;
7.71 (t, 3J(H,H)� 7.5 Hz, 4J(H,H)� 1.0 Hz, 2 H; Haro) ; 7.47 (t, 3J(H,H)�
7.5 Hz, 4J(H,H)�1.5 Hz, 1 H; Haro) ; 7.44 (d, 4J(H,H)� 2.0 Hz , 1 H; Haro) ;
7.31 (d, 3J(H,H)� 7.5 Hz, 4J(H,H)� 1.0 Hz, 1 H; Haro) ; 7.13 (m, 1 H); 7.00
(d, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 6.99 ± 6.94 (m, 2 H); 6.84 (t, 3J(H,H)
�7.5 Hz, 4J(H,H)� 1.0 Hz, 1 H; Haro) ; 6.76 (m, 8 H); 6.33 (br. s, 3 H;
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NHCO); 5.37 (br. s, 2 H; NH2); ÿ2.28 (s, 2 H; NHpyr) ; MS (FAB): m/z (%):
1139.9 (100) [M]� . . Step iii : By reacting the product of step ii with
3-chloromethylbenzoyl chloride in THF and NEt3 , 130 mg of (5b-
chlorobenzyl)-(10,15,20-a,a,a-quinolinoyl-picket)porphyrin (0.10
mmol, 60 %) were obtained. 1H NMR (500 MHz, CDCl3, 50 8C): d�
9.09 (d, 3J(H,H)�4.7 Hz, 2 H; Hbpyr) ; 9.07 (d, 3J(H,H)� 4.7 Hz, 2 H;
Hbpyr) ; 8.99 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.85 (d, 3J(H,H)� 4.7 Hz,
2 H; Hbpyr) ; 8.78 (d, 3J(H,H)� 8.0 Hz, 1 H; Haro) ; 8.76 (d, 3J(H,H)� 8.0 Hz,
4J(H,H)� 1.5 Hz, 1 H; Haro) ; 8.70 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.34 (m,
3 H); 8.17 (d, 3J(H,H)�7.5 Hz, 4J(H,H)� 1.5 Hz, 1 H; Haro) ; 7.99 ± 7.93 (m,
5 H); 7.86 (br. s, 2 H); 7.78 (t, 3J(H,H)�8.0 Hz, 4J(H,H)� 1.5 Hz, 1 H; Haro) ;
7.73 ± 7.69 (m, 4 H); 7.60 (d, 3J(H,H)� 7.5 Hz, 1 H; Haro) ; 7.50 (m, 1 H);
7.32 ± 7.39 (m, 3 H); 7.05 (d, 3J(H,H)�8.0 Hz, 1 H; Haro) ; 7.00 (t, 3J(H,H)�
7.5 Hz, 1 H; Haro) ; 6.95 (t, 3J(H,H)�7.5 Hz, 1 H; Haro) ; 6.91 ± 6.81 (m, 6 H);
6.56 m, 2 H); 6.46 (br. s, 2 H); 6.43 (t, 3J(H,H)� 7.5 Hz, 4J(H,H)� 1.5 Hz,
1 H; Haro) ; 6.24 (s, 1 H); 5.53 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 3.44 (s, 2 H;
CH2); ÿ2.19 (s, 2 H; NHpyr) ; MS (FAB): m/z (%): 1291.4 (100) [M]� . .
Step iv: By reacting the product of step iii with imidazole (Im) and NaI
in THF at 60 8C in the dark, 20 mg of (5b-Im)-(10,15,20-a,a,a-
quinolinoyl-picket)porphyrin (0.015 mmol, 30 %) were obtained.
1H NMR (500 MHz, CDCl3, 50 8C): d� 9.09 (d, 3J(H,H)� 4.7 Hz, 2 H;
Hbpyr) ; 9.07 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 9.01 (d, 3J(H,H)� 4.7 Hz,
2 H; Hbpyr) ; 8.85 (d, 3J(H,H)� 4.7 Hz, 2 H; Hbpyr) ; 8.79 (d, 3J(H,H)�
8.0 Hz, 1 H; Haro) ; 8.74 (d, 3J(H,H)� 8.0 Hz, 1 H; Haro) ; 8.69 (d,
3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.29 (d, 3J(H,H)� 7.5 Hz, 4J(H,H)� 1.5 Hz,
2 H; Haro) ; 8.25 (s, 1 H); 8.17 (d, 3J(H,H)�7.5 Hz, 4J(H,H)� 1.5 Hz, 1 H;
Haro) ; 8.00 ± 7.94 (m, 4 H); 7.90 (br. s, 2 H); 7.79 (m, 2 H); 7.72 (t, 3J(H,H)�
7.5 Hz, 4J(H,H)� 1.5 Hz, 3 H; Haro) ; 7.60 (d, 3J(H,H)�7.5 Hz, 4J(H,H)�
1.5 Hz, 1 H; Haro) ; 7.43 (m, 1 H); 7.30 (t, 3J(H,H)�7.5 Hz, 4J(H,H)� 1.5 Hz,
1 H; Haro) ; 7.07 (d, 3J(H,H)� 7.5 Hz, 4J(H,H)�2.0 Hz, 1 H; Haro) ;
7.01 ± 6.93 (m, 4 H); 6.88 (t, 3J(H,H)� 7.5 Hz, 4J(H,H)�1.5 Hz, 2 H; Haro) ;
6.82 (d, 3J(H,H)�8.0 Hz, 1 H; Haro) ; 6.74 (s, 1 H); 6.53 (d, 3J(H,H)�
7.0 Hz, 4J(H,H)� 1.5 Hz, 1 H; Haro) ; 6.50 ± 6.42 (m, 5 H); 6.56 (m, 2 H);
6.38 (d, 3J(H,H)� 8.0 Hz, 4J(H,H)� 1.0 Hz, 1 H; Haro) ; 6.36 (m, 1 H); 6.27
(m, 1 H); 5.61 (t, 4J(H,H)� 1.0 Hz, 1 H; Haro) ; 5.57 (d, 3J(H,H)� 8.0 Hz ,
2 H; Haro) ; 3.95 (s, 2 H; CH2); ÿ2.19 (s, 2 H; NHpyr) ; HR-MS (LSIMS): m/z
(%): calcd for C85H57N13O4Na 1346.4554 [M�Na]� , found 1346.4554
(100).


(5b-2-MeIm)-(10,15,20-a,a,a-quinolinoyl-picket)porphyrin 5 a :
Steps i ± iii are identical to those described for the synthesis of 4 a.
Step v: By reacting the product of step iii with 2-methylimidazole
and NaI in THF at 60 8C in the dark, 40 mg of 5 a (0.03 mmol, 60 %)
were obtained. 1H NMR (500 MHz, CDCl3 , 50 8C): d� 9.10 (d, 3J(H,H)�
5.0 Hz, 2 H; Hbpyr) ; 9.07 (d, 3J(H,H)� 5.0 Hz, 2 H; Hbpyr) ; 9.03 (d,
3J(H,H)� 5.0 Hz, 2 H; Hbpyr) ; 8.87 ± 8.82 (m, 3 H); 8.73 (d, 3J(H,H)�
8.3 Hz, 1 H; Haro) ; 8.64 (d, 3J(H,H)� 8.0 Hz, 2 H; Haro) ; 8.47 (s, 1 H);
8.33 (d, 3J(H,H)�7.6 Hz, 4J(H,H)� 1.1 Hz, 2 H; Haro) ; 8.20 (d, 3J(H,H)�
7.6 Hz, 4J(H,H)�1.1 Hz, 1 H; Haro) ; 8.11 (d, 4J(H,H)�1.7 Hz, 1 H; Haro) ;
8.01 ± 7.94 (m, 4 H); 7.79 ± 7.71 (m, 5 H); 7.53 (d, 3J(H,H)�7.6 Hz,
4J(H,H)� 1.1 Hz, 1 H; Haro) ; 7.34 ± 7.25 (m, 4 H); 7.18 (d, 3J(H,H)� 8.0 Hz,
1 H; Haro) ; 7.01 ± 6.91 (m, 2 H); 6.75 (m, 4 H); 6.68 (d, 3J(H,H)� 8.3 Hz,
2 H; Haro) ; 6.46 ± 6.34 (m, 4 H); 6.29 (m, 2 H); 6.21 (s, 1 H); 5.67 (m, 3 H);
3.91 (s, 2 H; CH2); 1.58 (s, 3 H; CH3); ÿ2.34 (s, 2 H; NHpyr).


5 d : By reacting 5 a (20 mg, 0.015 mmol) with CuBr in MeOH at 50 8C
and then with 1 M HCl, 20 mg (0.014 mmol, 95 %) of 5 d were
obtained. UV/Vis (CH2Cl2): lmax (e)� 428 (Soret, 228 300), 478 (4400),
550 (20 200), 595 (2200 molÿ1 dm3 cmÿ1) ; MS (MALDI-TOF, linear
mode): m/z (%): 1398.7 (100) [M]� . ; elemental analysis (%): calcd for
C87H59N13O4Cu ´ CH2Cl2 ´ CH3OH: C 69.67, H 4.19, N 12.00; found. C
69.54, H 3.94, N 11.64. Steps vi and vii are identical to those described
for the synthesis of 3 b and 3 c, without the need for stabilization of
the compounds with an exogenous base.


Electrochemical studies : The diameter of the edge-plane graphite
electrode was 6 mm; the collecting efficiency of the ring-disk
electrode was 27 % (Pine Instrument Co.). The graphite electrode is
modified by dipping it for 5 min in the solution of the catalyst in
CHCl3. A bipotentiostat (Solea-Tacusel) pilots the disk potential,
whereas the platinum ring is maintained at 0.8 V vs. SCE for
experiments in a phosphate buffer (0.025 M KH2PO4 , 0.025 M Na2HPO4,
pH 6.86).
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