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Abstract—As a structural feature of specialized cell walls, suberization remains an enigma, despite its obvious
importance both during normal growth and development and as a stress response in plants. While it is clear
that suberized tissues contain both polyaromatic and polyaliphatic domains, and that each of these has its own
unicue characteristics, whether there is a contiguous macromolecule that can be called suberin is an open
question. From a structural perspective, the aromatic domain is unique and distinct from lignin, and is
apparently comprised primarily of (poly)hydroxycinnamates. such as amides (e.g.. ferulovltyramine). The
aliphatic domain is also unique. being quite distinct from cutin in terms of both its chemical composition and
cellular location. In the present paper, histochemical. structural and biochemical data, particularly regarding
the polyaromatic domain of suberized tissues, are critically reviewed. A revised description of the polyaromatic
domain of suberized tissues. based on the consensus that is emerging from the current data. is presented and
especially includes a spatially distinct (poly)hydroxycinnamoyl-containing macromolecule. ¢ 1998 Elsevier
Science Ltd. All rights reserved

[HE SUBERIN ENIGMA vessels and phloem fibres [3, 4]. The aliphatics are alsc
found in distinct forms, for example, as extracellular
cutin or intracellular' suberin matrices [5, 6].
Amongst the various cell wall polymeric assemblies.
suberization stands out as something of an anomaly,
because it apparently involves the deposition of both
polyaromatic and polyaliphatic domains [5, 6] within
the same cell/tissue type. In terms of a function, it
contributes to both cell wall strength and resistance
to water loss during plant growth and development
and may even predate lignification in land plant
colonization [3]. It is also considered to be an impor-
tant component of the wound- [5-15] and pathogen-
induced [16-18] defence responses of many plant
species. Under these stress conditions, its rapid, local
deposition serves to prevent water loss through
exposed and injured tissues, as well as to form a
physical barrier to opportunistic pathogens and to the

Over the course of evolution, plants evolved from a
common single-celled aquatic ancestor into the myr-
iad of aquatic and land-based species present today
(e.g. [1, 2]). In making the terrestrial transition, the
effects of a dry land habitat, such as desiccation, alter-
ations in gravitational load perception and increased
compressive forces had to be overcome [3]. This, in
large part, was achieved through tissue-specific modi-
fications of plant cell walls involving, for example,
deposition of various (poly)aromatic and;or aliphatic
matrices [3]. Interestingly, the former can range in
complexity from simple phenolics to polymers such as
those found in suberized periderm and lignified xylem
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" For the purpose of this review, intrucellular is defined as But what of its identity in terms of biosynthetic
including the primary cell wall. pathway(s), building blocks and macromolecular
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Scheme 1. Phenolic metabolites associated with lignified and suberized tissues, including derivatives isolated after chemical
degradution. Side chain carbons of L-phenylalanine 6a are numbered according to the 99% atom “C stable isotopes of 6a
used for labelling studies (e.g. [21]).

structure? Within the literature there are conflicting
descriptions of suberin. These ranging from a “fatty
substance in the cell wall of cork tissue and in the
Casparian strip of the endodermis™ [19] to a hetero-
polymer comprising both aromatic and aliphatic
domains, found in the epidermal tissues of under-
ground plant parts and periderm [5, 6]. This uncer-
tainty has largely been due to the fact that it is not yet
possible to obtain “pure’ suberin in its native state.
structurally intact and free from other contaminants
[20. 21]. Accordingly, the question of suberin con-
stitution, and hence even its definition, has not been
resolved. Moreover, like almost every other plant
polymeric cetl wall constituent, the matter of its
macromolecular assembly has nof been established.
The intractable polyaromatic domain of suberin has
often been likened to that of lignin {5, 6]. which is
primarily derived from the polvmerization of mono-
lignols l1a—c (Scheme 1). The evidence for a putative
lignin domain in suberized tissues (reviewed in {5. 6})
was largely based on the application of degradative

techniques, originally developed for the analysis of
lignins [reviewed in 22, 23] to suberized tissues. Thus,
alkaline nitrobenzene oxidation of suberized potato
tubers gave substituted benzaldehydes 2a—c which, at
that time, were viewed as markers for lignin [reviewed
in 22]. Recently, non-destructive techniques (i.e.,
specific ''C-labelling followed by solid state '*C NMR
spectroscopy in situ [21, 24-26]) as well as the more
selective degradation method of thioacidolysis (e.g.
[23, 271) bave been developed and applied to both
lignifying (e.g. [24-27]) and suberizing (i.e., potato)
[21, 28. 29] tissues. The results obtained for suberized
potato tuber tissues gave a new perspective. They
revealed the polyaromatic domain of suberin in this
Solanaceous species as a hydroxycinnamate-derived
polymer [21], primarily comprised of ferulic acid 3b
and N-feruloyltyramine 3h [29], rather than a typical
lignin.

Similarly. the aliphatic domain of suberin was first
considered to resemble that of cutin [5], but again was
later found to be quite distinct both morphologically
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and chemically. For example, the aliphatics in sub-
erized tissues are located between the primary cell wall
and the plasmalemma,” whereas cutin is formed as a
continuous layer on the surface of external tissues
such as stems, fruits, flowers and leaves [5, 6, 19].
When revealed using histochemical staining coupled
with electron microscopy, the aliphatics of suberized
tissues typically display a characteristic multi-lamellar
structure {5, 6, 19, 30]. They also generally contain
longer chain fatty acids (i.e., > 20 carbon units) than
those that are cutinized and are also distinguished
from the latter by the presence of x,w-dioic acids [30,
31]. Indeed, the presence of C-16 and/or C-18 alkan-
x,m-dioic acids is considered diagnostic {31]. By
conirast, cutins are largely comprised of shorter chain
length (i.e., <20 carbon units), but more highly sub-
stituted (i.e., di- and tri-hydroxy, as well as epoxy)
fatty acids, of which dihydroxyhexadecanoic acid is
viewed as diagnostic {31-33). Both aliphatic polymers
are partially cross-linked via ester linkages as evi-
denced by their susceptibility to alkaline hydrolysis
and they also contain associated waxes.

The role of suberization as a wound-healing matrix,
and its distinctive monomeric building blocks estab-
lish suberin (or at least suberized tissues) as both a
unique and distinct plant cell wall polymer relative to
lignins and cutins. At the present time, however, the
data on suberin and suberization is incomplete, often
conflicting and limited to just a few plant species. The
most comprehensive picture of “suberin™ has been
established from studies on a single plant organ,
namely the potato tuber. This review critically evalu-
ates our current understanding of the aromatic
domain of suberized tissues by attempting to interpret
the recent data regarding suberin and its macro-
molecular assembly.

SUBERIN AND THE SUBERIZATION PROCESS AS
REVEALED BY HISTOCHEMICAL AND
ULTRASTRUCTURAL STUDIES

Histochemical and ultrastructural analyses of plant
tissues often help clarify specific aspects of cellular
processes and reveal distinct morphological features
that are otherwise not readily observable in any other
way. Staining and fluorescence visualization tech-
nigues can be used to reveal the presence of specific
chemical functionalities in fresh or fixed tissue
sections. In order to be effective, however. the dyes
and/or probes used must be specific for the particular
component(s) of interest. Since suberized tissue com-
prises both aromatic and aliphatic moieties, com-
binations of stains are required for selective visual-

“In mature periderm, secondary wall formation occurs
after suberin deposition, resulting in the suberin lamellae
being sandwiched between the primary and secondary celiu-
Josic wall components (cf. (19, 30]).

ization. On the other hand, transmission electron
microscopy (TEM) of thin sections can reveal detailed
morphological and molecular features of tissues,
especially when used in combination with specific anti-
body probes. In general, thin sections are stained with
electron dense OsO, to provide contrast between cell
components.

Cell wall bound aromatics

Cell wall aromatics are easily detected in freshly
prepared or fixed sections due to their auto-
fluorescence under UV illumination. Aromatics bear-
ing a phenolic hydroxyl (i.e., phenolics) can be stained
with reagents that form characteristically coloured or
fluorescent adducts. For example, phloroglucinol-
HCI, and the Mdiule reaction or fluorescent probes
such as berberine/aniline blue or berberine/ruthenium
red [8. 9. 34], are commonly used due to their sel-
ectivity for phenolics. Such approaches are limited by
their inability to distinguish in any compelling manner
between the type of phenolic substance (ie.. low
molecular weight phenolics, lignin. suberin, etc.). In
suberized potato tuber, for example, both auto-
fluorescence and staining with berberine/aniline blue
or berberin/ruthenium red clearly indicate the pres-
ence of phenolics in the walls of cells immediatelv
below the exposed surface of the tissue (Fig. 1(a), (¢)):
that is. within the first 1-3 cell layers only.

Aliphatic components of cells

The aliphatic components of cells can be visualized
using any of the Sudan family of dves or fluorescent
dyes such as neutral red [34]. The Sudan dyes only
weakly stain the aliphatic domain of suberized tissues,
and generally cannot distinguish between suberin
associated aliphatics and other cell lipids [34]. Neutral
red has the advantage that its fluorescence enhances
its detection, but this is complicated by interference
from autofluorescent species (i.e.. cell wall bound phe-
nolics). This problem can be overcome by using com-
binations of stains designed to allow the selective vis-
ualization of neutral red (i.e., aliphatic) fluorescence.
For example, when neutral red is used in combination
with toluidine blue O, the latter suppresses cell wall
autofluorescence (under UV illumination) and allows
a more distinct visualization of the neutral red (i.e..
lipid) fluorescence [34]. When applied to suberized
wound periderm in potato. the aliphatic domain is
clearly revealed without any interfering background
fluorescence (Fig. 1(b)).

Transmission electron microscopy (TEM)

In thin sections prepared for transmission electron
microscopy (TEM) by staining with OsQ,, suberized
tissues are clearly distinguished by the presence of
alternating light and dark bands. or lamellae (Fig.
2). These lamellae are initially located between the
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primary cell wall and the plasma membrane, although
they later become sandwiched between the primary
and secondary cell walls in tissues that undergo cell
wall thickening [19, 30]. The presence of these lamellac
(as revealed by TEM) is considered diagnostic for
tissues that are suberized. They are found in the peri-
derm of a wide variety of plants, including both her-
baceous and woody species [8, 9, 19, 30]. The origin
of these lamellae has been attributed to alternating
layers of aromatics and aliphatics (e.g.. [5, 6]) but this
has not been proven unequivocally (see below).

As discussed below, in spite of their limitations,
histochemical and ultrastructural analyses of both
natural and wound-induced suberins, from her-
baceous and woody plants, have provided valuable
insight into two important aspects of the suberization
process:

(1) tissue specificity, and
(1) spatial segregation of the aromatic and aliphatic
domains.

Tissue specificity of suberization

Using Sudan dyes as a marker for suberin, the stain-
ing of a wide variety of plant tissues has demonstrated
that during normal growth and development of both
herbaceous and woody plants, suberized cells are pri-
marily located in the epidermal tissues of underground
plant parts (i.e.. roots, stolons. tubers, etc.) as well
as in the periderm (cork. bark) of aerial tissues that
undergo secondary thickening [19]. Suberization also
appears to be an integral component of Casparian
band formation in root endodermal layers [19, 35,
36]. The presence of characteristic lamellae in TEM
sections of these tissue types [19] supports this pattern
of deposition.

When suberization 1s induced by either wounding
[5--15] or pathogen attack [16- 18], staining of freshly
prepared sections with either Sudan dyes or neutral
red reveals that it is restricted to cells immediately
below (i.e., 2-3 cell layers) the exposed or attacked
surface(s) [S+17]. The presence of lamellac in TEM
sections is also restricted 10 these cells (e.g. [11]). Thus,
in general, the suberization of cell walls is restricted
to specific cells, both developmentally and in response
to stress.

Is there a spatial segregation of the aromatic and ali-
phatic domains in suberized tissues?

Selective visualization of either polyphenolics (with
the fluorescent probe berberine/aniline blue) or lipids
(with neutral red/toluidine blue O) in scrial sections
obtained from natural and wound-induced suberized
potato periderm, has revealed an important apparen?
spatial distinction between both domains [34]. The
polyphenolics (visualized using berberine;aniline blue
staining) appear to be predominantly within the pri-
mary cell wall, while the aliphatic component (visual-

ized with neutral red/toluidine blue O) is observed to
be restricted to the space between the plasmalemma
and the primary wall [34]. In other words. careful
examination of the staining patterns in differentially
stained, suberized potato tubers, suggests that the
deposition of aromatics and aliphatics are not
coincident. For example, the presence of aliphatics
apparently extends into deeper tissue layers than do
phenolics (compare Fig.1(a) and (b)). Similarly, when
serial sections from the same tissues are stained with
Sudan HI/IV and viewed under long wave fluorescent
light (365 nm), red staining lipid ribbons are clearly
distinguished from the autofluorescent (i.e., phenolic
containing) cell wall [34] (Fig. 1(c)). In some cells,
these ribbons have pulled away from the primary cell
wall, presumably due to plasmolysis. This again sug-
gests a distinct spatial orientation for the aliphatic
domain. Finally. fluorescent staining of lipids with
neutral red in combination with toluidine blue O (to
quench cell wall autofluorescence) shows a near
absence of staining in the intercellular space (Fig. 1(d)).
This is in stark contrast to the extensive berberine/
aniline blue fluorescence (i.e., phenolics) within the
same region (Fig. t(e)).

The apparent spatial segregation of the poly-
aromatic and polyaliphatic domains in suberized
potato tissues is also evident under conditions of
wound-induced suberization in other plant species
(e.g., woody angiosperms and gymnosperms [9] and
herbaceous dicots [8. 10, 14, 15]). In these cases, a
temporal pattern in the deposition of the individual
domains of suberin is observed, where the phenolics
are apparently detectable within the cell wall in
advance of any aliphatics, often by as much as a day
or two [8-10. 14, 15, 34]. When deposited later, the
aliphatics are revealed as lamellae under the TEM.
This is in marked contrast to the deposition of the
polymer lignin, which is often viewed as the final
cellular act prior to programmed cell death (e.g. [20]).

But what then of the lumellae apparent in TEM
sections of suberized tissues? If the aromatic and ali-
phatic domains are as clearly delineated as the staining
of suberized potato tubers suggests. then alternating
layers of aliphatic and aromatic components cannot
account for their presence. One hypothesis suggests
that the aliphatic components themselves provide
sufficient differences in polarity (i.e., some com-
ponents are somewhat amphipathic) that they arrange
themselves in a fashion analogous to membrane
bilayers [30]. However, this hypothesis requires experi-
mental verification.

In summary, the histochemical and ultrastructural
data obtained thus far for a variety of suberized tissucs
(including both herbaceous and woody species) result-
ing from either normal growth and development or
after stress-induction has provided new insight regard-
ing where the two domains of suberin are located
relative to each other. Based on these data, it can
be inferred that the aromatic domain is incorporated
within the primary cell wall matrix, while the aliphatic
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Fig. I. Histochemical anatomy of suberized potato tuber. Serial sections (5 um) of wound-healed potato tubers as revealed

by staining with (a) berberine/ruthenium red. (b. d) neutral red/toluidine blue O, (¢) Sudan [II/IV (viewed under long wave

UV light) and (e) berberine;aniline blue. The absence of lipid in cell walls that stain for phenolics is evident in (¢), and when

(a) is compared with (b), or (d) is compared with (¢). Of particular importance is the clear delineation of the intercellular

space when the tissue is stained with neutral red toluidine blue O (d). Sections are oriented with the cut surface at the top.

Scale bars are 100 pm (a. b. ¢) and 10 gm (d. ¢). A = autofluorescence, IS = intercellular space. ITW = inner tangential
wall. R = ribbon-like lamella. (Reproduced from Ref. [34] with permission.)
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Fig 2. Transmission electron microscopy of suberized potato periderm. Thin section cut from wound-healed potato periderm,
five days post wounding. Arrow indicates lamella characteristic of suberized tissues.

domain exists as a discrete component befnveen the
plasmalemma and the primary cell wall matrix. Conse-
quently, even though cells and tissues can be suber-
ized. the notion that suberin exists as a single het-
eropolymer is misleading. However. both domains
may well be covalently linked at their interface.

THE CONSTITUTION OF THE AROMATIC DOMAIN OF
SUBERIZED TISSUES: STRUCTURAL ANALYSIS

“The aromatic domain of suberin is described as
intractable since it has not yet been isolated in is
native state free from other constituents such as carbo-
hydrates [21, 22]. Based largely on chemical degra-
dation studies of suberized potato tubers, it was
initially imperfectly characterized as an alkyl-aryl
ether linked lignin-like polymer with esterified hydroxy-
cinnamic acids [3, 6]. The turning point in our under-
standing of its constitution came with the develop-
ment [24-26] and application [21] of specific carbon-
13 labelling techniques. which allowed it to be
“yiewed™ in its native state within the plant cell wall
matrix, using the non-destructive technique of solid
state '*C NMR spectroscopy. Additional and sup-
porting evidence next came from thioacidolysis stud-
ies. which confirmed and extended these observations
[29]. Numerous other analytical techniques were also
applied over the last 10-20 years to the analysis
of suberized tissues, including solvent extraction of
suberin-associated phenolics [4. 37-47], analysis of
putative polymeric materials presumed to represent
suberin [48-51] and identification of fragments
revealed by chemical degradation of suberin-enriched
tissues [13, 28, 29. 47]. These data are reviewed below
in an attempt o clarity the reasons for previous

difficulties in defining the polyaromatic domain in
suberized tissues.

Analysis of soluble phenolics that accumulate during
suberin formation

Analysis of organic solvent extractable components
of natural and wound-induced potato periderm [37,
38], stem bark of Doublas fir (Pseudotsugu menziesii)
[37. 39]. and other species [40. 41]. resulted in the
identification of a series of hydroxycinnamate esters
(principally ferulic acid 3b derived) linked to long
chain (i.e., C-16 1o C-32) alcohols (e.g.. 4). Similarly,
extraction of suberized green cotton (Gossypium hir-
sutum c.v. green lint) fibres yielded a diester of glycerol
comprising caffeic 3d and »-hydrox ydocasanoic acids
[42, 43], the latter of which is common to many sub-
erized tissues [31]. Because of their accumulation in
suberizing tissues and the assumption that they con-
tain linkages found in suberin, these metabolites were
suggested as potential suberin precursors {37, 38]. On
the other hand., it must be cautioned that when woun-
ding or other stresses induce suberization, various
phenolics can also accumulate in the tissues and not
all are necessarily involved. For example. elicitation
of suberization by wounding of potato tubers results
in the accumulation of chlorogenic acid 3j [38, 44, 45},
N-(hydroxycinnamoyl) amides 3f-i [4. 38. 46,47} and
a variety of other low molecular weight phenolic acids
and aldehydes [13, 47). Of these. only N-feruloyltyr-
amine 3h has thus far been shown to be incorporated
into the polyaromatic domain of potato suberin {29].
Consequently, the accumulation of soluble phenolics
in suberized tissues cannot be taken as proof for their
role as precursors. Instead. they may serve other func-
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tions such as helping disinfect the wound zone during
“healing™, or to act as plasticizers for the polymeric
maftrices.

Characrerization of putative polyaromatic suberin
derivatives

Two methods originally developed for the analysis
of lignins have been used in an attempt to characterize
soluble and presumed suberin-enriched polymeric
derivatives, i.e., the extraction of a so-called Bjérkman
preparation [52], and thioglycolic acid derivatization
(e.g. [33]). In the Bjorkman method, a finely milled,
extractive-free cell wall residue is extracted with aque-
ous dioxane (i.e., dioxane:H,0, 9:1) with the soluble
cell wall derivatives subsequently precipitated by
addition of organic solvents such as diethyl ether [52].
When applied to suberized (i.e.. cork) tissues of Rubus
idacus |48], Quercus suber [48-50], potato [48] and
Fagus sylvatica [51], the Bjérkman protocol yielded
high molecular weight preparations (>5000 MW,
based on gel permeation chromatography on Sephadex
LH 20 [48]) in the dioxane: H,O solubles, in amounts
approximately 5-fold lower than that typical for lig-
nified woody tissue [48. 49]. Analysis of the pre-
cipitates gave conflicting results, however, when
different suberized tissues were examined. For exam-
ple, cork layers of R. idaeus, Q. suber and S. tuberosum
extracted by the Bjorkman protocol and analysed by
both 'H and '""C NMR spectroscopy [48], did not
contain signals typical of milled wood lignins. thus
emphasizing that this method can also solubilize com-
ponents other than lignins. Instead, the spectra con-
tained both aromatic and aliphatic signals and the
authors concluded that while suberized tissues had an
aromatic component, it was not a typical lignin. By
contrast, both IR and "*C NMR spectroscopic analy-
ses of the diethyl ether precipitate obtained from the
dioxane:H,O extract of F. sylvatica bark [51] sug-
gested the presence of a lignin. based on similarities
between the spectra obtained and those of authentic
milled wood lignins prepared in the same manner [S1].
Additionally, methanol precipitation of the diethyl
ether solubles remaining in the F. syfvatica extract,
followed by treatment with BF,/MeOH, gave various
fatty acids (ranging in chain length from C-12 to C-
24y as well as vanillin 2b, vanillic acid 5a. ferulic acid
3b and syringic acid Sh. The benzoates and ben-
zaldehydes were assumed to be artefacts of the
BF/MeOH depolymerization, and were presumed to
be derived from 3b and 3¢ in the preparation. Unfor-
tunately. no spectroscopic (e.g., IR and '"C NMR),
chemical (e.g., to analyze for characteristic suberin
aliphatics such as alkane-2.w-dioic acids, w-hydroxy-
alkanoic acids) or degradative (e.g.. thioacidolysis)
analyses were carried out on this so-called suberin
fraction. and its true composition remains uncertain.
It must also be emphasized that bark tissues are still
poorly characterized and many of the proposed
suberin constituents may reflect species-dependent
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differences in the overall chemical composition of the
bark itself.

A second approach to obtain soluble aromati
suberin-derivatives from extractive free cell wall prep-
arations involves treatment with thiogiycolic
acid/HCI, followed by extraction with aqueous NaOH
to release phenolic fragments [53]. Thus, when sub-
erization was monitored in potato tubers, in a time
course fashion by preparing thioglycolic acid deriva-
tives at specific times after wounding, the yicld of
soluble phenolic derivatives increased with time (us
measured by an increase in absorbance at 280 nm in
the solubles obtained [54]). It is important to note,
however, that thioglycolic acid derivatization of cell
wall bound phenolics is a non-selective process, in the
sense thatit can result in the release of soluble phenolic
derivatives regardless of their biosynthetic origin [23].
Since no further characterization of the solubles
obtained was carried out (such as UV spectroscopy,
which would at least help delineate between mono-
lignol-derived and hydroxycinnamate-derived moiet-
ies), no indication of the origin or identity of the
phenolics was obtained.

Thus, although both the Bjorkman protocol and
thioglycolysis confirmed the presence of ipoly)
aromatic cell wall material in suberized tissues, neither
was definitive in determining its constitution. Further-
more, these studies again underscored the difficulties
in obtaining cell wall polyaromatics in pure form and
the need for the use of either more selective extraction
techniques or ones in which the polyaromatic con-
stituents of plant cell walls could be examined 7.z siii.

Nuclear magnetic resonance spectroscopic analysis of’
suberized tissues in situ

The use of non-destructive solid state carbon-13
CP-MAS NMR spectroscopy [21. 55-58] to study the
cell walls of suberized potato tissues provided the first
real insight into the constitution of its aromatic
domain. While natural abundance spectra are domi-
nated by carbohydrate signals [55-58], the selcctive
enrichment of specific carbons in the aromatic com-
ponent of suberized plant cell walls, through the
judicious use of specifically enriched carbon-13 meta-
bolic precursors permitted a more incisive evaluaition.
While this technique was initially developed for lignins
[24-26]. it was adapted for suberized tissues through
the administration of r-[1-"C]-, [2-"*C]- and [}-'(]
phenylalanines 6a’ to wound healing potato tubers
[21]. These precursors were used since (a) they were
readily metabolized by the suberizing potato tissue
and (b) many of their potential metabolic products
(e.g., hydroxycinnamates, monolignols) could casily
be distinguished by their characteristic NMR spectro-

*Side chain carbons are labelled 1 through 3, with 1 being
the carboxylic acid. See Scheme 1.
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scopic signals. Thus, sterile solutions of either natural
abundance, L-]1-*C]-, [2-"C]- or [3-Y'C] phenyl-
alanines 6a were administered to wound healing
potato tubers (immediately following wounding), and
the tissues allowed to metabolize for 7 d. Following
extraction with buffer, EtOH, EtOH:CHCl,, 90%
DMSO and oxalic acid, the extractive free tissue was
subjected to solid state *C CP-MAS NMR spectro-
scopy [21].

Of particular significance in the delineation of the
constitution of the aromatic domain of suberized
potato tissue was an examination ol the apparent
metabolic fate of L-[I-PC]-phenylalanine. For exam-
ple. its metabolism into the hydroxymethyl group of
monolignols, which have chemical shifts (resonances)
at approx. d 63 ppm, could readily be distinguished
from its incorporation into protein (approx. ¢ 175
ppr) or its metabolism being limited to the formation
of hydroxycinnamates (approx. ¢ 170-175 ppm).
Accordingly, the difference spectra of the extractive
free, suberized tissue obtained following metabolism
of L-[1-"C}-phenylalanine 6a and subtraction of
natural abundance resonances, revealed a single
enhanced resonunce at 3 171.0, indicative of carboxyl
function (i.e., either an amide, an cster or both) (Fig.
3(a)). While a small signal at § 63.1 ppm revealed a
trace of monolignol in the preparations (Fig. 3(a)).
these data provided the first direct evidence for the
constitution of the aromatic domain in suberized
tissues, and that it was predominantly a hvd-
roxycinnamic acid-derived polymer.

The carbon-13 NMR spectra obtained for suberized
cell wall preparations following the metabolism of [2-
BC)- and [3— "*C]-phenylalanines by wound healing
potato tubers provided further evidence for this hvd-
roxycinnamate-derived aromatic domain (Fig. 3(b).
(c)). Of particular note is the absence of any significant
rescnance at approx. d 38 ppm in the difference spec-
trura generated from [3-*Cl-enriched tissues (Fig.
3(c)), which ruled out the possibility of any meaningtul
level of phenylalanine 6a being incorporated into cell
wall bound proteins. In addition, enhanced res-
onances at o 120.5 (C-2) and 142.1 (C-3) revealed the
presence of hydroxycinnamates (and their conju-
gates). More importantly, enhanced resonances at o
84.5 and 55.2 ([2-"'C]-enriched tissues) and & 6.2 and
74.5 ([3-"*CJ-enriched tissues) suggested the appear-
ance of covalently bound side chain carbons in cross-
links between aromatic monomers other than ester
link ages. While the exact nature of thesc linkages have
not vet been established, the enhanced "C signals are
considered to be consistent with those derived. for
exarnple, from f-O-4" 7 and phenylcoumarin (f-5) 8
type linkages [25, 26] (Scheme 2). These will be ident-
ified in future work.

Re-evaluation of the natural abundance spectra
presznted for suberized potato tubers [55-58] supports
these data, since the presence of esters/amide carbons
in the suberized tissue was clearly evident by a large
resonance at ca. 4 170 ppm [58]. as well as aromatic

86.2 c
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~—
845 b
5§5.2
120.5
~—-
171.0 a
63.1
.,
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Fig. 3. Solid state “C CP-MAS NMR difference spectra of

“C-enriched potato suberins. Samples were prepared from

wound-healed potato tuber periderm. 7d after admini-

stration and metabolism of (1) L-[1-"*C]-phenylalanine, (b)

1-]2-"*CJ-phenylalanine or (c) r-[3-"C]-phenylalanine. The

major enhanced resonances are labelled in ppm. (Adapted
from Ref. [21].)

signals consistent with hydroxycinnamates [56, 58].
Moreover, analysis of proton rotating-frame relax-
ation times, 7,,(H), carbon rotating-frame relaxation
times. 73,(C). and carbon spin-lattice relaxation times,
T(C). gave direct evidence for distinct polymeric
domains within suberized tissues (i.2., one aromatic
and one aliphatic) as well as for the attachment of the
aromatic moieties to both the carbohydrate cell wall
and the aliphatic components [57]. That is, the
motional freedom of carbohydrate, aromatic and ali-
phatic carbons and protons is more restricted within
suberized tissue than when measured in non-suberized
tissue. suggesting thut they are covalently linked to-
gether. Thus, in apparent contrust to the his-
tochemical evidence reviewed earlier, solid state C
CP-MAS NMR spectroscopy predicts a covalent
cross-linking between the two distinet polymeric
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75.4

7 B-O-4'

8 B-5' (phenylcoumarin)

Scheme 2. Possible initial coupling products of ferulic acid andjor N-feruloyl amides after treatment with peroxidase/H,0..
The patiern of coupling is anulogous to that predicted for monolignols treated with peroxidase. H.O.. R, = OH, amide (c.g.,
tyramine) or ester. (Adapted from Refs [21. 26].)

domains found in suberized tissues, as well as between
the aromatic and carbohydrate moieties within the
cell wall. It may turn out, however, that the attach-
ment occurs at the interface between the polyaromatic
and polyaliphatic domains.

With the establishment of this new insight into the
constitution of the polyaromatic domain of potato
suberin, it is useful to re-evaluate the data generated
by the myriad of other analytical techniques that have
been applied to suberized tissues.

Fourier transform infrared spectroscopy

Fourier transform infrared (FTIR) spectroscopy of

the “milled cork lignin” (MCL) prepared from the
cork of Q. suber by the Bjérkman procedure {49] gave
spectra dominated by absorption bands characteristic
of carboxylic acid derivatives, predominantly esters
(ca 1740 cm ') with less intense absorption bands
consistent with amides (ca 1650 cm '), and side chains
of hydroxycinnamic acids. While the authors con-
cluded that the polyaromatic material in their prepar-
ation could at best be called a “lignin-like polymer™,
they may in fact have presented the first real evidence
for the hydroxycinnamic acid nature of the polymer.
When the cork was first refluxed with sodium meth-
oxide prior to extraction by the Bjorkman procedure,
and the resulting dioxane :H.O solubles fractionated
by sequential precipitation (diethyl cther followed by
methanol). the FTIR spectra were no more conclusive.
The precipitate obtained with diethyl ether revealed a
material more characteristic of a typical spruce milled

wood lignin. in small amounts. whereas the spectra of

the diethyl ether solubles had many absorption bands
characteristic of esters, carboxylic acids and to a lesser
extent amides, while maintaining some aromatic
character. The question remains as to which fraction,
if any, was truly representative of the polyaromatic
domain of suberized tissues.

Degradative analvsis of the cell walls of suberized
rissues

Tissues containing intractable cell wall polymers
such as lignin and suberin are (requently subjected to
harsh chemical treatments. at elevated temperatures
in an attempt to isolate representative fragmenis. For
example, alkaline hydrolysis. alkaline nitrobenzene
oxidation, cupric oxide oxidation. pyrolysis-MS and
thioacidolysis are routinely used to characterize lig-
nified and suberized tissues [13. 28, 29, 44, 47, 34, 59
61]. Of these approaches. only alkaline hydrolysis and
thioacidolysis release phenylpropanoid moieties (from
primary esters and alkyl-arvl ethers. respectivelv) with
their side chains intact [23. 27]. thereby allowing for a
more exact assessment. In the context of the changing
paradigm regarding the aromatic domain of suberin,
a re-evaluation of previous findings using these
approaches is necessary.

The presumption of a lignin-like polymer com-
prising the polyaromatic domain of suberin was essen-
tially based on the recovery of [C]-labelled alkaline
nitrobenzene oxidation products (i.e., benzaldehydes
2a-¢) released following administration and metab-
olism of either ["*C]-phenylalanine 6a or ['*CJ-cin-
namic acid 9 to wound healing potato tuber disks
[44]. During nitrobenzene oxidation the 3-carbon side-
chain of phenylpropanoids is cleaved between the «
and f§ carbons, resulting i the release of a series of
substituted benzaldehyde fragments (e.g., 2a-¢). Thus.
the recovery of [*Cl-labelled p-hydroxybenzalkiehyde
2a. vanillin 2b and syringaldehyde 2¢ was taken as
evidence for ["*C]-phenylalanine 6a or ["“*Cl-cinnamic
acid 9 having been metabolized into monolignols and
subsequently incorporated into a lignin-like polymer
[44]. A similar analysis of potato suberin phenolics
resulting from cupric oxide oxidation [54]. atforded
the same benzaldehyde products (i.e.. 2a-¢). From
4 quantitative perspective, the alkaline nitrobenzene
oxidation procedure released a significant amount of
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2a (48-66 umol g~ ' extractive-free residue). 2b (40-
146 umol g~ extractive-free residue) and 2¢ (10-23
pumol g~' extractive-free residue) [13, 44, 47)], from
wound-healed and naturally suberized potato tubers.
respectively. It is important to recognize that both
alkaline nitrobenzene oxidation and cupric oxide
oxidation result in side chain cleavage of phenyl-
propanoid-derived moieties [23]. Consequently, the
identity(ies) of the parent phenylpropanoids which
vielded the substituted benzaldehydes 2a--¢ could not
be assigned unambiguously. and the narrow interpre-
tation that the substituted benzaldehyde products
2a-c¢ obtained by treatment of suberized potato tuber
could only have come from the corresponding mono-
ligriols 1a—c did not constitute a proof. In fact. many
other cell wall bound phenylpropanoids could
account for the same products. For example, the same
benzaldehyde derivatives 2a—¢ expected of a mono-
ligrol la-c-based lignin are also recovered after
alkaline nitrobenzene oxidation of artificial “lignins™
made from hydroxycinnamic acids [62]. Taken
togather, these data cannot exclude the possibility that
the benzaldehyde fragments 2a—c¢ released from suber-
ized tissue predominantly arose from hydroxycinnamic
acids or amides.

Alkaline hydrolysis (i.e., I N NaOH, 1 h reflux)
of extractive-free potato wound periderm tissue [47]
released cell wall bound p-hydroxybenzaldehyde 2a
(2.3 umol g "), vanillin 2b (8.9 pmol g "), vanillic acid
52 (2.4 umol g™ ') p-coumaric acid 3a (0.3 umol g '),
ferulic acid 3b (16.7 gmol g '), tyrosine 6b (11 umol
g ') and tyramine 10a (3.3 umol g~ "). Since alkaline
hydrolysis under these conditions results mainly in the
cleavage of primary ester linkages (and presumably
amide linkages to a limited extent), these analyses
indicate that there is a substantial amount of ester

(and/or amide) linked phenolics in the cell walls of

subzrized potato tissue. The presence of 2a and 2b in
the alkaline hydrolysate remain unexplained, though
thev could be linked via ester bonds through their
phenolic hydroxyl groups. (Note that under the con-
ditions employed, the possibility of artefacts from side
chain cleavage of 3a and 3b was ruled out.) More
rigerous alkaline hydrolysis (2 N NaOH, 3 h, 160 C)
yielded substantially more tyramine 10a (27 umol g '
extractive-free residue), presumably indicative of the
slow cleavage of amide linkages. Importantly. the
identification of a number of p-hvdroxy-substituted
aromatics (i.e., 2a, 3a, 6b, 10a) in a yield totalling
approx. 40.8 umol g~ ' extractive-free residue provides
an explanation for the large amounts of p-hydroxy-
benzaldehyde (e.g., 48 umol g ~! extractive-free residue)
recovered after alkaline nitrobenzene oxidation treat-
ment. However, since the total yield of products from
alkaline hydrolysis did not equal that predicted by
the more chemically harsh alkaline nitrobenzene oxi-
dation treatment (see above) there remained an
uncharacterized phenolic-rich residue after hydrolysis
[47].

Thioacidolysis, a degradative technique based on

the treatment of polyaromatics with BF;/CH,CH,SH,
results in selective cleavage of alkyl-aryl ether bonds
and yields characteristic diastereomeric mixtures of
1.2,3-trithioethane derivatives 11a—c of the three com-
mon monolignols, as well as dimeric and trimeric
products (e.g., 23, 27, 28). In lignified tissues, yields are
generally modest (i.e.. 10-30% of the original lignin
content), but they nevertheless can provide a useful
assessment of the monomeric composition (i.e., p-hyd-
roxyphenyl 12a, guaiacyl 12b and syringyl 12¢ moi-
eties} in the lignins examined. When applied to sub-
erized potato wound periderm, thicacidolysis released
only rainute amounts of 1,2, 3-trithioethane deriva-
tives 11b and 1le in roughly 2:1 ratio and approxi-
mately one-fifth the yield of that predicted by alkaline
nitrobznzene oxidation. Significantly, no p-hyd-
roxyphenyl 11a derivatives were recovered [13, 28, 29,
47]. In addition mixtures of dimeric compounds [2§.
29] were also obtained. which after reductive de-sul-
furation with  Raney Ni. yielded ~-(dihy-
dro)feruloyltyramine 13 (a derivative of N-feru-
loyltyramine 3h [29]) as the major compound. Being
recovered in yields > 16 umol g ' extractive-free resi-
due, 13 provides an explanation for the presence of
hydroxycinnamic amides in both the soluble and alk-
ali-labile components of suberized potato tissue. It
does not, however, account for all of the vanillin 2b
liberated by alkaline nitrobenzene oxidation. But the
latter technique is more chemically harsh and results
in a greater degree of polymer degradation than either
alkaline hydrolysis or thioacidolysis.

The recovery of 13 in the thioacidolysis products
obtained from suberized potato tuber supports the
prediction that its polyaromatic domain is largely
comprised of hydroxycinnamic acids and their detiva-
tives [21]. In addition, since thioacidolysis selectively
cleaves ether linkages. it has been proposed that this
dimer may have been ether-linked in the original aro-
matic polymer, consistent with the solid state "C
NMR spectra data presented earlier.

Recently, 4 comparative analysis between suberized
and lignified tissues of Clivia miniata using cupric
oxide oxidation, thioacidolysis and BF;/MeOH treat-
ments was undertaken [60, 61] and serves to emphasize
the difference between lignified (i.e.. xylem vessels)
and suberized (i.e.. hypodermal and endodermal)
tissues. For example, thioacidolysis of xylem vessel
tissue of C. miniata released typical trithioethane
monomers (e.g.. 11b, ¢), as well as dimeric derivatives
(e.g. approx. 210 umol g ' extractive-free residue).
with little evidence of hydroxycinnamic acids. In con-
trast, the suberized hypodermal cell walls contained
relatively large amounts of hydroxycinnamic acid
moieties (e.g.. approx. 175 umol g ' extractive-free
residue). principally p-coumaric acid 3a, accounting
for greater than 70% of the recovered phenolics. The
same distribution pattern of monolignol- and hyd-
roxycirnamic acid-derived phenolics was found with
alkaline cupric oxide oxidation and BF;;MeOH trans-
esterification analysis. Thus, as with potato periderm.



926

the suberized C. miniata tissues (e.g., hypodermis)
contained predominantly hydroxycinnamic acids
and/or their derivatives. Interestingly, alkane-a.c-
dioic acids (i.e., “chemical” markers for the aliphatic
domain of suberized tissue) were only present in the
putative suberized tissues, coincident with hyd-
roxycinnamic acids. Unfortunately, the authors did
not anatyze for hydroxycinnamoyl amides in their
various extracts.

Lastly, pyrolysis-GC/MS has been directly applied
to extractive-free suberin-enriched preparations of Q.
suber cork [59]. As with alkaline nitrobenzene
oxidation, the pyrolysis of phenylpropanoid polymers
can result in cleavage of side-chain carbons to yield
characteristic substituted aromatic derivatives (e.g.,
substituted benzaldehydes 2a-c and benzoates Sa—h)
as well as cell wall polysaccharide breakdown prod-
ucts. When applied to suberized tissues (¢.g.. Q. suber
cork), only 29% of the peaks in the pyrogram could be
identified. Nearly two thirds of these were of phenolic
origin and of the phenolics. over §5% were of the
guaiacyl 12b type. Thus in agreement with alkaline
nitrobenzene oxidation, alkaline hydrolysis and
thioacidolysis, this treatment predicts a polyaromatic
domain rich in 3-methoxy-4-hydroxy substituted phe-
nolics.

In summary, while the structural analysis of the
aromatic domain of suberized plant materials using a
variety of degradative techniques have provided some-
what conflicting results. a clearer picture is beginning
to emerge. The use of improved analytical tools and a
re-evaluation of previous interpretations of analvtical
data has led us to the following conclusions:

(i) alkaline hydrolysis. alkaline nitrobenzene
oxidation, cupric oxide oxidation. BF./MeOH
depolymerization and pyrolysis-MS analyses
demonstrate that a significant amount of the cell
wall-bound phenolics present in suberized tissues
have a 3-hydroxy-4-methoxy-substitution pat-
tern, including significant amounts of hydroxy-
cinnamic acids,

(ii) thioacidolysis establishes that in addition to only
a small amount of alkyl-aryl ether-linked mono-
lignols 1a~c¢ being present, suberized potato tuber
tissue contains significant amounts of covalently
(i.¢., ether)-linked N-feruloyl amides (e.g.. 3h).
and

(ii1) solid state *C NMR spectroscopic analyses of

suberized potato tissue preparations (both natu-
ral abundance and specifically labelled with *C)

have clearly demonsirated that the majority of

the aromatic moieties in suberized potato tissues
are hydroxycinnamates, and that they are coval-
ently attached to each other. It would also appear
that these are linked to other components of the
primary cell wall and the components of the ali-
phatic domain.

It should be cautioned once again. however. that

M. A. BErNARDs and N. G. LEwis

the majority of these data have been obtained from a
single plant species (and organ). namely the potato
tuber. Additional studies, using other species;/tissues,
are required for both confirmation of these con-
clusions and the establishment of chemical markers to
be used as criteria in verifying the presence of the
phenolic domain of suberin in plant tissues.

BIOSYNTHESIS OF AROMATIC POLYMERS IN
SUBERIZED CELL WALLS*

The de novo biosynthesis of suberization-specific
aromatic monomers and their subsequent macro-
molecular assembly at the cell wall/plasmalemma
interface is poorly understood. Nevertheless, there
continues to be considerable interest in the biosyn-
thesis and metabolic fate of the phenylpropanoid
derivatives associated with suberizing tissue [18, 65-
73] and these are discussed below. As with the struc-
tural studies reviewed above, however, the mujority
of the enzymology (i.e., biochemistry) regarding sub-
erization has come from studies using wound healing
potato tubers as a model system. Note that several
general aspects of hydroxycinnamic acid biosynthesis
have recently been extensively reviewed [e.g. 20| else-
where and only those salient to suberization are con-
sidered below.

Based on the experiments using "“C- and "*C-phe-
nylalanine as substrate, it is established that the phe-
nylpropane skeleton(s) of the aromatic moieties in
suberized tissues are derived from phenylalanine 6a.
This process begins with the elimination of ammonia
to yield frans-cinnamic acid 9 (Fig. 4) in a reaction
catalyzed by the enzyme phenylalanine ammonia-
lvase (PAL) [20, 74, 75]. Although tyrosine 6b is
another potential precursor, especially to the tyramine
10a component of 3h, its role in the suberization pro-
cess has as not yet been directly investigated. The
ammonia liberated during PAL activity in both ligni-
fying Pinus taedu and wound healing potato tubers is
recycled in a compartmentalized fashion via glutamic
acid and the shikimic acid pathway [76, 77], thereby
enabling more 6a to be formed without increasing
the demand for nitrogen. Presumably some of the
arogenate formed during this cycle is channelled into
tyrosine biosynthesis and ultimately ends up as tyra-
mine. Given the high demand for phenylpropanoids
during suberization. itis not surprising that wounding

*This review focusses on the aromatic domain of suberized
tissues and the biosynthetic aspects of the aliphatic domain
are not considered. The reader is directed to the few recent
reports [63, 64] describing w-hydroxylation of fatty acids
(1.e., the first step toward the biosynthesis of the characteristic
w-hydroxyalkanoic and alkane-x.w-dioic acids found in sub-
erized tissue) in Vicea sativa, which are representative of the
limited experimental work that has been reported regarding
the biosynthesis of the aliphatic components of suberin since
the reviews by Kolattukudy [5 7).
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Fig. 4. The central role for hydroxycinnamoyl-CoA derivatives in the biosynthesis of polyaromatic cell wall polymers. The
biosynthetic steps leading to the hydroxycinnamic acids 3a-e are indicated. with the route to the coenzyme A derivatives left
ambiguous (i.e., no attempt is made to delineate at which stage the coenzyme A derivatization takes place). (Readers are
directed to Refs [18, 72 and 73] for a treatment of this aspect of phenylpropanoid metabolism.) The enzymes indicated are: a.
phenylalanine ammonia-lyase; b, cinnamate-4-hydroxylase: ¢. 4-hydroxycinnamate-3-hydroxylase (or 4-hydroxycinnamoyl-
CoA-3-hydroxylase); d, caffeate-O-methyltransferase (or caffeovl-CoA O-methyltransferase); e, ferulate-5-hydroxylase; f.
ferulate O-methyltransferase; g, 4-hydroxycinnamoyl-CoA ligase: h. cinnamoyl-CoA oxidoreductasc: i, cinnamyl alcohol
dehydrogenase; j. hydroxycinnamoyl-CoA:tyramine N-hydroxycinnamoyltransferase; k. hydroxycinnamoyl-CoA: w-hyd-
roxypalmitic acid O-hydroxycinnamoyvltransferase (HHT): 1, peroxidase; m, laccase. A question mark (?) indicates possible
involvement, but wherc no enzyme has been described. (Adapted from Refs. [20, 65- 67, 73 75].)

of potato tubers not only elicits phenylpropanoid
metabolism (see below), but also 3-deoxy-D-arabino-
heptulosonate-7-phosphate (DAHP) synthase, the
first enzyme of the shikimic acid pathway [78] leading
to phenylalanine 6a and tyrosine 6b. At this point in
time, it is assumed that the remainder of the enzymes
of the shikimic acid pathway are also induced under
conditions which induce suberization.

Phenylalanine ammonia-lyase (PAL) is essential for
suberization [79, 80), since its inhibition in viro by
either S-carvone [79] or L-AOPP [80] prevents poly-
aromatic deposition. During wound healing (i.e.. sub-
erization) in potato tubers, PAL is rapidly induced

(i.e.. within 12 h) 10 to 15-fold. from near non-detect-
able levels. The induction has been measurable both
at the mRNA [81] and protein [73. 79, 80, 82, 83]
levels. Interestingly. high levels of PAL activity remain
for several days after wounding [73, 79, 81]. and do
not drop back to pre-induction levels until the sub-
erization process is well advanced.

The carboxylic acid moiety of hydroxycinnamic
acids 3a-e must be activated prior to further deri-
vatizarion or modification (i.e., whether for feru-
loyltyramine or monolignol biosynthesis). The mech-
anisrn in potatoes appears to be via synthesis of coen-
zyme-A thioesters, since 4-coumaryl CoA ligase (4-
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CL) is induced during the initial stages of suberin
biosynthesis [73]. That is. 4-CL is rapidly induced in
potato tubers by wounding, with measurable activity
levels rising approximately 15-fold within 12 h of
wounding. Interestingly, both p-coumaric 3a and feru-
lic 3b acids serve as effective substrates for induced
potato 4-CL, whereas sinapic 3¢ and caffeic 3d acids
do not |73]. The role for p-coumaroyl-CoA in sub-
erization remains unresolved since these units are not
found in the final polymer. In addition, the observed
lack of 4-CL activity with 3¢ raises questions about
the origins of syringyl 12¢ residues recovered from
suberized potato tissues [13, 47]. With respect to the
former, derivatization ol p-coumaric acid 3a may be
required prior to the subsequent hydroxylation and
methylation steps common to phenylpropanoid
biosynthesis. Similarly, feruloyl-CoA may act as a
substrate for ferulate-5-hydroxylase, with subsequent
methylation to vield sinapoyl-CoA. Alternatively,
5-hydroxyferulic acid 3e may be activated by 4-CL.
Neither of these hypotheses has been tested experi-
mentally in suberizing tissues. In any case. within
12 h of wound induction. potato tubers appear to
have phenylpropanoid metabolism enzymes in place
and are capable of generating the coenzyme-A deriva-
tives of the hydroxycinnamic acids 3a, b.

The metabolic fate of hvdroxyveinnamoyl-CoA derira-
tives

Hydroxycinnamoyl-CoA  derivatives are central
intermediates in the biosynthesis of many phenyl-
propanoids [20]. and can have many competing meta-
bolic fates (e.g., Fig. 4). While Fig. 4 shows some of
the possible routes by which hydroxycinnamoyl-CoA
derivatives can be metabolized. the key to delineating
their metabolic fate during suberization may in part
lie in the identity of the (major) phenolic components
present in the tissue. Unfortunately. there is not a
complete picture detailing the phenolic composition of
all suberized tissues. In addition, as alluded to earlier,
suberized tissues of some plants (especially the bark
of woody plants) are diverse in their chemical com-
position and are not only suberized. Again. the best
defined system is that of the potato tuber. where the
phenolic composition of both natural and wound-
induced periderm have been described |13, 28, 29,
38, 44, 47], and polyhydroxycinnamic acids/amides,
including alkyl-aryl ether linked N-feruloyl amides
[29]) are known to accumulate. As described above.
there are a variety of other phenolics associated with
induced suberization in potatoes {29, 38, 46. 47].
namely chlorogenic acid 3j, N-caffeoylputrescine 3f.
N-feruleylputrescine 3g, N-feruloyltyramine 3h. N-
feruloyloctopamine 3i. 1yramine 10a. hydroxy-
benzaldchydes 2a—¢, hydroxvbenzoates Sa, b and
alkylferulates 4. In this section, however. we wish to
attempt to distinguish between the biochemical puath-
way to feruloyltyramine and that to monolignols.

Since they are unequivocally integral to the aro-
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matic domain of potato suberin, the de novo biosyn-
thesis of N-(hydroxycinnamoyl) amides (particularly
those of tyramine) and to a lesser extent alkyl ferulates
4 in tubers induced to suberize is of particular impor-
tance in delineating the fate of hydroxycinnamoyl-
CoA derivatives. This has been achieved recently,
through the demonstration of feruloyl-CoA as a good
substrate for both a wound-induced hydroxy-
cinnamoyl-CoA :tyramine A-hydroxycinnamoyltrans-
ferase (THT) (Fig. 4, step /) [65, 68] and a hydroxy-
cinnamoyl-CoA :m-hydroxypalmitic acid O-hydroxy-
cinnamovyltransferase (HHT) (Fig. 4, step &) [63, 66.
68)]. which catalyze the formation of 3h and alkyl
ferulate esters 4, respectively.

While both of these biosynthetic enzymes are
associated with induced suberization. only THT
shows a temporal relationship. That is, within 24 h of
wounding, THT ts induced 50-fold over near non-
detectable, constitutive levels [65], and maintained at
high levels for two or more days, while HHT docs not
reach maximum activity levels until several days after
wounding [66]. However, the time course of HHT
induction is consistent with the accumulation of its
putative in rivo product(s) [38], and the indirect role
these metabolites may play in suberization.

Hydroxycinnamoyl transferases are widespread in
plants (e.g. [18, 67. 69 72]). as they are found in
gymnosperms and angiosperms. A recent survey of 17
plant species demonstrated the presence of HHT in
10 of 11 families examined. including Solanuceae,
Compositae, Umbelliferae, Chenopodiaceae, Cucur-
bitaceae, Cruciferae, Liliaccae, Palmae, Gramineae
and Pinaceace [67]. Only trace amounts of activity were
measured in non-induced Leguminosae. By contrast.
an apparent HHT activity was induced in elicitor-
treated Phaseolus vulgaris 18], coincident with an
induced laurate o-hydroxvlase. The P. rvulgaris
hydroxycinnamoyl! transferase was partially purified
and reported to yield three bands (Mr 28 kD, 40 kDD
and 70 kD) on an SDS-PAGE gel. By contrast. the
purified HHT from tobacco (Nicotiana tabacum)
vielded a single polypeptide of 55 kD, which showed
a strong preference for feruloyl-CoA as hydroxy-
cinnamoyl donor [70]. The potato THT enzyme has
also been purified to apparent homogeneity [71, 72].
and appears to be a hetero Jimer of approx. 49 kD,
comprising two approx. 25 kD polypeptides [72].
Interestingly. the apparent Ky, for tyramine for this
enzyme varies with hydroxycinnamoyl-acceptor. such
that the enzyme appears to tavour feruloyl-CoA (K
for tyramine = 20 uM) over p-coumaryl-CoA (K ,, for
tyramine = 174 uM). Thus a role for hydroxycinnamovl
transferases in “suberizing” tissues is beginning to
emerge. However. an analysis of hydroxycinnamoyl
transferase activities in a variety of plant species.
coupled with a demonstration of concomitant sub-
erization, is required to unecquivocally establish this
role.

In lignifying tissues. where the polyaromatic
domain comprises covalently linked monolignols la-
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Fig. 5. Role of cinnamoyl Co-A oxidoreductase (CCR) in suberization and lignification. The time course induction of CCR
under conditions which promote suberization in potato () and lignification in P. raeda cell cultures (@) are indicated
(Adapted from Ref. [73].)

¢. the CoA derivatives of hydroxycinnamic acids
undergo a two-step. enzyme-catalyzed reduction to
afford the monolignols 1a—¢ [20. 84. 85]. In this
reductive sequence, hydroxycinnamoyl-CoA:NADP"
oxidoreductase (CCR) catalyzes the putative commit-
ment step toward the biosynthesis of hydroxy-
cinnamyl alcohols la—¢ [86] via the physiologically
irreversible reduction of hydroxycinnamoyl-CoA
derivatives to their corresponding aldehydes (Fig. 4.
step ). The connection between induced CCR activity
and “‘lignification’ has recently been shown using cell
cultures of Pinus taeda. In this system, which has
beer demonstrated to deposit “lignin™ under specific
culture conditions [26], a 3 to 4-fold induction in
measurable CCR activity, over an already high consti-
tutive level (i.e., approx. 50 pkat mg "' protein) occurs
[73] coincident with lignin-like formation (Fig. 5) [26].
By contrast, during wound-induced formation of the
polvaromatic domain of suberizing potato tissue,
CCR does not appear to be induced at all (Fig. 3).
Under these conditions, CCR activity levels remain
both very low and unchanged (i.e., <1 pkat mg '
protein) throughout the time period in which sub-
erization takes place [73].

The absence of'inducible CCR activity in suberizing
potatoes, coupled with the emerging role for hydroxy-
cinnamoyl transierases. may provide further explana-
tion for the monomeric differences between the poly-
aromatic domains of lignified and suberized tissucs.
Clearly the relatively low levels of CCR activity could
influence the fate of hydroxycinnamoyl-CoA deriva-
lives formed during suberization. with the bulk being
channelled through pathways mediated by hydroxy-
cinnamoyl transferases. Nevertheless, the measurable
amounts of CCR activity in wound induced potato

tubers may account for the minute amounts of lignin
found there [13, 27-29. 47].

Cinnamyl alcohol dehydrogenase (CAD) catalyzes
the next reaction in the two-step reduction of hyd-
roxycinnamic acids 3a-¢ to monolignols la-¢ (Fig. 4,
step 7). by reducing the correspending hydroxy-
cinnamaldehydes to the monolignols 1a-—¢ [20. 84, 85].
In contrast to CCR. however, there is a relatively high
constitutive level of CAD activity :n potato tubers
(approx. 40 pkat mg ' protein). the level of which is
induced 2- to 3-fold by wounding [05.73]. A similar
temporal pattern of CAD activity is observed in P.
taeda cells induced to “lignify™ by culture treatment
[26. 73|. However. it should be kept in mind that
the spectrophotometric assay used to measure CAD
activity is not necessarily specific. and the measured
dehydrogenase activity may include contributions by
other dzhydrogenases. For example. four isoforms of
CAD have been isolated from the periderm of Euca-
lyptus gunnii (eucalyptus) [87). However, within crude
extracts there were also two aliphatic and two aro-
matic alcohol dehydrogenases that could interfere
with the assay. The presence of CAD isoforms in
cucalyptus periderm underscores the biochemical
complexity of woody “bark™ tissues. and may also
help explain the isolation of an apparently typical
lignin from milled Q. suber bark [49. 50).

Suberin macromolecular assembly

The perceived assembly of the aromatic cell wall
polymers has been reviewed extensively for lignins
(e.g. [20, 22, 88, 89]). The final polymerization step is
often viewed to proceed via either a peroxidase/H,O,
and/or laccase/O- mediated free radical coupling pro-
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cess. Indeed, H,0, scavengers such as Kl can effec-
tively inhibit lignification in cell cultures of P. taeda
[90]. Even though the final lignin polymer is hetero-
geneous [20, 22, 88], uncontrolled free radical coupling
is not likely. The polymerization of aromatic moieties
into the cell walls of suberizing tissues has been hypo-
thesized to occur in an analogous fashion to that for
lignification [3, 6]. Thus, it has been proposed that the
assembly of the polyaromatic domain during suberiz-
ation also follows a peroxidase/H.,O,-mediated pro-
cess [S, 6, 91].

However, the macromolecular assembly of cell wall
polymers involves more than the oxidation of mono-
mers by a peroxidase. In its simplest form, the mac-
romolecular assembly process involves (a) the syn-
thesis and/or release (from storage) of the appropriate
monomers, (b) transport of the monomers to the site
of polymerization, and (c¢) control of polymerization
(i.e.. assembly). Clearly cach of these components
must be both spatially and temporally regulated.
including the co-ordinate regulation of the enzymes
involved, to ensure that the correct monomers arrive
at the appropriate site(s) and are then subsequently
polymerized in a controllable. reproducible manner.

For the suberization process, very little is known
about any of these steps. However, it seems clear that
within 12-24 h of wound induction, suberin monomer
synthesis is under way in potato tubers. Histochemical
and ultrastructural changes are evident within 1-3 d.
Within 2-3 d, a functional water resistant barrier 1s it

place [92), and the “"suberized™ layer on the surface of

wound healing potatoes can be mechanically removed
intact (unpublished observation). All of these obser-
vations reveal a highly orchestrated, rapid deposition
of polymeric materials during suberization.

While the biosynthesis of suberin monomers was
discussed above. virtually nothing is known about the
cellular site of synthesis. Additionally. the mech-
anisms involved in transporting monomers to the cell
wall and the control of polymerization remain unde-
fined. As alluded to above. the best characterized com-
ponent of the macromolecular assembly of suberin is
the putative “final” step involving the polymerization
of monomers. Thus, over a decade ago it was dem-
onstrated that wound-induced suberization in potato
tubers was coincident with the induction of a highly
anionic (pl approx. 3.2) peroxidase [93], which could

be immunocytochemically localized 1o the site of

wound healing [93. 94]. However, a defimtive role for
this “suberin-associated™ anionic peroxidase in the
macromolecular assembly of the aromatic domain in
suberized tissue remains to be demonstrated, and the
literature contains conflicting results. For example.
the suberin-associated peroxidase has not yel been
fully characterized at the biochemical level; that is.
with respect to either its substrate specificity or the
nature of the products it produces. It has, however.
been cloned from potato {95, 96]. and subsequently
shown to be expressed in tomato [95, 97-99] and tob-
acco [100]. In addition to its expression during wound-

and pathogen-induced suberization [97-99]. this per-
oxidase is also developmentally expressed in tomato
fruit [97. 99). This observation suggests that the
“suberin specific’” description for the enzyme may not
reflect its complete role in plants, especially since tom-
ato fruits are not normally suberized, unless wounded
(e.g. [101]). In addition, when tomatoes were trans-
formed with anionic peroxidase antisense constructs,
effectively nullifying the suberin-associated anionic
peroxidase, the incorporation of phenolics into the
cell wall of suberizing tomato fruits was unabated
[101]. Unfortunately, the authors relied only on non-
quantitative autofluorescence to gauge the deposition
of phenolics. and any compositional changes in
wound-induced  antisense  tomatoes  remains
unknown. [t may be that another peroxidase isoform
present in the tissue was capable of cross-linking the
aromatic moieties.  Alternatively, the phenolics
deposited during suberization were not polymerized
normally into the cell wall matrix.

Thus. the question as to whether the polymerization
of phenolics occurs via a peroxidase-mediated process
remains open. However, the recovery of ether-linked
N-feruloyltyramine 3h units from the cell walls of
suberized potatoes via thioacidolysis [29] lends
support, since their incorporation into the cell walls
may occur via oxidative processes.

An intriguing aspect of the peroxidase-mediated
macromolecular assembly of the aromatic domain in
suberizing tissues is the question of where the H,0,
necessary for peroxidative coupling comes from. Sev-
eral mechanisms for H,O, generation in plants have
been presented in the literature. including a cell wall
bound malate dehydrogenase [102-104], polyamine
oxidase [105 and references therein]. oxalate oxidase
[106], plasma membrane-associated NAD(P)H.H ' -
dependent oxidase [106-109] and peroxidases them-
selves (e.g.. reviewed in [106]). All are able to generate
active oxygen species, including H.Q, [102-109],
especially in the presence of a reductant (c.g..
phenolics). but none have yet been implicated in the
suberization process. In potatoes (for which sub-
erization is best described), activated oxygen species
are generated in response to wounding and pathogen
attack [110--112], although no connection has yet been
made to suberization. It remains to be seen whether
any of the phenylpropanoids that accumulate in sub-
erizing tissues play a role in the macromolecular
assembly of the polyaromatic domain by acting as
substrates tor H,O, generation at the cell wall/plas-
malemma interface.

CONCLUSIONS

One of the problems encountered in reviewing the
literature on “‘suberin™. is that there is no clear defi-
nition of what it is. While it is well established that
suberized tissues contain both polyaromatic and poly-
aliphatic domains [3. 6], it is not clear from the litera-
ture whether these two domains are inextricably
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linked. Consequently, the notion of a heteropolymer,
called suberin, must be questioned and it is perhaps
more prudent to describe tissues as suberized, rather
than as containing suberin per se.

It is now clear that suberized tissues are distinct
from both lignified and cutinized tissues, and that
the domains that comprise “‘suberin’ are unique and
distinct. It should be cautioned, however, that the
bulk of the experimental work describing suberized
tissues utilizes potato tubers as a model system. There
is a critical need to establish whether the potato peri-
derm findings extend to other plant systems. There is
also a need to identify a chemical marker for the
polyaromatic domain of suberized tissues, much the
same as a,w-dioic acids are markers for the aliphatic
domain.

Nevertheless, on the basis of the work using potato
periderm as a model for suberized tissues, the fol-
lowing can be surmized:

(i) the polyaromatic domain of suberized tissues
comprises covalently cross-linked hydroxy-
cinnamic acids and their derivatives, principally
amides and

(i1) the two domains of suberized tissues (i.e., the poly-
aromatic and polyaliphatic domains) are spatially
separate.

One of the morphologically distinct features of sub-
erized tissues is the presence of multiamellar bands in
TEM micrographs. These lamellae have long been
thought to arise from the alternation of aromatic and
aliphatic domains in the tissue. An important question
raised by the apparent spatial separation of the aro-
matic and aliphatic domains of suberized tissues con-
cerns the origin of the lamellae.

With respect to the biosynthesis of the aromatic
demain of suberized tissues, there is an apparent chan-
nelling of hydroxycinnamic acids. via their coenzyme-
A derivatives, into the formation of “suberin™, and
away from the biosynthesis of monolignols (i.e.. the
precursors of lignin). The macromolecular assembly
of the polyaromatic domain of suberin remains very
poorly defined. An anionic peroxidase has been impli-
cated in the final steps of the polvmerization. but has
yet to be shown to be essential. With an emerging
picture of hydroxycinnamoyl-derivatives as pre-
cursors to the polyaromatic domain. and some pro-
gress toward the details of their biosynthesis, new
directions in delineating the macromolecular assembly
process will present themselves, and chart the course
for future reseurch.
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