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1. INTRODUCTION

Although many protein variants have properties similar to
their corresponding wild-type structures, the replacement of a
single amino acid often produces dramatic changes in structure,
stability, and/or function. Intuitively, replacement of residues
in active and/or ligand-binding sites should directly influence
enzyme function. For example, ligand-binding strengths are
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impacted when recognized ligand�protein interactions are
altered by an amino acid replacement.1 Similarly, the transition
state environment is affected by changes in the steric and
electronic properties introduced into an active site, leading to
altered microscopic catalytic rate constants. Protein properties,
in some cases, can also respond to a distal mutation where the site
of the amino acid replacement lies far from the active and/or
binding site. This phenomenon now has been observed experi-
mentally for many proteins; here case studies are presented on
dihydrofolate reductase (DHFR) from E. coli, ribonuclease A,
voltage activated K+ channel, cyclophilin A, HIV protease,
thymidylate synthase, and tRNA synthetase. Systems where
mutagenesis at the most distal residue position has little effect
on function are also included to present a balanced view. One
objective of this review is to discuss those studies on the effects of
distal mutations that have refined our perspective into the origins
of enzymatic catalysis. For example, the extensive studies on the
effects of distal mutations on catalysis by DHFR over the last
30 years have added to the understanding of role of the entire
structure in catalysis and also led to the development of novel
experimental and computational approaches. These in turn have
provided fresh insights into enzymatic catalysis broadly applic-
able to other systems.

Allosteric effectors, both inhibitors and activators, also can
bind to a site distal to the active site and influence the catalytic
properties of proteins over a distance.2�6 The allosteric effect—
activating or inhibitory—of a small molecule is very similar to
that of an amino acid replacement; consequently, studies of
allostery introduced by amino acid mutations are included. The
term distal or allosteric implies that a residue is located away from
the active site or the site of chemistry and its effects on binding
and catalysis are transmitted indirectly. There are many possible
criteria for a distal position. In this review, a distal residue is
defined as one that is not within van derWaal’s distance from any
part of the substrate, cofactor, or product molecule. There are
residues that are within van der Waal’s distance to portions of
ligands but lie far from the site of chemistry and are sometimes
called distal in the literature. Such residues can, of course, play a
role in substrate binding, product release, and the positioning of
the ligands, all effects that are not considered allosteric. Yet, it is
also possible that such residues transmit their effects in ways other
than through direct interaction with the ligands and thus must be
considered in a comprehensive discussion of the role of distal
residues. Instances of a residue that does not fulfill the above
criterion for a distal residue are indicated in the text as such.

To understand the roles of distal residues in catalysis, it is
necessary to consider the inherent flexibility of many protein
structures. Many proteins exist simultaneously in multiple con-
formations, and the prevalence of each conformation is deter-
mined by the relative stabilities of the conformations under a
given set of conditions. For this review, the word conformation
refers to the three-dimensional arrangement of atoms in a protein
structure. The term conformational change refers to the inter-
conversion between two or more different conformations that
can be experimentally distinguished and occurs typically on the
micro- to millisecond time scale. The term conformational
ensemble refers to the set of conformations adopted by a protein
structure under a set of conditions. Finally, the term dynamics is
used here as a broad and inclusive term that encompasses both
conformational change and any other motions happening at
different time scales including bond vibrations on the femtose-
cond time scale, side-chain rotations on the protein surface on

the picosecond time scale, hinge-bendingmotions on the pico- to
nanosecond time scale, and side-chain rotations in the interior of
the protein on the micro- to millisecond time scale.7 Changes in
dynamics refer to the changes in rates of interconversion between
conformers, and changes in the ensemble refer to changes in
relative populations of the different conformers.

Many kinetic and nuclear magnetic resonance (NMR) studies
have focused on conformational changes with micro- to milli-
second time scales that are correlated to enzyme catalysis, and it is
interesting to consider the effect of distal mutations on these
motions.8 The bond vibrational time scale has recently become
the focus of many studies in the exploration of the transition
state enzymatic barrier crossing.9 Fast thermal fluctuations of the
enzyme are thought to be critical because they enable the stochastic
sampling of “multidimensional conformational phase space”, lead-
ing to the overall conformational changes conducive to the enzyme
catalysis.8 Distal mutations can alter the frequency of these motions
that change donor�accentor distances in the active site and enhance
the fluctuations that influence the donor�acceptor distance.

2. WHAT PROPERTIES OF PROTEIN STRUCTURE AND
FUNCTION ARE AFFECTED BY DISTAL MUTATIONS?

As expected, a single distal mutation can affect many aspects
of protein function and structure. The effects of a distal mutation
can be transmitted through the protein structure to a ligand-
binding or active site, resulting in an altered affinity for a
substrate, product, inhibitor, or activator,10�15 and it can increase
or decrease enzymatic activity;16�19 can result in a loss or gain of
one activity in the case of a bifunctional enzyme;20,21 and can
alter protein structure by causing changes in protein stability,22

conformation, the distribution of conformations,11 the rates of
conformational change,23 and the arrangement of quaternary
structure.21 Often the effect of a single distal mutation is
distributed over many protein properties.

3. METHODS FOR STUDYING THE EFFECT OF DISTAL
MUTATIONS

The continuous development of experimental and computa-
tional techniques has made it possible to forge an understanding
of the mechanisms that foster propagation of a distal mutation
through a protein structure. Often the effect of a distal mutation
is initially discovered by kinetic or binding measurements. X-ray
crystallography and NMR experiments then can be used to
compare the structure of the wild-type enzyme to the mutant
and, allied with unfolding experiments, to examine the mutation’s
effect on protein stability. In themajority of cases, the overall three-
dimensional structure and stability of a mutant remain unchanged
even though the enzyme has significantly altered kinetic or binding
properties from the wild type. The subtle interconnectedness
of the residue in question with the rest of the structure often
manifests itself in changed conformational equilibria and the rates
of interconversion between conformers. NMR relaxation disper-
sion measurements not only provide structural information but
also an estimate of the relative populations of different enzyme
conformers and their rates of interconversion. In the following
section, we discuss several of the important current experimental
techniques to parse the effects of a distal mutation.

3.1. Functional Methods
3.1.1. AminoAcidMutagenesis andKineticsHistorically,

mutagenesis has provided a powerful tool to probe the correlation
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Table 1. Kinetic Parameters of the Wild-Type and Mutant Enzymes in E. coli DHFR

Kd(H2F), μM Kd(NADPH), μM khyd, s
-1 other steady-state parametersa ref

(A) kinetic parameters of the mutant enzymes with the distal residues

WT 0.22 ( 0.06 0.33( 0.06 950b, 220 (pH 7.0) kcat = 12 s�1 97

M42F 0.25( 0.05 0.22( 0.04 159 ( 17 122

M42W 0.43( 0.1 0.27( 0.03 5.6 ( 0.4 122

N59S 0.56( 0.05 0.48 152 ( 5.7 214

N59T 1.4 0.72 102 ( 9.3 214

G67 V 0.21( 0.02 1.0( 0.1 190 ( 15 122

V88A ΔΔG� = �0.2 ( 0.02 kcal/molc 112

V88I ΔΔG� = 1.73 ( 0.2 kcal/molc 112

ΔV88 ΔΔG� = 2.93 ( 0.6 kcal/molc 112

V99A 0.80( 0.07 0.32 107 ( 13.2 214

T113 V >12 (45( 20) (pH 6) 1.1( 0.2(pH 6) 165 ( 5 kcat = 32.9 ( 0.5 s�1, KM = 21.4 ( 1.1 (pH 6) 145

ΔG121 0.26( 0.03 6( 1 0.4 kcat = 0.43 ( 0.03 s�1 115

G121S 0.39( 0.05 3.2( 0.4 3.7 ( 0.4 122

G121 V 0.36( 0.02 14.2( 0.8 1.4 ( 0.2 114

D122N 0.38( 0.02 0.92( 0.07 9.4 ( 0.7 4.4 ( 0.4 s�1 116

D122S 0.37( 0.03 1.1( 0.1 5.9 ( 0.3 3.3 ( 0.3 s�1 116

D122A 0.39( 0.02 1.3( 0.2 4.0 ( 0.1 2.5 ( 0.2 s�1 116

F137S 930 ( 115 (pH 5.5),

147 ( 6 (pH 7.4)

118, 215

Δ146�148 1.9( 0.3 0.26( 0.03 206 ( 3 kcat = 14.5 ( 0.4 s�1 117

S148D 0.18( 0.02 0.15( 0.01 319 ( 2 kcat = 4.6 ( 0.1 s�1 117

S148A 1.06( 0.09 0.049( 0.003 157 ( 3 kcat = 6.6 ( 0.8 s�1 117

S148K 0.72( 0.14 0.16( 0.01 162 ( 2 kcat = 5.7 ( 0.1 s�1 117

H149Q 0.96( 0.06 0.34 234 ( 7.1 kcat = 15.1 ( 0.5 s�1 214

F153S kcat = 22.8 ( 0.4 s�1 120

I155N kcat = 23.5 ( 0.4 s�1 120

(B) kinetic parameters of the mutant enzymes with the active site residues
WT 0.22( 0.06 0.33( 0.06 950b, 220 (pH 7.0) kcat = 12 97

I14A 0.22( 0.07 1.4( 0.1 33 ( 3 (pH 6.8) kcat = 15 ( 1.7 216

Δ16�19 1.7( 0.2 3.1( 0.2 1.7 ( 0.1b kcat = 0.7 ( 0.1 (pH 6.0) 113

W22F 26( 1 (30 �C) Not significantly altered 260 ( 33 (pH 5.6) kcat = 22 ( 0.6, KM(DHF) = 18.1 ( 1,

KM(NADPH) = 2.0 ( 0.4

217

W22H 6.1( 1.8 (30 �C) Not significantly altered 5.6 ( 1.3 (pH 5.6) kcat = 1.9 ( 0.05, KM(DHF) = 5.3 ( 0.4,

KM(NADPH) = 1.7 ( 0.3

217

D27N NA 0.68( 0.05 91 ( 17 (pH 5.5) 27, 215, 218

D27S 267 ( 5 (pH 5.5) kcat = 0.41 ( 0.0082, KM(DHF) = 56 ( 2.4 215, 219

D27E 460 ( 35 (pH 5),

40 ( 6 (pH 7.3)

kcat = 41 ( 1.5, KM(DHF) = 27 ( 3.2 219

D27C 1.7 ( 0.2 (pH 7.3) kcat = 2.2 ( 0.16, KM(DHF) = 130 ( 15 219

L28Y 0.11( 0.02 0.15( 0.01 109 ( 5 (pH 6.0) kcat 15 ( 3, KM = 1.0 ( 0.2 (pH 6.0) 220

F31Y 2.6( 0.3 0.34( 0.03 KD(MTX) = 0.0023, kcat = 30, KM = 5.7 220�222

F31 V 6.6( 0.5 0.22( 0.02 KD(MTX) = 0.0032, kcat = 26, KM = 27 220�222

R44T 280 ( 30 (pH 5.5) 215

R44L 0.26( 0.02 3.5( 0.2 45 ( 3b 223

H45Q 0.33( 0.05 2.0( 0.2 340 ( 30b 223

T46A 112 ( 16 (pH 5.5) 215

T46 V 78 ( 12 (pH 5.5) 215

S49A 0.21( 0.04 0.23( 0.04 120 ( 10 (pH 7.0) kcat = 9.7 ( 2.6 216

S49 V 210 ( 23, (pH 5.5) 215

L54F 0.10( 0.02 0.07( 0.02 20 ( 0.2 (pH 6.0) kcat = 6.3 ( 0.1, KM = 0.7 ( 0.1 (pH 6) 220

L54I 1.9( 0.03 (pH 6) 0.30( 0.08 (pH 6) 31 ( 4b 224

L54G 350( 50 (pH 6), 140 (pH 7) 0.02( 0.01 (pH 6) 29 ( 4b V = 14, KM = 140 224, 225
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between protein function and structure. The replacement of an
amino acid introduces a new side-chain moiety to the structure,
altering the interactions between this side chain and the local
environment. If an interaction that is structurally or functionally
important is thus disturbed, the effects can be determined by
determining and comparing kinetic parameters for the wild-type
and mutant proteins.24,25 The data in Table 1 serve as an example
of the effects of mutations on enzyme catalysis. When noncon-
servativemutations are created in the buried regions of the protein,
mutational effects appear to be dependent on the size and other
physical properties of newly introduced side chains. Consequently,
mutational effects have been analyzed by employing a series of
side chains; an example of this is shown in Table 1 for the DHFR
system. In general, conservative mutations have smaller effects,
and mutations at distal sites result in smaller changes than those at
the active site.
In the 1970s and 1980s, mutagenesis studies were primarily

guided by inspection of X-ray crystal structures and typically
focused on the residues in the substrate or cofactor binding
site.26,27 When conducted in conjunction with careful and
thorough measurement of the rates of enzymatic catalysis by
applying then novel kinetic methods, mutagenesis served as an
important tool in answering questions about functional re-
sponses resulting from replacements of specific amino acid
residues in enzymes. Since then, other computational and
experimental approaches, discussed in the sections below, in-
cluding statistical coupling analysis (SCA) and NMR, have
joined X-ray crystallography in guiding mutagenesis efforts. For
example, if replacement of a side chain that forms an interaction
with a ligand but does not form any other interactions with the
protein results in a higher binding constant, the explanation for
the functional effect of the mutation can be relatively straightfor-
ward: it is likely that binding of the ligand became weaker due to
the missing interaction. On the other hand, when a mutation far
away from the active site results in, for example, increased
binding constant for a ligand, it is much more challenging to
explain how the effect is transmitted from the allosteric site to the
active site based on structure�function studies alone. Only in
combination with other methods can mutagenesis studies help
differentiate between mechanisms of propagation such as long-
range communication proceeding through a network of direct
contacts, ligand-induced changes in dynamic fluctuations, or
changes in the native-state structural ensemble.
A challenge associated with the interpretation of data from

mutagenesis studies is, in many cases, the inability to make a
perfect replacement that only affects one amino acid associated
parameter. Typically, a single amino acid replacement influences
multiple environmental properties so that saturation mutagen-
esis may be required for an unequivocal interpretation. More-
over, the replacement of any individual residue can be misleading

because there are many possible reasons for the measured
functional change that results from the side-chain replacement.
For example, a mutationmay lead to a decreased reaction rate for a
variety of reasons including long-range effects on structure, ratios
of relative conformations, or electrostatics.28 For this reason, it
is important to view mutagenesis results in combination with
structural data and seek further understanding through molecular
dynamics simulations. To understand the role of distal residues in
catalysis, the results from mutagenesis of multiple residues and
many experiments utilizing a variety of techniques, both experi-
mental and computational, must be combined.
3.1.2. Thermodynamic Double Mutant Cycles. An ex-

tension of mutagenesis studies, thermodynamic mutant cycles,
was developed to study potential coupling interactions between
amino acid residues.29,30 The concept behind this method is to
determine whether the effects of two mutations are additive or
nonadditive (synergistic or antagonistic). Two residues in a
protein (i and j) are mutated separately to give the single mutants
Pi and Pj and together to give the double mutant Pij. A particular
kinetic or thermodynamic parameter associated with an individual
ligand binding or catalytic step in an enzyme’s turnover cycle is
measured for each protein construct and related to the Gibbs free
energy. The changes in free energy uponmutation of P to Pi and Pj
to Pij can be expressed asΔGPfPi andΔGPjfPij and calculated as
ΔGPfPi =ΔGP�ΔGPi andΔGPjfPij =ΔGPj�ΔGPij. If the free
energy changes for a given step for the two individual mutations
are additive (ΔGPfPi = ΔGPjfPij and ΔGPfPj = ΔGPifPij), the
two residues are presumed to be acting independently of each
other. On the other hand, if the effects of the two single mutations
do not add to that of the doublemutation andΔGPfPi 6¼ΔGPjfPij

and ΔGPfPj 6¼ ΔGPifPij, the implication is that the residues are
energetically interacting, i.e., they are coupled. The free energy of
coupling, ΔΔGint, is defined as ΔΔGint = ΔGPfPi � ΔGPjfPij =
ΔGPfPj � ΔGPifPij. IfΔΔGint = 0, the residues are not coupled;
however, if ΔΔGint 6¼ 0, the residues are coupled.30 It is of course
not surprising to find out that two residues that are in direct
contact are coupled. On the other hand, residues distal to each
other that show nonadditive behavior are of great interest. Inmany
cases, the distal coupling between two residues, identified by a
multiple mutant cycle, would not have been predicted based on an
inspection of a crystal structure alone. Double mutant cycles have
had a major impact on understanding allostericity and residue�
residue communication in proteins. In many instances, it has
been found that distal residues display nonadditivity when com-
bined with another single mutation in a double mutant.31�35 Such
measurements of a series of interconnected cycles can reveal a
number of amino acids that are energetically coupled and direct
research efforts to validate and examine nonadditivity.36 It is
important to keep in mind that these cycles only reveal coupling
between residues and not the physical reason for the coupling and

Kd(H2F), μM Kd(NADPH), μM khyd, s
-1 other steady-state parametersa ref

L54N 75( 15 (pH 6) 0.59( 0.02 (pH 6) 42 ( 8b 224

G95A complete inactivation of DHFR activity 27

Y100G 0.81( 0.09 7.7( 0.46 12 ( 1.2 (pH 6.5) kcat = 2.9 ( 0.15 216

Y100I 0.12( 0.01 6.5( 0.15 28 ( 2 (pH 5.8) kcat = 3.8 ( 0.26 216

A145G ΔG� = 7.3 8 ( 0.22 kcal/molc 226
aOther kinetic or thermodynamic values include kcat (s

�1), V (s�1), KM (μM), KD (μM), and ΔΔG� (kcal/mol). Units are shown in parentheses.
b pH-independent value. cThe values were obtained from urea equilibrium unfolding parameters. See the references for details.

Table 1. Continued
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that the measured effects are often small, especially for residues far
apart. Hence, it is critical to exercise caution when interpreting
results from mutant cycles and consider whether the measured
coupling values are significantly greater than the errors in the
measurement. Moreover, in practice, mapping out a network of
coupled residues using mutant cycles would require the construc-
tion of tens and, more realistically, more than 100mutants. Because
of the labor-intensive nature of investigatingmutant cycles, a critical
part of this type of study is the choice of residues to be subjected to
mutagenesis. To date, conserved sequence information, relaxation
measurements by NMR, and correlated motion studies from
molecular dynamics (MD) simulations have guided the residue
selections.37 Recently, a novel method was applied to egelin C
where NMR-detected hydrogen exchange was used to measure
pairwise and higher-order coupling long-range free energies that
allowed for efficient analysis of a large number of couplings.38 It will
be interesting to see this approach applied to a larger number of
systems in the future.

3.2. Structural Methods
3.2.1. NuclearMagnetic Resonance.When a distal residue

is found to have an important effect on a catalytic or binding
parameter or when two residues distal to the active site are found
to be coupled, it is important to determine whether the protein
structure of stability was affected as a result of the mutation.
When large-scale structural changes and significant changes in
stability are ruled out as possible explanations for altered protein
activity/binding properties, more subtle issues, such as protein
dynamics, must be examined. Proteins undergomotions at a variety
of time scales from picosecond to second fluctuations.39�46 The
motions may be necessary, for example, for substrate access to the
active site, releasing a product, excluding water, repositioning
of catalytic residues, interchanging between conformations to
achieve allosteric control, or reaching the catalytically competent
conformation.39,47 If a distal mutation alters any of these proper-
ties, a catalytic parameter could be influenced accordingly. X-ray
crystallography yields some information about the dynamics of
individual atoms in the form of temperature factors (B factors)
that are sensitive to the thermal motions of atoms but provides
no information about the time scales of the motions. NMR, on
the other hand, can access time scales that range from 10�12 to
10�5 s.39,48,49 Moreover, if a protein in solution is viewed as a
mixture of multiple protein conformations that exist in thermal
equilibrium, the examination of a single conformer solved
through X-ray crystallography provides an incomplete picture.
With novel NMR methods, one can study not only the major
conformation but also the sparsely populated, higher-energy
conformations that are present in an enzyme population in
solution. NMR experiments, when carefully applied, can provide
information about both the structures and prevalence of different
protein conformers and the rates of interconversion between
protein conformers that make up the ensemble.50�56

NMR studies of microsecond to millisecond time-scale mo-
tions are on the time scale most relevant to enzyme catalysis.
They have been made possible by advances in heteronuclear
NMR spectroscopy of proteins enriched with 2H, 13C, and/or
15N coupled with dispersion analysis. In these experiments, one
measures the excess transverse relaxation rate (Rex) that is caused
by the exchange of nuclei between different states with different
chemical shifts as nuclei sample different conformations and
magnetic environments. For example, a protein in solution could
consist of two populations that have different conformations (pA

and pB) and resonance frequencies (ωA andωB). The stochastic
exchange between the two populations dephases the coherent
magnetization of the nuclei. This spin dephasing can be experi-
mentally interfered with by applying either a train of 180� radio
frequency pulses separated by a delay of a given length (τcp) or a
continuous-wave “spin-lock” radio frequency field of strength
ωeff. The dependence of Rex on 1/τcp or ωeff of the refocusing
radio frequency field defines a relaxation dispersion profile. This
data is then fitted to a set of equations described elsewhere,47,50 to
determine both exchange rates between populations and relative
populations. Application of dispersion analysis has shown that a
single mutation, well separated from the active or binding site, can
influence dynamics throughout the protein structure rather than
simply acting within its local environment.50,52

3.2.2. Fluorescence Resonance Energy Transfer Meth-
ods. Fluorescent probes can be used to detect changes in con-
formation, conformational motion, and the ensemble of con-
formations that result from a distal amino acid mutation.57,58 For
example, fluorescence resonance energy transfer (FRET) can be
used as a molecular ruler to measure intramolecular distances in
the 20�100 Å range.59 To do this, two probes (a donor and an
acceptor) are covalently attached to regions of interest in a
protein or intrinsic probes, such as a tryptophan residue or a
ligand, are used.60 If they are separated by an appropriate distance
and the excitation and emission spectra of the two probes
overlap, the changes in donor and acceptor fluorescence can be
monitored. As the distance between the two positions in the
protein changes due to conformational rearrangements, the dis-
tance between the probes changes accordingly and can be detected
by following the increase or decrease in donor or acceptor
fluorescence. The sensitivity of the method to distance stems from
the fact that the FRET efficiency (E) is inversely proportional to
the sixth power on the donor�acceptor distance (r) as shown in
E = 1/[1 + (r/R0)

6], where R0 is the F€orster radius for the
particular donor/acceptor pair.60 This is a powerful method that
can be used to measure the rates and directions of conformational
motions in proteins. It has been extensively applied to ensemble
and single-molecule kinetic studies.61�65 An analogous method
takes advantage of the high degree of environmental sensitivity of
some fluorescent molecules: a single probe that is sensitive to its
environment is attached to a protein. The fluorescence changes
are monitored with time to determine the rates of confor-
mational motion upon a change in protein environment or ligand
bound state.
The advantage of both fluorescence-based methods discussed

above is that conformational motions can be detected using
actual substrate molecules in contrast to NMR experiments
where substrate analogues are required. Moreover, unlike
NMR studies, fluorescence studies allow for examination of
single molecules. On the other hand, the fluorescence-based
methods only detect the change in the relative positions of two
regions in a protein whereas NMR allows for the inspection of
the dynamics at multiple positions. NMR and fluorescence
measurements are complementary methods for studying protein
dynamics experimentally and, when used together, can yield a
fuller picture of protein motions than either method alone.
3.2.3. Electron Paramagnetic Resonance. To investigate

the relationship between protein conformational changes and
function, researchers have developed a technique employing site-
directed spin labeling (SDSL) coupled with electron paramag-
netic resonance (EPR). This method has been used to study
dynamic processes in the milli- to nanosecond time regime.66�69
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A nitroxide-based radical is created at a desired position in a protein
by engineering a Cys residue into the locus. After the recombinant
protein is expressed, the Cys residue is chemically modified with a
thiol-reactive spin label (Figure 1). The nitroxyl radical (N�O) is
usually incorporated into a heterocyclic ring (e.g., pyrroline, pyrro-
lidine, etc.), and the unpaired electron is predominantly localized to
the N�O bond. Typical chemical modifications of a Cys side chain
involve a variety of nitroxide spin labels such as MTSL ((1-oxyl-
2,2,4,4,-tetramethyl-Δ3-pyrroline-3-methyl)methanesulfonate),
MSL (4-maleido-TEMPO), IAP (3-(2-iodoacetamido)PROXYL),
and IASL (4-(2-iodoacetamido)TEMPO).70

The motions of the spin-labeled probe are influenced by its
local environment and consequently have significant effects on
its EPR spectrum. The parameters that can be obtained from the
EPR spectrum include mobility (Ms) of the nitroxide-attached
side chain (designated as R1 in Figure 1), a polarity index for the
environmental changes, solvent accessibility (Π), and the dis-
tance (r) between the probe-containing side chain (R1) and
another paramagnetic center in the protein. The changes in these
parameters, typically extracted from the EPR spectral line shapes,
can be used to monitor protein conformations. The line width of
the probe’s central resonance provides a measure of its mobility.
Double electron�electron resonance (DEER), which has been
designed to explore the conformational changes in a large
number of biomolecules, provides information about the inter-
radical distances between two nitroxide spins with greater
sensitivity.71 The optimal sensitivity of this method is in the
15�60 Å range with a precision of 0.3 Å.72,73

3.3. Computational Methods
It would be very informative to have a “movie” of an enzyme

structure (and that of the distal mutant for comparison) showing
the movement of each atom as the enzyme performs catalysis or
binds to a ligand. Computational methods have been used to
depict such motions for an entire protein structure in the presence
and absence of a particular distal mutation. The simulation of
molecular dynamics can be viewed as a “virtual experiment” that
bridges the experimental and theoretical approaches to address the
effects of distal mutations on a protein structure.74,75 Molecular
dynamicsmethods can be used to simulate atomicmotion over the
femto- to millisecond time scales, potentially capturing events
such as bond vibration and domain�domain motions.76,77 In
classical molecular dynamics simulations, the atoms in a protein
structure are allowed to interact for a period of time in a
computational simulation that is subject to approximations of
known classical mechanics. In this type of experiment, the inter-
action between atoms is described by a classical force field
which describes the potential energy of the protein. In a quantum
molecular dynamics simulation, the interaction between atoms is

described by a quantum chemical model that uses the Schr€odinger
wave equation.

Computational models used to understand distal mutations
and the resulting datamust be viewedwith caution and awareness
for the data’s limitations. It is important to consider whether
the data are being used to provide qualitative or quantitative
information as the limitations of computational data depend on
the goal of the study. Care must be taken to recognize that, for
example, it is possible to obtain different results with different
force fields as a result of the inability of molecular dynamics force
fields to correctly produce the potential energy surface of a
protein.78 Imperfect representations of what is happening can be
caused in part by the fact that simulations do not necessarily
extend to the millisecond time scale due to the prohibitively large
number of time steps needed and that there is often insufficient
sampling to capture the conformational heterogeneity of the
protein, especially the minor conformers. Computational studies
play an important role in understanding the effects of distal
residues, but due to the limitations of both computational and
experimental approaches, a more comprehensive picture of the
roles of distal mutations will likely emerge from the coupling of
simulations and experiments where the results of computation
are tested in the wet lab. With these caveats, some common
computational approaches used in understanding the effects of
distal mutations are reviewed below.
3.3.1. Mixed Quantum/Classical Molecular Dynamics

Simulations. An approach that draws from both classical and
quantum molecular dynamics, mixed quantum/classical molec-
ular dynamics simulations, combines the speed of classical
molecular dynamics simulations with some advantages of quan-
tum molecular dynamics simulations including a more accurate
approximation of the reaction chemical environment and the
ability to simulate reactions where covalent bonds are broken and
formed.79�81 In these experiments, a small part of the enzyme
(perhaps the active site or transferring hydrogen atom) is treated
quantum chemically while the rest of the structure is treated
classically in a real-time simulation. The electronic quantum
effects are included with an empirical valence bond (EVB)
potential to allow chemical bonds to break and form.
Mixed quantum/classical molecular dynamics simulation

methods can be used to investigate hydrogen or proton-transfer
reactions: the transferring hydrogen nucleus can be represented
by a three-dimensional vibrational wave function. In the transi-
tion state theory, the rate constant, which is determined from the
activation energy, and a transmission coefficient, which accounts
for dynamical recrossings of the free energy barrier, can be
calculated for prediction of kinetic rates and isotope effects in
investigations of hydrogen or proton transfer reactions and
hydrogen tunneling.79 The activation free energy component is
calculated from equilibriummolecular dynamics simulations that
provide the free energy profile as a function of the collective
reaction coordinate (Λ(R)) defined to be the difference between
the energies of the two valence bond states averaged over the
ground-state vibrational wave function of the transferring hydro-
gen, Λ(R) =

R
dr Φ*0(r;R)[V11(r;R) � V12(r;R)]Φ0(r;R),

where V11 and V12 denote the energies of valence bond states
1 and 2 (i.e., the diagonal elements of the AEVB Hamiltonian)
and Φ0(r;R) is the wave function representing the hydrogen
vibrational ground state. The transmission coefficient is calcu-
lated with a reactive flux scheme based on an ensemble of real-
time dynamical trajectories. This method includes vibrationally
nonadiabatic effects and the dynamics of the complete solvated

Figure 1. Spin-labeling reaction to produce a nitroxide side chain
(marked R1). Site-directed mutagenesis is used to introduce a Cys
residue at a desired position in the protein, and the dynamics of the
nitroxide or the protein to which it is attached are monitored with EPR
spectroscopy. Reprinted with permission from ref 67. Copyright 2000
Nature Publishing Group.
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enzyme. In addition to predicting rates and isotope effects, this
hybrid approach provides information about the relative time
scales of the specific motions of the enzyme along the reaction
coordinate. The time scales and motions of a wild-type enzyme
and its mutants (or homologues) can be compared to assess
the effects of a distal mutation on catalytically relevant protein
dynamics.46,51,82

3.3.2. Statistical Coupling Analysis. Significant progress
has been made in recent years in sequencing both genes and
genomes from a variety of organisms.83 Computationally based
approaches, such as statistical coupling analysis (SCA), incorpo-
rate sequence information to identify residues (both distal and
not distal) that are energetically coupled. SCA uses multiple
sequence alignments to detect evolutionary relationships at
specific residue positions between homologous proteins in a
family.84,85 The reasoning behind this approach is that natural
evolution can be viewed as a large-scale experiment in random
mutagenesis with functional selection. If two sites in a protein are
functionally or structurally coupled, this coupling should restrict
mutual evolution of the two sites and this coevolution should
be revealed from a statistical comparison of the residues in the
sequences of protein family members. Statistical coupling anal-
ysis can thus identify positions that are energetically coupled and
predict a global residue network of energetic interactions in a
protein. A limitation of this method is that it does not provide
any information about the reasons behind the coupling between
residues. The importance of the predicted network residues can
be experimentally verified throughmutagenesis and determination
of the resultant effect on the enzyme’s structural and catalytic
properties. Moreover, the reliability of the results obtained from
a SCA study is dependent on the quality of the initial multiple
sequence alignment. If similar sequences from closely related
species are predominant in the multiple sequence alignment, this
bias will have a significant influence on calculation.86 This protein
sequence-based approach, which does not require any structural
information, has been applied to several different protein families
including PDZ domains,85 G protein coupled receptor,84 serine
proteases, hemoglobins,84 G proteins, and the nuclear hormone
receptors to map residues implicated in allostery.

4. HOW DO DISTAL MUTATIONS CHANGE ENZYME
FUNCTION?

By now, experiments employing techniques including NMR,
X-ray crystallography, mutagenesis, FRET, EPR, SCA, and
molecular dynamics simulations have provided a glimpse into
the mechanism by which effects of a distal mutation are propa-
gated through a protein structure. In the 1960s and 1970s,
proteins and enzymes were viewed primarily as static structures
owing to the influence of X-ray crystallography. The realization
in the early 1980s that mutations distal to the active site influence
activity and binding in the active site began a radical shift toward
viewing proteins as flexible structures that consist at all times of a
statistical ensemble of conformations that shifts upon changes in
environment, binding of a ligand, or mutagenesis of an amino
acid residue.27,87�90 The initial exploration of protein flexibility
was focused on segmental domain motion and the mobility
of loops indicated by their high B-values in crystal structures.
Advances in molecular cloning made it possible to perform
genetic selections. The identification of second residues that
suppress the deleterious mutational effect of a first mutation was
instructive in bringing to the foreground the idea that distant

residues in a protein structure are energetically linked to each
other. Presently, distal sites that might influence catalysis are
being predicted computationally.

The mechanism by which a distal mutation causes a change in
a functional parameter is enzyme- and residue-dependent. Yet
some mechanisms are common to many distal mutations: in one
rationale the effect is limited to changes in the conformational
equilibria of the enzyme ensemble, indicating that the delicate
equilibria between different conformers is disturbed by the
effects of a single mutation, perhaps because some of the inter-
molecular contacts that stabilize particular conformations are
altered. These observations highlight the delicate balance in a
conformational ensemble.17,91�93

A second mechanism posits that changes caused by the
replacement of an amino acid within a side-chain network of
molecular interactions result in a different pattern of molecular
interactions with the rest of the protein and the surrounding
solvent. These changes are propagated in turn because the
second shell of amino acids now have different interactions with
their nearby atoms and so on.91,94�96 A corollary mechanism
emphasizes the change in the charge distribution across the
protein structure; again a single change in charge would alter the
charge distribution of other amino acids, perhaps affecting the
isoelectric points of particular residues, thus fostering changes in
the electronic environment that can propagate to the active site.

A third explanation for the effects of a distal mutation
implicates changes in protein conformational motion.23 There
are cases where the structure of a mutant and wild type are
identical, yet the protein’s conformational motions have been
altered by the mutation and the functional effect has been traced
to altered mobility. Less common is change in the number of
Cys-Cys disulfides bonds caused by either removing or introdu-
cing a new cysteine residue resulting in a local change in the
cysteine environment that affects proteinmobility. The effect of a
distal mutation can be transmitted by a combination of mechan-
isms. At times a large-scale conformational change is required
in addition to lesser local changes in a network to account for
transmitting the effect of a distal mutation to an active site.36

5. CASE STUDY I: DIHYDROFOLATE REDUCTASE

5.1. DHFR Function, Kinetic Scheme, and Structure
DHFR catalyzes the stereospecific transfer of a hydride from

C4 of NADPH to the C6 position of 7,8-dihydrofolate (H2F) to
form 5,6,7,8-tetrahydrofolate (H4F) (Figure 2). DHFR is ubi-
quitous, and its primary role is to maintain the cellular concen-
trations of H4F, which is essential for the synthesis of purines,
some amino acids, and thymidine. The enzyme is a target for
anticancer and antibacterial agents, and the efforts to under-
stand the mechanism of this enzyme have led to the discovery of
many therapeutic agents. The complete kinetic scheme for E. coli
DHFR has been determined.97 Under cellular conditions of
substrate and cofactor, the enzyme cycles through 5 intermedi-
ates: E:NADPH, E:H2F:NADPH, E:H4F:NADP

+, E:H4F, and E:
H4F:NADPH. The rate-limiting step for the kinetic cycle is the
release of H4F from the E:H4F:NADPH ternary complex.97 As
shown in Figure 2B, the pH-independent rate of the hydride-
transfer step is 950 s�1, while the loss of product occurs at a rate
of 12.5 s�1. The hydride-transfer step can also occur in the
reverse direction from the occluded E.NADP+.H4F complex,
also known as the product ternary complex, but the rate of the
forward step in which the NADP+ dissociates from the product



7602 dx.doi.org/10.1021/cr100042n |Chem. Rev. 2011, 111, 7595–7624

Chemical Reviews REVIEW

ternary complex is much faster than the reverse hydride-transfer
reaction (950 vs 0.6 s�1; see Figure 2B), driving the reaction in
the forward direction.

E.coliDHFR is a small 18 kDmonomeric protein composed of
eight stranded β-sheets and four flanking α-helices (Figure 3).
There are two subdomains in the DHFR structure: the adenosine
binding subdomain (residues 38�88) provides the binding site
for the adenosine moiety of the cofactor NADPH whereas the
major subdomain (also termed the loop subdomain) consists
of the remaining N-terminal and C-terminal sequences. Three
loops, the Met20 loop (9�24), the βFβG loop (116�132), and
the βGβH loop (142�150), make up about 40�50% of the
major subdomain (Figure 3).98 TheMet20 loop lies directly over
the active site and is responsible for shaping active-site architec-
ture whereas the βFβG and βGβH loops stabilize the structure
via hydrogen-bonding interactions with the Met20 loop.

X-ray crystallography studies of DHFR in multiple ligand
bound states showed that the conformation of the Met20 loop
depends on what ligands are bound and can be occluded, closed,
open, or disordered (Figure 3B).99 In the occluded conforma-
tion, residues 14�16 of the Met20 loop protrude into the
binding site of the nicotinamide ribose moiety of the cofactor,
hindering access of the nicotinamide ring to the active site.
Binding of the nicotinamide ribose moiety of the NADPH in the
binding site leads to the formation of the closed state in which the
Met20 loop packs tightly against the nicotinamide ring, closing
over the active site to protect it from solvent, and the donor�
acceptor distance between cofactor and substrate is optimized
to allow for the appropriate preorganization for catalysis to
occur. The major difference between occluded and closed state
is the orientation of the nicotinamide ring in the binding site.
The occluded form inhibits nicotinamide ring by directing the
Met20 loop into the nicotinamide-ribose binding pocket, which
results in the blocking of the binding pocket. The conformational
differences of these different loop states are described in
Figure 3A. In the open conformation, which has been observed

in certain crystal forms,99 the p-aminobenzoylglutamate (pABG)
binding cleft is widened along with an 8 Å opening to the
nicotinamide binding site. The change between the closed and
occluded state occurs through this open-loop conformation,
which could bring a water molecule into the protonated N5
of folate. This irregularly structured state is thought to be an
intermediate state between the closed and occluded states. Only
in the closed conformation are cofactor and substrate positioned

Figure 2. Chemical reaction catalyzed by E.coli DHFR (A). The pH-independent kinetic scheme for DHFR catalysis (B). Reprinted with permission
from ref 97. Copyright 1987 American Chemical Society.

Figure 3. Top: Structure of E. coli DHFR with NADP+ and folic acid
(PDB code: 1rx2). (A)Open, closed, and occluded conformations of the
Met20 loop region in DHFR. Reprinted with permission from ref 129.
Copyright 2000 American Chemical Society. (B) Schematic diagram
representing conformational changes of the Met20 loop during the
catalytic cycle in DHFR.50
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in close proximity and the appropriate orientation for catalysis
to ensue.

5.2. Hydride Transfer in DHFR
Enzymes are highly efficient catalysts; typical values for the

rate acceleration of enzyme-catalyzed reactions compared to the
uncatalyzed reactions range from 1010- to 1020-fold.100,101 The
efficiency of DHFR as a catalyst results from a combination of
many factors. In part, rate enhancement for the DHFR reaction
stems from the contribution of Bronsted acid/base catalysis.
When Asp 27 in E. coliDHFRwas deleted, the mutants (D27S or
D27N) showed full activity only at low pH values.102 The activity
of Asp27-deletion mutants increased as the pH was lowered. The
Bronsted acid catalysis/base contribution on kcat acceleration can
be approximated to beg104 and greater on the step that involves
proton transfer.

The proximity effect that brings reactants together is another
important driving force in enzyme catalysis.103 For an uncata-
lyzed bimolecular reaction, there is a significant entropic penalty
for bringing the reactants together in the correct orientation.
In an enzyme, the translational and rotational freedom is already
lost when the enzyme�substrate complex forms.104 In DHFR,
once DHF and NADPH are bound, no further entropy need be
lost in the formation of the transition state. In general, this
decreased entropy requirement has been estimated to result in an
increase in the rate constant up to a factor of 108.

Facilitation of appropriate transition state geometry is thought
to be another factor that accounts for rate accelerations approxi-
mately up to 1011 in enzyme catalysis.105,106 To examine optimal
transition state structures for hydride transfer, Wu and Houk
computationally investigated the transition-state geometries
in different hydride-transfer model systems.107,108 The results
showed a correlation between optimized geometry and activation
energy at the transition state, suggesting that there are substantial
similarities in the transition-state geometries between different
hydride-transfer model systems, including bent C---H---C angles
of 142�159�, C�C bond distances in the range 2.6�2.8 Å, and
attack angles of hydride on the carbonyl of 109�118�. Formation
of optimal transition state structure contributes significantly to the
rate enhancement achieved by DHFR.

DHFR in part catalyzes the hydride-transfer reaction by
facilitating formation of the appropriate transition-state geome-
try; internal protein motions, facilitated by distal residues, are
likely to play an important role in this process. The magnitude of
the free energy barrier for the hydride-transfer reaction is known to
be affected by the relative probabilities of sampling the different

conformations in the transition and the reactant states.109 The
donor�acceptor distance within the substrate and cofactor de-
creases from 3.4 to 2.7 Å as the reaction proceeds from the reactant
state to the transition state. The conformational changes in
thermally averaged equilibrium motions facilitate the hydride-
transfer step by positioning the donor and acceptor to create a
favorable electrostatic environment in the active site. Freezing a
single motion of the distal residues separated by ∼28 Å (residues
17 and 37, residues 52 and 116, and residues 98 and 140) in a
hybrid quantum/classicalmolecular dynamic simulation is found to
alter conformational sampling and decrease the hydride-transfer
rate by increasing the free energy barrier. The altered sampling
results in a significant increase in the donor�acceptor distance for
the reactant state, as well as a decrease in the probability of sampling
the transition state with shorter donor�acceptor distances, illus-
trating how areas distal from the active site are intimately connected
to catalytic rates.

Conformational motions alter the active site environment and
shape as the reaction progresses. These alternating shapes and
environments are required to accommodate the different inter-
mediates along the reaction coordinate. The motions in the
entire protein are transmitted to the active site andmaymodulate
the active site to appropriately accommodate the different reaction
intermediates. The motions themselves, which allow chemistry
to be fast, appear to be rate limiting in some enzyme-catalyzed
systems, includingDHFR.8 InDHFR, the faster fluctuations of the
enzyme on the femtosecond to picosecond time scale that are
averaged out at equilibrium on the millisecond time scale impact
the conformational sampling and the free energy barrier as part of
the transition-state process. Therefore, these fast motions are
thought to be part of the driving forces that facilitate the slower
millisecond time-scale motions conducive to enzyme catalysis, but
there is no evidence that they couple directly to the slowermotions
in the transition state. These motions are part of the sampling
needed to cross the transition-state barrier. The stochastic nature
of the sampling is restricted by the protein fold and by the
conformational changes within the ternary complex as the reaction
proceeds along the reaction coordinate.

Unlike most proteins, an extensive network of coupled
residues has been characterized in DHFR.45,109�111 The network
extends from the active site to the surface of the protein. The
motions observed in the network residues span the time scales of
femtoseconds to milliseconds. The presence of the network of
residues, including distal ones, indicates that a large portion of
the DHFR structure, if not the entire structure, can be considered
to be involved in catalysis at the active site. It follows that the
distal residues that are part of this network may play important
roles in catalysis and, when mutated, often result in a change that
is transmitted to the active site (see section 5.3). The issues of
transition-state stabilization at the active site, the motions at the
active site, and the motions of the entire protein structure appear
intimately linked.

5.3. Distal Mutations
5.3.1. Single-Site Mutations The earliest DHFR mutagen-

esis studies were based on the analysis of the static structure of
the enzyme determined by X-ray crystallography. The muta-
tional effects were examined by kinetic analyses, which impli-
cated contributions from distal residues for enzyme function. In
an early example, the activity of DHFR significantly decreased
upon the oxidation of the P39C mutant protein (Figure 4) that
resulted in impaired dynamic flexibility by tethering the αE helix

Figure 4. Locations of residues 39 and 88 are shown as spheres overlaid
on an illustrated representation of DHFR in complex withNADP+ (dark
gray sticks) and folate (light gray sticks) (PDB code: 1rx2).
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to the βB strand through a disulfide bond.27 In another early
mutagenesis experiment, V88 was also subjected to mutagenesis
because it lies on the hinge region (residues 85�91) that
connects the adenosine binding domain to the loop subdomain.
This residue is the central residue in the hinge region that forms a
loose turn connecting α-helix E to β-sheet E.98 Equilibrium
unfolding experiments showed that deletion of V88 destabilized
the protein by 2.93 ( 0.6 kcal/mol and substitution with Ile
destabilized it by 1.73 ( 0.2 kcal/mol (Table 1). A refolding
study performed by dilution of urea-inactivated protein demon-
strated that these mutants (deletion and V88I) have ∼3-fold
lower rate constants for the second refolding phase compared to
that for the wild type.112 The findings indicate that side-chain
interactions in the interior of the turn affect DHFR folding and
stability without significantly influencing the kinetic mechanism
and are consistent with V88 playing a role in bringing secondary
structural elements together to form the dihydrofolate (H2F)
binding site during refolding.112 There are now ca. 30 residues
that have been mutated in E. coli DHFR; their distribution is
shown in Figure 5, and their kinetic parameters are listed in
Table 1. Following these very early efforts, DHFR mutagenesis
studies, combined with kinetic analysis, evolved to become
more systematic and began to specifically target the residues
in the distal, flexible Met20, βFβG, and βGβH loops that
were suspected to play a role in catalysis (Figure 3, see sections
5.3.2.1�5.3.2.3).
5.3.2. Single-Site Mutations in Flexible Loops. 5.3.2.1.

Met20 Loop. A detailed study of the contribution of the Met20
loop to DHFR catalysis was initiated by constructing a DHFR
mutant with a deletion of four residues (residues 16�19) in the
middle of the loop.113 Although the side chain of N18 is located
within contact distance to the cofactor, the side chains of the
other three residues are oriented toward the solution and
considered distal by the definition used here. The loop region
is disordered in the X-ray crystal structure of the apoenzyme,
suggesting it experiences conformational motion.98 Deletion of
the four Met20 loop residues resulted in a 400-fold decrease in
the hydride-transfer rate of DHFR (950 s�1 for wild type and
1.7 s�1 for the mutant), while the Km values for NADPH and
H2F and the rate of the product-release step were similar to those
in wild type (5.3 μM, 2 μM, and 10.3 s�1 respectively). These
findings implicated the loop as an active site gate and lid that

affects the organization of bound substrate and cofactor into an
active complex.
5.3.2.2. βFβG loop. The results from mutagenesis of the

Met20 loop raised the question of whether other flexible loops
surrounding the active site in DHFR might play critical roles.
G121 lies in the βFβG loop and is located 19 Å away from the
active site (Figure 5). The G121 V replacement resulted in a 200-
fold decrease in the hydride-transfer rate (1.3 s�1 for the mutant,
Table 1) and a 40-fold decrease in the binding constant (KD) of
NADPH to DHFR (14.2 μM for the mutant).114 The G121 V
variant also underwent a slow conformational change (3.5 s�1)
prior to the hydride-transfer step. Deletion of G121 also resulted
in a decreased binding to NADPH and a 550-fold decrease in the
rate of hydride transfer (Table 1).115 Changes in these kinetic
parameters were attributed to modification of the Met20 loop
conformations that are modulated by the βFβG loop via hydro-
gen bonds (Figure 6, left). Mutagenesis of G121 was followed by
replacement of the adjacent D122 residue by asparagine, serine,
and alanine. Hydride-transfer rates were decreased similarly to
4.0�9.4 s�1 as a result of these replacements (Table 1). The
steady-state rates of these mutants were also decreased compared
to the wild-type enzyme due to decreased product release rates
from the E.NADPH.H4F ternary complex.116 Interestingly, small
changes in this distal loopmarkedly influence two key steps in the
DHFR turnover cycle. Further double mutant cycle analysis on
residues in βFβG-Met20 would reveal the interactions between
the two functional loops.
5.3.2.3. βGβH loop. S148 in the βGβH loop (residues

142�149), 18 Å away from the active site, is involved in
hydrogen-bonding contacts that modulate the conformation of
the Met20 loop (Figure 6).117 To assess the importance of the
hydrogen-bonding interaction between S148 and residues in the
Met20 loop, mutations were made to replace S148 by Asp, Ala,
and Lys.117 These mutations increased affinity for the cofactor
(by 2.2-fold for S148D, 6.7-fold for S148A, and 2-fold for S148K)
while decreasing affinity for the pteridine ring of the folate (5-fold
for S148A and 3-fold for S148K) (Table 1). Further analysis
revealed that the effects resulted predominantly from changes in
ligand-release rates. Mutations at this position altered the pre-
ferred catalytic pathway by introducing branches at key inter-
mediates. The Δ(146�148) construct where the entire βG-βH
loop had been deleted showed a 20-fold decrease in the koff value

Figure 5. Locations of mutated amino acids (gray spheres) in various
E. coli DHFR studies have been superimposed on an illustrated repre-
sentation of the enzyme (PDB code: 1rx2); kinetic data for these mutants
has been compiled in Table 1.

Figure 6. Interloop hydrogen bonds between the Met20 loop and
βFβG loop (left panel, PDB code: 1rx2) and the Met20 loop and the
βGβH loop (right panel, PDB code: 1rx7). The closed conformation of
the loop is stabilized by interaction between D122 in the βFβG loop and
E17 in the Met20 loop whereas the occluded form is stabilized by an
interaction between S148 in the βGβH loop andN23 in theMet20 loop.
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for NADPH while the koff value for H2F and H4F were increased
by 50% and 30%, respectively. These data further emphasize the
importance of interloop contacts, revealing a dynamic aspect to
catalysis that was not initially obvious from the static X-ray crystal
structures.
5.3.3. Multiple Mutations—Additive and Nonadditive

Effects. 5.3.3.1. Suppressor Mutations. The initial mutagen-
esis studies discussed in section 5.3.2 revealed that single muta-
tions, remote from the active site, can influence activity. These
discoveries inspired work on the effects of multiple mutations at
residues that are spatially separated. Interdependence between
remote sites was initially explored by identifying secondary
residues that suppress the deleterious effects of a primarymutation
through a genetic selection for isolating active DHFR variants.118

The replacement of the proton donor D27 in the active site,
for example, in the D27S variant, suppresses the catalytic activity
of DHFR by shifting the maximum in kcat to lower pH values.102

In the wild type, the pKa of D27 is 6.5 so that its carboxyl group
serves as a proton donor at physiological pH and provides a
negatively charged carboxylate counterion to the positively
charged pteridine ring of H2F.

97 Three distal second suppressors
of the D27S mutation (F137S, F153S, and I155N) were identi-
fied by selecting variants from a D27S random library for their
ability to confer increased resistance to trimethoprim (Figure 7).
The double mutant D27S/F137S increased catalytic turnover
(3-fold) and decreased Km(DHF) (2-fold) compared to the D27S
mutation alone. Residue 137 is located on the β-bulge region,
15 Å away from residue 27. It does not significantly influence
kinetic parameters when introduced alone (khyd for F137S is
∼1.2-fold higher than that of wild-type (WT) DHFR, see
Table 1A). On the basis of these observations, an altered
distribution of ligand-free enzyme conformers was suggested
for D27S/F137S compared to the D27S variant.118 The F137S
and D27S mutations may give rise to a structural perturbation
propagated along the peptide backbone whereas either single
mutation has little effect on the structure.119 The F153S and
I155N replacements, located on the unusual β-bulge structural
element on the surface of the protein, 8.2 and 13.6 Å from the
active site, respectively, also suppress the damage caused by the
D27S substitution (Figure 7).120

5.3.3.2. G67-G121 double mutant cycle. To identify ener-
getic coupling interactions between additional distal regions of
DHFR, double or triple mutant cycles were applied to residues
that are spatially separated in the structure. As noted previously,

critical interloop interactions have been identified that led to
studies of mutants at positions 67 and 121 separated by 28 Å
from each other (Figure 8A).121,122 Whereas single mutations of
the G121 or G67 residue resulted only in small effects on kcat
(only a 2-fold decrease on kcat for the G67 Vmutant compared to
wild type and no significant effect on kcat for the G121 V
compared to wild type),91,114,123 steady-state kinetic experiments
on double mutants of positions G67 andG121 yielded significant
changes on kcat (for example, up to 33-fold decrease in kcat for the
G67 V/G121 V double mutant compared to the value for the
single G67 V mutant).121 Observed nonadditivity effects in the
free energies of unfolding in urea for the double versus single
mutants also supported long�range energetic coupling between
residues G67 and G121. Although double mutations at G67 and
G121 showed nonadditivity effects on kcat, only additive effects
were observed on the hydride-transfer rate, suggesting that the
observed nonadditivity in kcat values originates from an effect on
the rate-limiting product dissociation step.124 This work shows
that long-range energetic coupling between residues may be
evident in a particular microscopic rate constant only. This
presents an additional challenge to the use of multiple mutant
cycles. It is easy to miss the coupling between two residues
because the nonadditive effect may not manifest itself in a
particular measured kinetic step; it is clear one must exercise
caution when analyzing the results from multiple mutant cycles.
5.3.3.3. Mutations at Distal Residues M42 and G121. To

further explore the energetic coupling between residues that may
facilitate hydride transfer, the mutant cycle analysis was extended
to triple mutants. The single replacement of M42, a conserved
distal residue separated by 10 Å from the reactive center, by Trp
showed a 41-fold reduction in the forward hydride-transfer rate,
whereas the M42F replacement was found to have little effect on
the reaction kinetics. G121 V and G121S decreased the hydride
transfer rate by 157- and 95-fold, respectively (Table 1A). Even
though the mutation of the conserved residueM42 to F had little
effect on kinetics, a double mutation of residues M42 and G121
displayed synergistic effects on forward hydride-transfer rates
with little effect on ligand binding (Figure 8A).122 The hydride-
transfer rates of the double mutants were decreased by 3200- and
7600-fold in M42W-G121S and M42W-G121 V compared to
the wild type, respectively. These data emphasize the complex
dependence of enzyme catalysis on specific side-chain moieties
(for example, note different effects of M42W and M42F muta-
tions) at some distal sites and the challenges associated with
interpreting the results from multiple mutant cycles and distal
mutagenesis in general.
5.3.3.4. Long-Range Interactions between Residues 59, 99,

and 149. As discussed above, originally mutagenesis studies
combined with kinetic analysis provided insights into the roles of
distal residues for DHFR structure and catalysis and inspired
other research efforts includingNMR experiments andmolecular
dynamics simulations designed to understand the observed
kinetics effects in depth. More recently, hypotheses formed
through computational studies have been used to guide DHFR
mutagenesis studies. For example, three DHFR residues at
positions 59, 99, and 149 were implicated by statistical coupling
and molecular dynamics analyses to belong to the DHFR
coupled residue network (Figure 8A).7 The distances to the
folate binding site are 9.2, 10, and 15 Å for residues 59, 99, and
149, respectively. Despite the fact that these residues do not lie
within contact distance from the folate-binding site, mutagenesis
combined with kinetic measurements showed that mutations at

Figure 7. Mutations that suppress the deleterious effect of a primary
mutation of residue D27 are shown overlaid on an illustrated depiction of
the DHFR structure. These residues were identified from a genetic
selection method that identified variants with trimethoprim resistance.120
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these three positions mostly affect ligand binding (including H2F
and H4F binding); the data is summarized in terms of ΔΔGi in
Figure 8B. The overall mutational effects on the binding to
various ligands represented less than 10-fold change (Figure 8B).
These data are consistent with the hypothesis that enzyme
catalysis is tightly buttressed by multiple residues each furnishing
a small contribution to maintain enzyme function.
As in many similar studies on other systems, the magnitudes of

the ΔΔGi values are small (values around 0.5�0.8 kcal/mol are
typically considered small). Nevertheless, they provide experi-
mental validation for the computational predictions discussed
above. Small-magnitude long-range effects are recognized in a
wide range of protein functions.125�127 The values observed for
the triple mutant cycle of DHFR discussed here are comparable
to the nonadditive coupling energy values (<1 kcal/mol) ob-
served in other biological systems125 including the K+ channel
(see section 7). In general, mutational effects at evolutionarily
nonconserved positions are found to be smaller than conserved
positions, and the magnitude of energetic coupling is known to
decrease with increasing distance of two residues, but not
isotopically.128 It is thus necessary to measure effects of distal,
nonconserved residues quantitatively and exercise extreme care
when drawing conclusions from small effects. For the DHFR
studies, the thermodynamic coupling values are greater than the
errors of the measurements and the results are reproducible. As
discussed above, the mutational effects also largely depend on
what substitution is made and what kinds of parameters are
measured. Despite the inability to make all 19 replacement at
each site studied due to the labor-intensive nature of the work,
many examples of long-range coupling have been observed in
nonallosteric proteins,125 mostly in nonrigid proteins. These
studies provide insights into the roles of long-range interactions
between protein regions, as long as the results are interpreted
cautiously. From these studies, it became clear that there was a
strong need to develop a more systematic approach to compu-
tationally predict residues that belong to the network of coupled

residues and also to interpret the experimental data in a larger
context; these efforts are described next.

5.4. Theoretical Calculations on Effects of Distal Mutations
5.4.1. Classical Molecular Dynamics Simulations. Long

molecular dynamics simulations (∼10 ns) were carried out on
three DHFR ternary complexes (E.H2F.NADPH, E.H4F.
NADP+, and E.H4F.NADPH) and showed that loop conforma-
tional changes were sensitive to the ligand-binding state.129 The
coupled motions between distant regions of the structure in
the Michaelis complex (E.H2F.NADPH) disappeared in the
product complexes with NADP+ or H4F bound, implying that
the motions are correlated with catalysis. Extensive simulations
using the same method for the G121V, G121S, M42F, and
M42F-G121S mutants revealed long-range structural perturba-
tions in these constructs130 (Figure 9) and provided a rationale
for the nonadditivity effects on kinetic and binding parameters.
The authors extended their calculations through a potential of
mean force (PMF) simulation that allowed for the characteriza-
tion of fluctuations occurring in local energy minima that alter
the hydride-transfer energy barrier in the enzyme. Snapshots
selected from previous MD simulations served as the initial
conditions for the PMF simulations. DHFR was described as a
high-dimensional energy landscape replete with distinct hydride-
transfer energy barriers where the effects of mutagenesis result in
changes in the energy landscape.131

5.4.2. Mixed Quantum/Classical Molecular Dynamics
Simulations. Coupled motions in DHFR affecting the chem-
istry step were also investigated by applying mixed quantum/
classical molecular dynamics simulations.80,110,111,132,133 Com-
putational work on enzyme catalysis and protein design is an
evolving field, and although it has enormous potential, it is critical
to interpret the results of computational studies with extreme
caution. Specific to protein design, there has been a large amount
of work to demonstrate that computational prediction can be
used as a tool to guide protein design.134�137 Recently, a good

Figure 8. (A) Distal residue pairs that were analyzed by the double and triple mutant cycles (67�121, pink; 42�121�148, blue; 59�99�149, pale
green) are shown overlaid on an illustrated representation of the DHFR structure. The residues shown are located away from the active site and affect
catalytic and/or ligand-binding parameters. (B) Differences in the free energy change calculated from ligand binding (NADPH (red), H2F (blue),
NADP+ (red crosshair lines), H4F (blue crosshair lines), and hydride transfer rates (gray) for the double mutants N59S�V99A, N59S�H149Q, V99A-
H149Q, N59T-V99A, and N59T-H149Q. Note that mutations at these three positions mostly affect ligand binding, whereas the effects on the hydride-
transfer rate are relatively small.214
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correlation between simulated and experimental changes in the
free energy barrier among 15 DHFR mutants has been obtained
using an empirical valence bond potential in conjunction with
molecular dynamics simulations and umbrella integration.138

The general approaches for ranking protein properties according
to the free energy barrier may aid protein engineering and
drug development. However, it is critical to note the difference
between qualitative rankings and quantitative interpretations
of computational data. Interrogation of the resultant collective
reaction coordinate for wild-type and mutant DHFR enzymes
provided an extensive, detailed depiction of residue movements
along the reaction coordinate from the ground to the transition
state. Pairwise permutation analysis among the 159 α-carbons in
DHFR has led to the assignment of residues that constitute a
coupled catalytic network suspected to facilitate the hydride-
transfer step.139 Inclusion in the network was established by a
change of >10% in the distance between the residues in the
transition state relative to the ground state (Figure 10). Some of
the residues form a connected axis that may act to push the
NADPH and H2F closer together into a productive conforma-
tion for hydride transfer.
5.4.3. SCA-Based Predictions. As described in section 3.3,

the SCA method has served as an alternative approach to map
the long-range interactions in proteins. When this method was
applied to the DHFR family, the statistical analysis detected
a distributed network of coevolving amino acids that enabled
a prediction of a potential allosteric linkage (Figure 11). With
this insight, a novel regulatory mechanism was introduced into

DHFR through a chimeric DHFR construct whose function can
be controlled by an external signal. Through SCA analysis of the
PAS (Per/Arnt/Sim)140 family of proteins, a similar network
was identified in this enzyme. Covalently fusing a light-sensing
signaling domain (LOV2 domain from Avena sativa) from the
PAS protein to the DHFR enzyme at the end points of the
respective networks provided a chimeric protein (PAS-DHFR)
whose catalytic activity was light-controlled.5 In the light state,
the C-terminal J helix of the light-sensing LOV2 domain is
unstructured, whereas the dark state leads to the refolding of the
helix. The light-induced conformational change in the J-helix in
the LOV2 domain is likely transmitted via its coupled network of
residues, through the connection point (where the two proteins
are fused), and, finally, via the DHFR-coupled network to the
active site of DHFR. The magnitude of the light-induced effect
on DHFR catalysis was small (ca. 2-fold), but the fact that the
light-regulated enzyme activity varied with the site of connection
demonstrated the specificity of the allosteric effect. The long-
range interactions contribute to the control of enzyme function

Figure 9. Correlated motions of the Cα atoms in wild-type DHFR and
various mutants (G121V, G121S, M42F, and M42F-G121S) are de-
picted on residue�residue maps. Regions of positive correlation are
shown in red and yellow, and regions of anticorrelation shown in blue.
Reprinted with permission from ref 130. Copyright 2003 National
Academy of Sciences, U.S.A.

Figure 10. Coupled network amino acid residues (shown as spheres)
identified from mixed quantum/classical molecular dynamics simula-
tions described in section 5.4.2.

Figure 11. Design principle of PAS-DHFR chimera: surface-exposed
SCA sites shown as spheres were covalently attached by the N- and
C- termini of the signaling domain (LOV) to mediate a light-induced
conformational change that is transmitted through the network of
DHFR, modulating enzyme catalysis.
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and corroborate the importance of the distal residues to DHFR
catalysis.

5.5. NMR Studies of DHFR Mutants
Two-dimensional 1H NMR spectra on wild type and a mutant

DHFR with residues 16�19 on the Met20 loop deleted (DL1)
revealed restricted movement of the Met20 loop in the mutant,
consistent with the reduced activity of the enzyme.113 The
exchange rate of 35 s�1 for the loop in the wild-type enzyme
between the open and closed conformations is comparable to the
rate of product (H4F) dissociation from the E.NH.H4F ternary
complex (Figure 2).141 The importance of dynamic coupling
of the DHFR active site to residues on the flexible loops was
previously implicated by the effects ofmutagenesis of loop residues
as described in section 5.3.2 and molecular dynamics simulations
that identified loop residues as part of the coupled network of
residues in DHFR. The NMR experiments reinforce the hypoth-
esis that the motions in theMet20 loop are important for catalysis.

Relaxation as well as 1H�15N heteronuclear nuclear Over-
hauser effects (NOEs) probed amide backbone and tryptophan
side-chain motions in the folate-bound DHFR binary complex.142

The data revealed several regions with large amplitudemotions on
the pico- and nanosecond time scales that included residues in
the adenosine binding domain (G67 and D69), hinge residues
(K38 and V88), and the βA-αB and βF-βG loops (shown in
Figure 12),142 providing the first detailed view of the magnitudes
and time scales of the motions in DHFR. As noted above,
mutagenesis of some of these residues (sections 5.3.3) supported
their roles in DHFR function.

Measurements have been extended to elucidate themotions in
three ligand-bound enzyme complexes that represent catalytic
intermediates in the reaction cycle (E.folate, E.folate.DHNADPH
(5,6-dihydro NADPH), and E.folate.NADP+).44 As described
earlier, the dominant kinetic pathway in DHFR involves confor-
mational transitions between the closed and occluded states, and
only the binary NADPH complex and the Michaelis complex
adopt the closed-loop conformation (Figure 3). In the occluded-
loop conformation in the E.folate or E.folate.DHNADPH com-
plexes, large amplitude motions on the picosecond/nanosecond
time scale were detected for residues in the Met20 loop, in the
βF-βG loop, and for residues 67�69, whereas the motions in
the Met20 and βF-βG loops were attenuated in the closed-
loop conformation in the ternary complex (E.folate.NADP+)
(Figure 13). In addition, new motions on a microsecond/milli-
second time scale were observed for several residues (L24, G121,
and H149) in the closed-E.folate.NADP+ complex. The fast
fluctuations of the loops in the occluded conformation are
thought to result in conformational sampling of configurations
and thus facilitate the millisecond time scale motions. Different
conformations are in equilibrium, perhaps interchanging on the
fast pico- to nanosecond time scale, as the reaction progresses
along the reaction coordinate. Consequently, averaged conforma-
tional change occurs on a slower time scale.109 These pico- to
nanosecond dynamics were altered as a result of ligand binding or
mutagenesis, and these results suggest the presence of propagation
pathways linking distal sites.28

Residues in these loop regions form interloop hydrogen bonds
as depicted in Figure 6. NMR data revealed that ligand binding
altered the motions of the enzyme not only in the binding sites
but also in regions distal to the binding sites (Figure 13).44

In particular, mutagenesis of the βFβG and βGβH flexible
loops alter the equilibrium between the closed and occluded

conformations and consequently cofactor binding and cata-
lysis parameters (section 5.3.2).114,116 The closed conformation
of theMet20 loop is stabilized by hydrogen bonding between the
amide backbones of G15 and E17 in the Met20 loop and the side
chain of D122 in the βFβG loop116 and was perturbed by
mutagenesis of D122. On the other hand, the occluded con-
formation is stabilized by a hydrogen bond between N23 in the
Met20 loop and S148 in the βGβH loop (Figure 13).

To understand the conformational equilibrium of DHFR
during the catalytic cycle, relaxation dispersion NMR methods

Figure 12. Relaxation data determined from NMR measurements of
the DHFR�folate binary complex. Reprinted with permission from ref
142. Copyright 1995 American Chemical Society. 15N T1 (A), T2 (B),
and NOE values (C) are plotted against residue number. For T1

determination, inversion recovery method was used, while spin�echo
Carr-Purcell-Meiboom-Gill (CPMG) sequences were used for T2 deter-
mination. See the reference for detailed methods. The data revealed a
wide range of backbone 15N T1 and T2 values, which suggests diverse
dynamic features in DHFR. [1H]-15N NOE plots showed that several
regions (e.g., G67, D69, and G121) exhibit significantly different NOEs
from the mean value.
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enabled monitoring of the dynamics for each microscopic step in
the E. coliDHFR reaction pathway (Figure 14).50 Each of the five
key complexes in the enzyme-turnover cycle was found to be
in equilibrium with a small fraction of at least one neighboring
complex illustrated in Figure 14. In brief, the complex in
question reflected its origin and anticipated its destination as it
progressed toward the next enzyme complex in the reaction
pathway. The measured conformational exchange rates that
were measured in NMR relaxation studies were very similar
to the rate constants measured previously for each of the
steps in the DHFR catalytic cycle by stopped-flow methods,
suggesting that conformational changes were rate limiting
for catalysis.97 For each intermediate complex in the reac-
tion pathway, the conformational exchange rate was spread
throughout the protein, affecting residues both in the active
site and in distal regions.

5.6. Fluorescence-Based Studies
Although NMR has been used extensively to study DHFR

motions in the millisecond to second time scale, the conforma-
tional changes associated with enzyme catalysis in DHFR can
also be studied via covalently attached, conformationally sensi-
tive fluorophores.60,143,144 In these constructs, the environment
of the probe or the distance between the probes can be
monitored during catalysis by measuring the changes in probe
fluorescence by ensemble stopped-flow and/or single-molecule
fluorescence microscopy techniques. As discussed above, many
distal mutations severely affect functional parameters in DHFR,
and probe fluorescence studies provide an interesting tool for
gaining insights into effects of mutations on conformational
motions. Several DHFR constructs, covalently labeled by either
a single, conformationally sensitive fluorescent probe or a
fluorescence resonance energy transfer (FRET) pair, were
prepared to monitor these changes: in constructs A and B, a
single probe was attached to residues 48 and 18, respectively,
which lie in the C-helix and the Met20 loop; in construct C,
a distance sensitive FRET pair was covalently attached to

residues 48 and 145, which lie in the adenosine binding
subdomain and the major subdomain, respectively; and in
construct D, a distance-sensitive FRET pair was covalently
attached to residues 17 and 37 (Figure 15).144

Figure 13. DHFR dynamics from NMR spectroscopy. Ribbon representations of DHFR are shown colored according to the degree of enhanced
motions on the pico/nanosecond time scale in the closed E:folate:NADP+ complex (left, PDB code: 1rx2) and the occluded E:folate binary complex
(right, PDB code: 1rx7). Color code indicates S2 value (S2 > 0.8, blue; 0.71 < S2 < 0.8, orange; S2 < 0.7, red). Reprinted with permission from ref 44.
Copyright 2001 American Chemical Society.

Figure 14. Dynamic energy landscape of DHFR catalysis depicting
each intermediate and high-energy structure in the catalytic cycle.
Ground states of each intermediate are shown in larger figures, whereas
higher-energy structures are shown in smaller figures. NADPH and
NADP+ are shown in gold spheres and substrate, product, and analogues
are shown in magenta spheres. The enzyme complexes are shown in
different color codes; E:NADPH, E:NADPH:H2F, E:NADP

+:H4F, E:
H4F, and E:NADPH:H4F are depicted in blue, red, purple, green, and
yellow, respectively. Red arrows represent rate constants determined
by presteady-state enzyme kinetics, and black arrows represent the
interconversion rates obtained from the relaxation dispersion NMR
experiments. Note that the higher-energy conformations detected in
the relaxation dispersion experiment resemble the ground-state con-
formations of adjacent intermediates. Reprinted with permission from
ref 50. Copyright 2006 The American Association for the Advance-
ment of Science.
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With these probes, the rate of hydride transfer and the DHFR
conformational motion causing changes in probe fluorescence
during catalysis could be examined and the effects of mutations
on both parameters could be determined.97,144,145 The wild-type
constructs A, B, C, and D reported a motion during catalysis, the
rate of which was similar to that of the hydride-transfer step
(conformational motion vs hydride transfer: 130 vs 146 s�1,
184 vs 184 s�1, 164 vs 186 s�1, and 282 vs 210 s�1 for constructs
A, B, C, and D, respectively). It is important to note that the
hydride-transfer rate is determined by following changes in
NADPH fluorescence; the oxidized cofactor has a low fluores-
cence emission intensity compared to the reduced form. The
NADPH redox state and the fluorescence of probes, attached at
various regions in DHFR, change at similar rates when the
reaction is initiated by mixing the DHFR:NADPH complex with
H2F. Caution must be exercised when interpreting these simila-
rities; one of the challenges of fluorescence studies is that it is
difficult to experimentally establish the reason for the change in
probe fluorescence or the specific motion, or perhaps many
motions, that result in altered probe environment. Moreover, the
issue is further complicated by the possible presence of multiple
DHFR conformations. It is interesting to speculate whether the
rates of the two signals (cofactor and probe fluorescence) could
be limited by the same events. As discussed above, there is strong
evidence that the DHFR turnover cycle is limited by conforma-
tional changes on the millisecond time scale and that the rate of
change in NADPH/NADP+ fluorescence emission intensity is
likely to be limited by conformational changes.8 Stojkovic and co-
workers recently showed experimental evidence for the idea that
the isotope effect for DHFR comes from the effect of deuterium
versus hydrogen on the sampling of reactive conformations.146

One seductive interpretation of the data is that both NADPH
and probe fluorescence (in constructs A�D) are affected by
these rate-limiting conformational events, but as of now there
is no direct evidence as to whether the two signals are directly
linked. When interpreting these data, one must also consider
the possibility that conformational changes could influence the
environment and thus the fluorescence of the cofactor.

The distal G121 V and active site L54I mutations are known to
affect DHFR hydride transfer rate and other catalytic parameters
(Table 1). When they were introduced to some of the constructs
A�D, the rates of both probe fluorescence and hydride transfer
decreased. For construct B, the effects of the L54I mutation on

the rates of probe fluorescence change and hydride transfer were
similar (rate of conformational motion and hydride transfer
decreased from 184 to 7 s�1 and 184 to 10 s�1, respectively).
For the other three constructs, G121V or L45I mutation resulted
in a greater decrease in the hydride-transfer rate than the rate of
conformational motion. For example, introduction of the G121V
mutation into construct C decreased the rates of conformational
motion and hydride transfer from 164 to 27 s�1 and 186 to
2.5 s�1, respectively. These data support the idea that residues
G121 and L54 participate in DHFR dynamics, which are
significantly impacted by mutagenesis at these positions.

The observations are consistent with the results from hybrid
quantum-classical MD simulations that suggest that distal DHFR
mutations alter the conformational sampling of the enzyme
and ligands.111,133 Yet, observations like these are challenging
to interpret and their meaning is heatedly debated for many
systems. It is becoming possible to experimentally demonstrate
cases where a mutation changes the rates of both a kinetic step
and a motion, but establishing that the two are definitively linked
can be problematic. In this example, specific mutations resulted
in slower rates of the motion/s detected by the probes and
hydride transfer, but the decreases were not necessarily equally
large. These findings highlight the complexity of the dynamics in
DHFR. One possibility is that the conformational landscape is
altered in themutant DHFR resulting in different conformational
events dominating the measured probe signals compared to
wild type. Or perhaps the mutation decreased the rate of an
event critical for hydride transfer to a greater extent than the
rate of the detected motion. Of course, one must have an open
mind to the possibility that multiple events are being detected
by the probes and cofactor fluorescence and some events may
be detected by one probe but not the other. The fact that the
distal G121V mutation influences both the rate of NADPH
redox change and changes in extrinsic probe fluorescence
suggests exciting possibilities of using fluorescent probes
and FRET to further parse the effects of distal mutations on
conformational motions.

Taken together, mutagenesis studies of DHFR have provided
a solid foundation to elucidate the role of distal residues in
enzyme catalysis. The presteady-state kinetics of a large number
of DHFR mutants have provided a large data set (Table 1) and
support the concept of a coupled network featuring interactions
between residues that are spatially separated in the protein structure.

Figure 15. Structure of E. coliDHFR (PDB: 1rx2). The sites of labeling are shown as yellow spheres: construct A (residue 18), construct B (residue 48),
construct C (residues 48 and 145), and construct D (residues 17 and 37). Additionally, the sites of mutagenesis, distal residue 121 and active site residue
54, are shown as blue spheres. The stars represent the probes: green for Alexa Fluor 488, pink for Alexa Fluor 555, and orange for QSY35.
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Computational studies along with NMR and fluorescence-based
measurements corroborated the role of the distal residues. This
system, and the large amount of available kinetic data for mutants,
represents an invaluable opportunity for researchers applying a
continuously expanding set of tools to seek more detailed under-
standing of the connection between distal residues, protein dy-
namics, and catalysis.

6. CASE STUDY II: DISTAL RESIDUE HIS48 AND LOOP 1
IN RIBONUCLEASE A

Bovine ribonuclease A (RNase A) is a monomeric 124-residue
enzyme. It catalyzes RNA degradation via cleavage of the P�O5

bond on the 30-side of pyrimidine residues in single-stranded
RNA. This efficient catalyst (kcat/kuncat ≈ 1011) resembles an
ellipse, and the active site is located in a deep cleft, the bottom of
which consists of three antiparallel β-sheets (sheets 1, 4, and 5).
Studies in the last 10 years have explored the role of protein
motion and distal residues in catalysis in this enzyme.147 NMR
Carr�Purcell�Meiboom�Gill dispersion experiments that
monitor the transverse relaxation rate (R2) of single quantum
coherence as a function of the timing (τcp) between refocusing
pulses during the NMR relaxation period revealed that the active
site, distal loop 1, and the area surrounding loop 1 undergo a
conformational change the rate of which coincides with rate-
limiting product release.148�151 This conformational change
converts RNase A between an open form that binds substrate
and a catalytically active closed form. The similarity in pH
dependence of RNA transphosphorylation and this protein
motion provides additional evidence for the importance of
this motion in catalysis.149,152 Moreover, if a hydrogen bond is
made or broken during a protein motion, then replacement
with deuterium should slow down the rate of this motion and
show a kinetic solvent isotope effect (KSIE); this was seen
for RNase A. NMR relaxation experiments revealed a nearly
identical KSIE on kcat and on motions of residues in and
around loop 1, indicating that catalysis and conformational
change are both equally sensitive to the rate at which a H-bond
forms/breaks.

The impact of residues outside the RNase A active site on
protein motion and catalysis were examined to gain further
insight into the coupling of conformational motion to the rate-
limiting product-release step.152,153 Residue H48 is located 18 Å
from the enzyme active site on β-strand 1, which is one of the
three antiparallel β-sheets that make up the bottom of the deep
cleft where the active site resides. Mutation of H48 to alanine
results in a 10-fold decrease in kcat, and if a conformational
motion is rate-limiting, an equal or greater decrease in the rate of
the motion would be expected to result from the mutation.
Indeed, the mutation also results in the loss of the dynamics
in loop 1 and the surrounding region as indicated by flat
dispersion curves (Figure 16). The mutation thus affected
both the motions and the rate-limiting product-release step,
emphasizing their interconnectedness. The effect was not
equal, though (kcat was reduced 10-fold whereas the motion
was completely lost), demonstrating the complexity of the role
of protein motions in enzyme function. Also, the previously
observed KSIE on the transphosphorylation of RNA was lost
as a result of the mutation. These data together show that
residue 48 is involved in the rate-limiting conformational
motion in RNase A catalysis. The authors suggest that the
motions are absent in the mutant because the role of H48 is to

provide a link between regions of the protein and optimize the
open/closed ratio, and when this link is missing, the motions
cannot take place as in the wild type. The kcat is reduced as a
result of a shift in conformer equilibrium toward the inactive,
open conformation.

The side chain of H48 forms a hydrogen bond with T17
located on loop 1. In the H48A mutant, this hydrogen bond
cannot form. The role of loop 1 was examined by replacing the
12-residue loop 1 in RNase Awith a 6-residue loop from anRNase
A homologue, eosinophil cationic protein (ECP), to create RNase
AECP chimera.

153 Similarly to the H48A mutant, koff was reduced
and the motion in loop 1 was abolished, implicating the motion of
loop 1 in enabling product release. Doucet and co-workers suggest
that motion of H48 is propagated between loop 1, the β-1 strand,
and the active site and that in the H48A construct there cannot be
such a linkage. H48 seems to provide a link between regions of
the protein that optimize the open/closed ratio, and disrupt-
ing the linkage between H48 and loop 1 disturbs the dynamics
and catalytic turnover. This study highlights the elegant use of
different techniques including enzyme kinetics, pH profiles,
and KSIEs together with dispersion NMR experiments to
study the role of distal residues in catalysis. In this example,
the effects of the distal mutation seem to be predominantly
due to the removal of a hydrogen bond that connects distal
residue H48 to loop 1.

Figure 16. Top: Residues involved in chemical exchange are shown
as spheres for the H48A (left) and the RNase AECP constructs. Site of
mutagenesis in each construct is shown in cyan. Blue spheres indicate
residues that have retained wild-type dynamics in the two constructs.
Red indicates residues in which dynamics have been lost upon
mutagenesis. Bottom: magnified view of the hydrogen bond between
His48 and loop 1. The bovine loop is shown in blue and the shorter
eosinophil cationic protein (ECP) loop, which cannot form the
hydrogen bond, is shown in red. Other selected hydrogen bonds
between β-sheets 1, 4, and 5 are also shown in dashed black lines.
Reprinted with permission from ref 153. Copyright 2009 American
Chemical Society.
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7. CASE STUDY III. VOLTAGE-ACTIVATED K+ CHANNEL

7.1. Introduction: Structure and Function
Voltage-activated K+ (Kv) channels are pore-forming proteins

specific for potassium that open and close as a result of changes in
a cell’s membrane potential. In these channel proteins, the
membrane voltage affects their open/close conformational equi-
librium to regulate the flow of potassium ions across the cell
membrane to generate action potentials in nerve and muscle
cells.57,154�156 Simply stated, parts of the channel structure
undergo conformational changes as a result of the changing
membrane potential, and this conformational change eventually
leads to the opening of the pore (see Figure 17).155�159 This
channel protein, while not catalytic, is included here because the
system presents an extensive study of how residues that are distal
to each other are energetically coupled and influence function
(in this case, channel opening and closing). For this case study,
residues cannot be considered distal by the definition in the
introduction; in this case study, residues located far from each
other and from regions of the channel called the activation gate
and selectivity filter are discussed. One of the advantages of the
Shaker Kv channel system is that these channels can be expressed
in Xenopus oocytes, and the effect of mutations on pore-opening
transitions can be studied directly without the need for time-
consuming protein purification. This property makes this system
well suited for higher-order thermodynamic coupling analyses
where many single, double, and higher-order mutants must be
investigated.

Kv channels are tetrameric proteins, and each subunit consists
of six membrane-spanning segments: S1�S4 comprise the
voltage sensor and S5 and S6 (also called M1 and M2) comprise
the pore.159 The channels have three important domains: the
selectivity filter at the narrowest part of the pore, which is
responsible for potassium selectivity, the activation gate, and

the voltage sensor (Figure 18).156,157,159 The pore (segments S5
and S6) contains the activation gate, which is located at the
intracellular entrance, and the selectivity filter at the extracellular
side.160 The open/close conformational changes rely on cou-
pling between the three different domains (the selectivity filter,
the activation gate, and the voltage sensor); these proteins
therefore present exciting opportunities for understanding the
long-range communication between residues in different do-
mains distal to each other.161

7.2. Single-Site Mutagenesis Studies
Many studies have shown that the gating in Kv channels is

sensitive to structural changes that result from single amino acid
mutations.162�165 For example, systematic energy perturbation
experiments on the Drosophila melanogaster Shaker Kv channel
revealed that there are amino acid positions where mutations
drastically alter the open/closed conformational equilibrium.158,166

Many of these residues are located around the activation gate
and the selectivity filter. Other amino acid positions that alter the
open/closed equilibrium were found along a physical pathway that
connects these two structural elements (Figure 18).167,168 One
possible explanation for the effects of the mutations is that amino
acid replacements alter the side-chain packing inside the pore
in both the closed and the open conformations and hence the
energetic equilibrium between the closed and open states.168 Most
single mutations at sensitive positions caused the activation curve to
shift leftward along the voltage axis, indicating that these mutations
shift the gating equilibrium toward the open state, perhaps desta-
bilizing the closed state.

7.3. Double Mutant Cycles
To explore the interdependence of the amino acid residues

that influence the open/closed conformational equilibrium, a
double mutant cycle analysis was performed by measuring how
single and double mutations affect the voltage-activation curves

Figure 17. Ribbon representations of the bacterial KcsA (closed) (A)
and MthK (open) (B) pore structures with the M1 (outer helix), P
(pore), and M2 (inner helix) labeled. Reprinted with permission from
ref 161. Copyright 2009 Nature Publishing Group.

Figure 18. Allosteric communication network found in the pore
domain of the Shaker Kv channel. Gating-sensitive positions of the
Shaker Kv channel pore are shown mapped onto the closed-pore
conformation of the KcsA K+ channel (for clarity, only two channel
subunits are shown). The black arrow represents a possible route for the
allosteric trajectory. Side chains are shown only for gating-sensitive
residues (red) and also for the three gating-insensitive outer helix
residues (gray). The selectivity filter and activation gate are labeled.
Reprinted with permission from ref 168. Copyright 2007 National
Academy of Sciences, U.S.A.
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for the Shaker Kv channel from Drosophila melanogaster.30 When
expressed in Xenopus oocystes, Shaker Kv channels are closed
when the inside of the cell is negative relative to the outside and
open upon depolarization. Potassium conductance versus mem-
brane voltage plots yield an S-shaped activation curve, and the
data can be fitted to a two-state Boltzmann function with two
independent variables: V1/2 (the voltage at half activation or
“midpoint”) and Z (proportional to the slope at half activation)
(see Figure 19). The free energies of channel opening (ΔGopen)
can be calculated by�FZV1/2 where F is the Faraday constant.

158

To estimate the energy change on gating caused by a mutation,
one can calculate the change in the free energy of channel
opening ΔΔGi open = Δ(FZV1/2). Double mutant cycle analysis
can be performed to quantify the additivitity or nonadditivity
between the effects of two mutations on channel opening. The
coupling free energies (Δ2G(i,j)) between trajectory-spanning
residue pairs (residues i and j) in the pore were determined
using double mutant cycles as described in section 3.1.2.29 If
mutations i and j affect gating independently, thenΔ(FZV1/2)i =
Δ(FZV1/2)ij and vice versa. That is, the difference between these
quantities, Δ(FZV1/2) is equal to 0. If Δ(FZV1/2) 6¼ 0, then the
effects of the two mutations do not influence channel opening
independently but are coupled.

When two single residues along the pathway that connect the
activation gate to the selectivity filter (Figure 19) were mutated,
the resulting voltage-activation curves revealed that the effects of
the mutations on the voltage at which a channel opens and closes
are not additive. For example, when the voltage-activation curves
of the four proteins comprising the double mutant cycle of the
trajectory lining residues A391 and E395 (See figure 19) were
determined, the coupling free energy between the two residues
was found to be ∼2.3 kcal/mol. This result indicated that these
two residues are highly coupled energetically. High (>1 kcal/
mol) coupling free energies were found for seven other trajectory
lining pairs (see Figures 18 and 19). Residues were found to
be coupled even over long distances (up to 18 Å�). To explore
whether the proposed trajectory that connects the two domains
has well-defined boundaries, the authors compared the coupling
between a pair of on-trajectory residues to the coupling between
an on-trajectory and off-trajectory residue. The results showed
that the averagemagnitude of pairwise coupling free energy along

the allosteric trajectory is much stronger than for pairwise
interactions of two residues when one of the residues is not
located on the trajectory. These results indicate that residues
along the pathway that connects the activation gate to the
selectivity filter domain are energetically coupled for channel
gating (see Figure 19 for the proposed trajectory) but do not
reveal the reason for the energetic connectivity, as is typically true
for mutant cycle analyses.158

7.4. Higher-Order Thermodynamic Coupling Analysis
Many thermodynamic mutant cycle studies are limited to

double mutants, but the Shaker Kv channel pore is amenable to
higher-order thermodynamic analysis, which was used to further
explore the energetic pathway between the selectivity-filter and
activation-gate domains.168 All possible free energy contributions
to channel opening associated with a particular residue i can be
described by the following equation:ΔGi open =ΔGi open,intrinsic +
∑j Δ

2G(i,j) + ∑k ∑j Δ
3G(i,j)k + ∑l ∑k ∑j Δ

4G(i,j)(k,l) + ....168 This
equation takes into consideration the context of all possible
structural interactions of residue i with other channel residues.
If residue i is not coupled to any other residue, ΔGi open =
ΔGi open,intrinsic. On the other hand, if this residue is coupled
to other residues, coupling terms up to the total number of
residues can be considered.169,170 In the above equation, the
second-order coupling term, Δ2G(i,j), represents the second-
order coupling between two residues. Similarly, the third-order
coupling term Δ3G(i,j)kreflects the energetic effect of residue k
on the coupling energy between residues i and j. The fourth-
order term Δ4G(i,j)(k,l) describes the magnitude of coupling
between two pairs of interactions and can be thought of as a
double mutant cycle of double mutant cycles.

When this analysis was applied to the trajectory residues,
interestingly, in most cases, a mutation of a “third” trajectory
residue significantly reduced or, in some cases, abolished the
coupling between any pair along the trajectory, emphasizing the
context dependence of the pairwise interactions on the other
residues in the trajectory. When the second-, third-, and fourth-
order coupling free energies for six on-pathway interactions were
calculated, the data showed that the second-order coupling free
energies were lower than the third- and the fourth-order coupling
free energies (Δ2G(i,j) < Δ3G(i,j)k < Δ4G(i,j)(k,l)). A trajectory

Figure 19. (A) Voltage-activation curves for four channel proteins (wild type, A391V, E395A, and A391V-E395A) comprising a representative
double mutant cycle measuring the coupling free energy between residues A391 and E395. (B) Comparison of the magnitudes of coupling free energies
(Δ2G(i,j)) between different residue pairs in the presence or absence of a third trajectory lining residue mutation (in gray text). The coupling energies are
shown in black when no third residue mutation is present and in gray for constructs with a third residue mutation. Reprinted with permission from
ref 168. Copyright 2007 National Academy of Sciences, U.S.A.
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residue k typically affects the interaction between two residues
(i and j) by ∼1 kcal/mol whereas another trajectory interacting
pair (k,l) affects the interaction of the same (i,j) pair by about
2.7 kcal/mol. The residues involved in this coupled network
make significant contributions to higher-order coupling terms,
suggesting that all studied coupled residues that lie along the
trajectory are energetically coupled.

Cooperativity is required for the open/close conformational
changes that mediate flow of K+ ions through the channel, but it
is not known how the open/close conformational changes in the
channel are modulated. It is possible that the trajectory of
energetically coupled residues plays a role in the conformational
motions and cooperativity. One view is that energetic coupling
between the residues results from a mechanical deformation of
the structure along the coupled pathway.171 For this to be true,
the residues involved in the deformation must be physically
connected, structurally adjacent amino acids. An alternative
explanation is that structural coupling between distal sites is a
result of the redistribution of the native-state conformational
ensemble of the protein. This view can explain coupling between
distal residues without the requirement that the sites are physi-
cally connected. To further explore the mechanics of proposed
signal transduction along the trajectory, patch-clamp electro-
physiology recordings and linear free-energy relations (LFER)
analysis were used in combination on a select set of residues
spanning the trajectory. The results showed that the residues
tested exhibit an open-like conformation in the transition state of
channel opening, implying that coupling interactions break in a
concerted manner rather than in a sequential manner during the
reaction coordinate. This suggests that energetic coupling occurs
in a temporally concerted fashion in the Kv channel.172 The study
is an elegant demonstration of the careful use of multiple mutant
cycles to study the effect of distal protein regions on protein
function. It will be interesting to reexamine the results of this
study when crystal structures for the open and closed conforma-
tions of the Drosophila melanogaster Shaker Kv channel become
available. The development of automated purification protocols
for large sets of mutants wouldmake themultiple mutant analysis
more feasible for other protein systems.

8. CASE STUDY IV: NMR RELAXATION DISPERSION
STUDY OF CYCLOPHILIN A MUTANTS

8.1. Introduction: Cyclophilin A Function and Structure
Cyclophilin A (CypA) is a cis�trans isomerase that catalyzes

the isomerization of prolyl peptide bonds and is the target of the
immunosuppressive drug cyclosporing A. It is essential in HIV-1
virulence.39 The enzyme alternates between different conforma-
tions depending on whether the bound substrate is in the trans or
the cis conformation. CypA interconverts between at least three
different states during the catalytic cycle: the free enzyme and the
two enzyme�substrate complexes with substrate bound either in
the cis or the trans conformation.

8.2. NMR Study of Wild-Type Cyclophilin A
NMR relaxation dispersion experiments were employed to

determine the rate constants for the conformational rearrange-
ments that CypA undergoes in the presence of substrate, and
these values were compared to the rate constants for substrate
turnover.173 To restrict CypA to adopt only two different
conformations, the system was biochemically tuned to a “two-
state exchange” by using an excess of substrate (95% saturation).

Under these conditions, only two populations of conforma-
tions, corresponding to the catalytic step of the cis�trans
isomerization, were observed. The relaxation dispersion data
showed that the time scales of protein conformational change
coincide well with those of substrate turnover: The kex
value for protein motion was found to be 2 500 ( 500 s�1

and is very close to the sum of the enzyme catalyzed cis-to-
trans (1 909 s�1) and trans-to-cis (1 640 s�1) substrate-
isomerization rate constants. These observations suggest that
catalysis in CypA might be limited by rates of conformational
rearrangements.

Figure 20. (A) CypA protein dynamics necessary for catalysis take
place in the presence and absence of substrate. The crystal structures of
free CypA (left) andCypA bound to the cis conformer (right) are shown
in two views (top and bottom) differing by a 90� horizontal rotation.
The substrate N-succinyl-Ala-Phe-Pro-Phe-p-nitroanilide is shown in
green in the substrate bound structures (on right). Dynamics data are
plotted on these structures: amides undergoing chemical exchange are
colored in red and blue. In the right panel (during turnover), both blue
and red residues were globally fitted together with the same rate of
interconversion. In free CypA (left panel), residues had to be globally
fitted in two groups with two exchange rates (red and blue). The residues
in blue make up a loop that clearly moves faster than the red group of
residues in the free enzyme (left panel). When the substrate is bound
(right panel), this loop (blue residues) fluctuates in unison with the
region colored in red. (B) Effect of mutations on amide resonances:
identification of residues that build a common network in CypA. Parts
a�c highlight the residues (red) that were found in the mutant CypA
proteins (a-R55A, b-K82A, cH70A) to have changes in chemical shifts of
the amide resonances relative to wild type CypA. Parts a�c display the
van der Waal’s radii for the residues with that, regardless of where a
mutation is introduced, the regions that experience changes in chemical
shifts remain mostly the same. Parts d�f show the common residues (in
red) with chemical shift changes for double mutations (d-R55A and
K82A; e-R55A and H70A, and f- H70A and K82A). Reprinted with
permission from ref 173. Copyright 2005 Nature Publishing Group.
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NMR relaxation dispersion experiments also allow for deter-
mination of the relative populations of the exchanging species
that represent the conformational equilibrium of the enzyme.
These techniques were used to compare the structure of free
CypA with those of CypA in the presence of the substrate
N-sucinyl-Ala-Phe-Pro-Phe-p-nitroanilide and showed that the
enzyme exhibited conformational rearrangements in the sub-
strate-free state between the major (the more prevalent con-
formation) and the minor conformation. Moreover, as depicted
in Figure 20A, in most of the enzyme structure (not in the loop
shown in blue), these changes were found to occur at the same
rates regardless of whether or not the substrate was present.
These results show that a presampling of conformational sub-
states before catalysis takes place in CypA in the substrate-free
“resting state”. Inspection of Figure 20A reveals that the group of
residues (red and blue regions in structures in Figure 20A)
undergoing chemical exchange is similar in the presence and
absence of substrate, suggesting the presence of a dynamic
network of residues that is built into the enzyme structure.
This presampling of conformations at the same rate before and
after substrate binding is likely to not be found for all enzymes.
For example, in contrast to CypA, the motions in DHFR
are dependent on which ligands are bound (see Case Study V).
This observation may reflect the bimolecularity of the DHFR-
catalyzed reaction in contrast to the single-substrate reaction
catalyzed by CypA.

8.3. NMR Study of Cyclophilin A Mutants
The distal mutation K82A positioned >10 Å away from the

substrate-binding cleft drastically decreases substrate-binding
affinity (exact value not reported).39 The K82A mutation caused
chemical-shift changes throughout the putative network residues
(shown in red in Figure 20B), indicating changes in the chemical
environment far from the K82 residue and in large regions of the
protein structure. The K82A variant showed different relative
populations of the major and minor conformers compared to the
wild type; specifically the K82A mutation shifted the equilibrium
toward the minor state. These observations provided insight into
how the K82A mutation causes a significantly decreased sub-
strate affinity even though it is far removed from the binding site:
it appears that the effect of a local change is propagated over a
large distance. It is interesting to note that other mutations such
as R55A (active site mutation) andH70A (distal mutation) affect
the chemical shifts of the same amide resonances as the K82A
mutation. Consequently, the results implicate a network of
coupled residues because of the commonality of their effect on
the enzyme’s conformational states.

9. CASE STUDY V: DISTAL MUTATIONS IN HIV-1
PROTEASE ALTER FLAP CONFORMATIONS

9.1. Introduction: Structure and Function of HIV-1 Protease
Human immunodeficiency virus type 1 protease (HIV-1 PR)

is an aspartic protease that recognizes and cleaves specific amino
acid sequences. One suspected motif for HIV-1 PR substrates
presented in literature is [S/P]N[V/N]YPANT, where N sig-
nifies any amino acid.174 This enzyme is responsible for gag-pol
processing, an essential step in the life cycle of HIV-1. Without
the HIV-1 PR activity, the HIV-1 virions are uninfectious, and
HIV-1 PR is consequently an important potential target of AIDS
treatment. Most clinical inhibitors of HIV-1 PR, such as Saqui-
navir, Indinavir, Ritonavir, Nelfinavir, and Amprenavir, bind in

the active site cavity in the S2�S20 subsite and compete with
peptide substrate binding.175

The long-term therapeutic use of protease inhibitors is limited
because, upon their use, drug resistance quickly emerges. Muta-
tions that reduce inhibitor effectiveness in drug-resistant clinical
isolates have been found both in the active site pocket and in
other protein regions of HIV-1 PR.92,176�181 Finding these drug-
resistance mutations in the active site is not surprising because
most of the current protease inhibitors have been designed to bind
tightly to the shape of the active site. The active-sitemutations alter
the binding interactions between an inhibitor and the active-site
residues and, in many cases, result in decreased enzymatic activity
or higher KM values.95,177,178,180�185 Of interest in the context of
this review, several distal mutations have been shown to alter
protease inhibitor efficiency indirectly and also to increase catalytic
activity to compensate for the effects of an active-site mutation.

The dimeric protein consists of two identical subunits that
come together to form a tunnel into which the protein substrate
enters. The active site contains two Asp-Thr-Gly catalytic triads

Figure 21. Two experimentally determined conformations of HIV-1 PR.
(A) Free HIV-1 PR (PDB code: 1HHP) and (B) HIV-1 PR bound to
inhibitor (PDB code: 1HVR). Different colors indicate distinct regions:
flaps (red for free, blue for bound), flap tips (yellow), flap elbow
(magenta), cantilever (green), fulcrum (orange), and dimer interface
(blue). Reprinted with permission from ref 189. Copyright 2006 National
Academy of Sciences, U.S.A.
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and is located in the middle of the tunnel. Above the tunnel are
two large glycine-rich flaps (residues 34�59) that fold into two
antiparallel β-strands. These flexible flaps open and close to
control substrate access to the active site (Figure 21). When a
substrate/ligand is present, the flaps adopt the closed conforma-
tion. Inspection of structures shows that neither the open nor the
closed conformation allows substrate to access the active site.186

Thus, the protein must adopt another conformation/s that
allows ligand exchange, in turn requiring conformational motion
during ligand binding and release. In addition to the flaps,
residues 11�21 (the fulcrum) and 64�74 (the cantilever) have
been identified by molecular dynamics simulations as regions
with conformational fluctuations.187,188

9.2. HIV-1 PR Constructs with Distal Mutations at a
Single Site

The catalytic activity and inhibitor data for these mutants were
experimentally obtained with a variety of HIV-1 PR substrates,
making a direct comparison difficult. We have compiled a list of

distal mutations and represented the effects relative to the wild-
type enzyme (Tables 2 and 3).95,189,190

Data in Tables 2 and 3 show that most of the single or double
distal mutations have a modest impact on steady-state catalytic
parameters; some increase and others decrease the kcat and KM

values. Some distal mutations, such as L90M and G48V, have
significant effects on inhibition constants (>20-fold) against
Indinavir, Nelfinavir, Saquinavir, and Ritonavir, whereas others
have more modest effects.191

9.3. HIV-1 PR Constructs with Multiple Distal Mutations
Many HIV-1 PRs with multiple mutations located away from

the active site have been discovered by sequencing of resistant
clinical isolates. Consequently, there is a strong interest in
understanding the mechanisms by which the distal mutations
alone or as a group modulate the binding of HIV-1 PR to
inhibitors. For example, V6 HIV-1 PR is a protease clone isolated
from a pediatric patient on Ritonavir therapy that contains 10
mutations, 8 of which are distal and 2 of which lie in the active
site.185 Yet others have been identified through drug pressure
selections. Galiano and co-workers exposed the HIV-1 PR to a
protease inhibitor cocktail treatment.179,180,182,185,192 As ex-
pected, in the resulting variants, many mutations were identified
in the distal flaps. The HIV-1 PR variant NAM-10 has higher Ki

values for Indinavir (886-fold), Nelfinavir (1752-fold), Saquinavir
(1631-fold), and Ritonavir (117-fold) than the wild-type en-
zyme. This variant contains 10 mutations that are all located
outside the active site (L10I/M36I/S37D/M46I/R57K/L63P/
A71V/G73S/L90M/I93L) (Figure 22), illustrating how com-
bining single mutations away from the active site can result in
an active HIV-1 PR variant that is resistant to a wide array of
inhibitors in therapeutic use.

Muzammil et al. characterized NAM-10 through steady-state
kinetics, its ligand-binding profile, and structural stability.190 As
shown in Table 2, the 10 mutations have a small effect on the
enzyme’s kcat and KM parameters; these values increased by
1.4- and 1.6-fold, respectively. The mutant was found to be more
structurally stable than the wild-type HIV-1 protease.190 Conse-
quently, the role of distal mutations is not limited to a compen-
satory role, and in the case ofNAM-10, they alone are responsible
for the observed loss in the binding affinity of inhibitors. These
findings argue against the common assumption that primary

Table 2. Michaelis�Menten Constants for Several Distal
HIV-1 PR Mutants Are Listed As Fold Change from the
Wild-Type Enzymea

HIV-1 PR mutant

KM(mutant)/

KM(wild type)

kcat(mutant)/

kcat (wild type)

kcat/KM(mutant)/

kcat/KM(wt) ref

L90M 0.7 0.5 0.7 181

A71V 0.9 0.4 0.4 181

N88D 0.4 0.3 0.7 181

G73S 0.84 0.97 1.2 95

M46I/I54V 1.4 0.4 0.34 92

NAM10 1.4 1.6 1.1 190

L10I/L90M 2.8 0.42 0.15 92

G48V 3.0 1.1 0.3 95

I50V 3.6 0.4 0.1 95

V6b 2.6 1.3 0.48 185
aNote: unless otherwise marked, the mutations in the table are located
distal to the active site. bMultiple mutant containing both distal and
active site mutations. The active site mutations are represented in bold:
V6, K20R/V32I/L33F/M36I/L63P/A71V/V82A/L90M; NAM10:,
L10I/M36I/S37D/M46I/R57K/L63P/A71V/G73S/L90M/I93L.

Table 3. Inhibition Constants (Ki) for Several Distal HIV-1 PR Mutants Are Listed As Fold Change from the Wild-Type Enzyme
for Indinavir, Nelfinavir, Saquinavir, and Ritonavira

HIV-1 PR mutant

Ki(mutant)/Ki(wt)

Indinavir (nM)

Ki(mutant)/Ki(wt)

Nelfinavir (nM)

Ki(mutant)/Ki(wt)

Saquinavir (nM)

Ki(mutant)/Ki(wt)

Ritonavir (nM) ref

L90M 4 9 28 3 181

A71V 5 3 4 3 181

N88D 3 3 2 2 181

NAM10 886 1 752 1 631 117 190

G73S 1 NA NA NA 95

M46I/I54V 1.5 1.9 7.2c 4.5 92

L10I/L90M 3 3 6.1 3.7 92

G48V NA NA 86 NA 95

I50V NA NA 24 NA 95

V6b 69 17 NA 30 185
aNote: unless otherwise marked, the mutations in the table are located distal to the active site. bMultiple mutant containing both distal and active site
mutations. The active site mutations are represented in bold: V6, K20R/V32I/L33F/M36I/L63P/A71V/V82A/L90M; NAM10, L10I/M36I/S37D/
M46I/R57K/L63P/A71V/G73S/L90M/I93L. cRatio of Kd values.
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mutations in the active site alone are usually responsible for the
loss of binding affinity of protease inhibitors and that secondary
mutations in distal regions simply act to compensate for the lost
catalytic efficiency. Here the distal mutations themselves have a
large effect on ligand binding. It is likely that the nonactive site
mutations in NAM-10 affect inhibitor binding by altering the
population of ligand-accessible active site conformers through the
accumulation of mutations in the distal regions in the structure.

9.4. Theoretical Calculations to Understand the Effect of the
L90M Mutation

The L90M drug resistance mutation, located at the HIV-1 PR
dimer interface away from the active site, increases the KI toward
Saquinavir by 28-fold and toward Nelfinavir by 9-fold. The
mechanism of resistance caused by this single mutation was
investigated by computational simulations on L90M HIV-1 PR
L90M in complex with various inhibitors and a typical substrate.191

Energy-minimization and MD simulations were performed using
the AMBER ff02 force field for van der Waal’s and bonded energy
terms and the general AMBER force field for Nelfinavir, Saquina-
vir, and Lopinavir. All covalent bonds to hydrogen atoms were
constrained using the SHAKE algorithm. These calculations
showed that the mutation results in changes in the interactions
between the side chain of residue 90 and the main chain atoms of
Asp25, a catalytic residue, resulting in a slight dislocation of Asp25
(Figure 23A). This displacement causes rotation of the Ile84 side
chain that has a large hydrophobic contact area with the HIV-1 PR
inhibitors discussed here. As can be seen in Figure 23B, this
rotation in turn results in the displacement of the inhibitor from
the binding site and a steric clash between the inhibitor and the flap
region. The effect of a L90M distal mutation onHIV-1 PR binding
to its inhibitors is transmitted through a chain of minor structural
changes that result in altered binding of the inhibitor molecules.

9.5. EPR Study of Flap Conformations in Resistant HIV-1
Protease Mutants

To study the effect of the mutations in the V6 and MDR769
isolates (Figure 24) on HIV-1 PR conformation, Galiano and co-
workers used site-directed spin labeling and pulsed double
electron�electron resonance (DEER) electron paramagenetic
resonance (EPR) spectroscopy to monitor the conformation of
HIV-1 PR in the apo and ligand bound states.178,192 As can be
seen in Figure 24, in these variants, the mutations are mostly

located away from the active site.183,193 A HIV-1 PR construct
termed LAI0 that contains four mutations that prevent autocata-
lytic cleavage was used as a model of the wild type in this study.
DEER echo curves showed that the distance distribution profiles
for V6 and MRD769 differed from the LAI0 construct. It is
apparent from the distance-distribution profiles that both V6 and
MDR769 have flaps whose motions do not span the full range of
distances seen for LAI0: for V6 the flaps span distances from 23 to
42 Å� and for MDR769 the distance breadth is 31�42 Å�. Both of
these ranges are narrower than LAI0, 23�48 Å�. These results
suggest that mutations linked to inhibitor resistance may alter the
conformation and motions of the flaps in HIV-1 PR. The authors
propose that the limited opening of the flaps in V6 may be
responsible for the inability of the inhibitor to access the active
site and that, on the other hand, inMDR769,where the flaps have a
larger distance breadth between them, the free energy cost for the
flaps to close tightly may be too great.184 Further insights into
these complex changes in the conformational flexibility of a protein
structure are important for the design of novel compounds to
combat the emerging drug resistance in a variety of targets. The
specific roles of the distal mutations in these constructs, and the
roles of the flap dynamics continue to be investigated.194

10. CASE STUDY VI: THYMIDYLATE SYNTHASE

Thymidylate synthase (TS) catalyzes the reductive methyla-
tion dUMP to 20-deoxythymindine 50- monophosphate. The
roles of many conserved residues have been determined by site-
directed mutagenesis, steady-state kinetics, and structural studies,

Figure 22. Structure of HIV-1 PR mutant NAM-10 showing the
locations of 10 mutations L10I/M36I/S37D/M46I/R57K/L63P/
A71V/G73S/L90M/I93L. Reprinted with permission from ref 190.
Copyright 2003 American Chemical Society.

Figure 23. (A) Structure of HIV-1 PR. Locations of the catalytic
aspartates and residues 84 and 90 are shown in stick representation.
The wild-type sequence is shown below. (B) Structure around the active
site in the L90M HIV-1 PR mutant (green) and wild-type HIV-1 PR
(gray) in complex with Nelfinavir (NFV) and Saquinavir (SQV). The
ligands and residues 25, 84, and 90 are shown in ball-and-stick
representation. Reprinted with permission from ref 191. Copyright
2006 American Chemical Society.
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making this system suitable for understanding the role of specific
residues in protein function. Three residues involved in catalysis
have been identified: Cys198 (L. caseiTSnumbering) serves as the
a nucleophile, Glu60 catalyzes hydrogen transfers to and from the
dUMP pyrimidine ring, and Tyr146 accepts a proton from C5 of
dUMP to allow for the breakdown of the covalent ternary
complex. Other conserved residues in TS contribute to catalysis
through their role in driving a conformational change.195 Tyr261
(L. casei TS numbering) is a highly conserved residue in the TS
family and, while it contacts dUMP via a hydrogen bond, is located
distant from the site of reductive methylation chemistry. Although
this residue does not meet the criteria for a distal residue set forth
in this review, it is included here because an elegant set of studies
shows that its effects are transmitted indirectly. Mutations at
Tyr261 in TS show a marked decrease in enzyme activity; almost
all amino acid substitutions of Tyr261 result in enzymes with <1%
of wild-type activity.196 The fact that Tyr261 forms a hydrogen
bond with the dUMP 30-O suggests the obvious explanation for
the effect of mutations at this site on catalysis to be that substrate
binding, orientation, and thus specificity are affected. However,
X-ray crystallography experiments have shown that mutations of
this residue have small effects on dUMP orientation, and kinetic
studies have shown the effects of mutations on KM

dUMP to be
small. These small changes in orientation and binding do not
explain the >100-fold decreased kcat values for the variants.
Crystal structures show that mutation of Tyr261 results in
destabilization of the active conformation of a loop containing
a dUMP-binding arginine. This loop plays a key role in both
binding dUMP and stabilizing the closed conformation of the
enzyme and in shielding the active site from bulk solvent
during catalysis. It is clear that the size and shape of the Tyr
side chain is essential for maintaining wild-type values of kcat/
KM. These results provide an example of a residue, distal to the
site of chemistry but within contact distance to a ligand, that
not only plays the expected role in binding but rather appears
to influence the conformational equilibrium in the enzyme
stabilizing the closed ternary complex.

The human and other mammalian TS enzymes have an
N-terminal extension that is not present in bacterial homologues.
Mutagenesis of Val3, a residue that is not directly involved in
substrate binding, in the N-terminal extension of the human TS
to Leu or Phe results in decreased dUMP binding with KM values
increased by factors of 47 and 58, respectively.197 It is perhaps
surprising that the conservative Val-to-Leu substitution has such
a large effect on the Michaelis constant. A crystal structure of the
mutant provides insight; it shows the Leu at position 3 in an

orientation that stabilizes the inactive conformation of the loop
of residues 181�197 (human numbering), preventing substrate
binding. The Leu3 side chain is larger than Val and may exhibit
enhanced binding in the hydrophobic pocket formed by the
181�197 loop, hence influencing its conformation. The effect of
the V3F replacement on substrate binding has a different origin.
In the crystal structure of the V3F variant in complex with
substrate analogue FdUMP, the analogue is bound in an alternate
mode compared to wild type, indicating that the variant’s
compromised substrate affinity results from catalytically non-
productive binding of the substrate. Both variants show that the
N-terminal extension influences the conformational state of the
active site, and this region could be explored in the design of
allosteric inhibitors of mammalian TS enzymes.

11. CASE STUDY VII: AMINOACYL-TRNA SYNTHETASE

Long-range communication between domains has been ob-
served in many aminoacyl-tRNA synthetases (ARSs).198�200

ARSs catalyze the covalent attachment of an amino acid onto
the 30-adenosine moiety of the cognate tRNA, thereby maintain-
ing the fidelity of protein translation and the genetic code. ARSs
consist of at least two domains: the anticodon binding domain is
responsible for substrate recognition and the central catalytic
domain (CCD) is responsible for catalysis.201 The CCD activates
its cognate amino acid to the corresponding adenylate by con-
densation with ATP and promotes aminoacylation of the 30-
terminus of tRNA. The anticodon binding domain binds its
cognate tRNA’s anticodon and is unique in sequence and structure
for each ARS. Some ARSs have evolved to contain additional
domains for proofreading. For many ARSs, aminoacyl adeny-
late formation is dependent on cognate tRNA binding.202

Given the separation between the anticodon binding domain
and the catalytic domain, long-range communication must
function in these enzymes. For example, in the E. coli methio-
nyl-tRNA synthase, the cognate anticodon is recognized in a
site 50 Å� away from the site of tRNA aminoacylation. Crystal
structures have shown that regions of ARSs have large dif-
ferences in conformation when in tRNA bound versus un-
bound forms; these observations have inspired the hypothesis
that domain movements could be responsible for long-range
communication.

A distal residue not involved in amino acid or tRNA binding
has been found to have a significant effect on ARS function.
Mutagenesis at a particular residue position (Leu570 in E. coli,
Leu578 in Thermus thermophilus, and Lys600 in human LeuRS)
located on a flexible closing loop near the class I ARS signature
K/VMSKS motif has been reported to change Leu versus Ile
discrimination and tRNA binding affinity (Figure 25). The
K600L human and L570F E. coli LeuRS mutants had Leu/Ile
discrimination factors that were altered by 12- and 30-fold,
respectively, compared to the wild-type enzyme.203 The crystal
structure of Thermus thermophilis LeuRS (Tt LeuRS) shows that
this residue is not in direct contact with the amino acid moiety of
the bound adenylate substrate, and these functional changes
are not likely to result from altered direct interactions with
substrate.204 A recent study gave insight into how this mutation
alters the amino acid specificity. Weimer et al. investigated the
long-range coupling in Tr LeuRS by normal mode and SCA
analyses. They identified a small number of residues whose
coupled thermal motions correspond to evolutionary coupling
as well; these residues are within van der Waals contact distance

Figure 24. Illustrated representation of HIV-1 PR (semiopen con-
formation) (PDB code: 1HHP). The nitroxide spin probe is shown in a
ball-and-stick representation. The colored spheres show the Cα position
of mutated residues in the V6 (left) and the MDR769 (right) variants.
Mutations in the active site cavity are shown in red spheres, mutations
away from the active site are shown in blue spheres, and mutations in the
flaps/elbows are shown in green spheres. Reprinted with permission
from ref 192. Copyright 2009 American Chemical Society.
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from each other. The residue at position 578 (Leu570 in E. coli
and Lys600 in human LeuRS) contacts Met576, which is highly
conserved, and Val577, which exhibits a strong evolutionary
coupling with residues of the functionally important HXGH and
K/VMSKS loops. One possible explanation of these results is
that position 578 of Tt LeuRS influences the motions of the
VMSKS loop, which in turn modulates the active-site conforma-
tion necessary for substrate recognition. These studies showcase
how computational methods can be used to gain interesting
insights into results from structure�function studies on distal
residues.

12. CASE STUDY VIII: SYSTEMS WITH FUNCTIONAL
TOLERANCE TO MUTATIONS

To fully elucidate the relationship between sequence and function
for a protein, it is desirable to obtain a data set that provides a
systematic examination of the effect of single amino acid
replacements at a large number of sites. In some cases, exhaus-
tive mutagenesis studies, in which most amino acids are
individually replaced, have revealed functional tolerance of
a protein to extensive mutagenesis. It is useful to consider
examples of systems that have shown functional tolerance at
most residue positions; many proteins do not have coupled
networks of residues that are important to function. These
examples complement the discussion of coupled networks.

To systematically explore the functional map of proteins, early
exhaustive substitution studies mostly focused on DNA-binding
proteins.205�209 Miller and co-workers introduced amber muta-
tions into the gene encoding the E. coli lac repressor protein and
tested the mutant allele in suppressor strains that insert different
amino acids to the amber codon.208 Using this method, they

demonstrated that 59% of the positions in the E. coli lac re-
pressor system (192 positions of 328 sites) are tolerant to
substitutions.205 As a method for a systematic investigation of
the effects of single amino acid replacements, amber mutations
were also introduced to the gene that codes for the bacteriophage
T4 Lysozyme207 and revealed that more than half of the amino
acids (55%, 89 of 163 positions) in the enzyme are tolerant to
amino acid substitutions (Figure 26). Bowie and co-workers
tested the tolerance of diacylglycerol kinase by using polymerase
chain reaction (PCR) mutagenesis with a rapid colony assay and
reported that 75% of the residues are tolerant to nonconservative
substitutions.209 Exhaustive-substitution approaches have been
also applied to barnase, a ribonuclease composed of 110 amino
acids. In this case, all but one of the residue positions were
mutated by single amino acid replacements with the synbar
selection system; the results showed that most residues are
functionally tolerant to mutagenesis. Only at 15 residue positions

Figure 25. (A) Illustration of the homology model of human LeuRS
against T. thermophilus LeuRS (PDB code: 1OBH). The leucyl-specific
domain is shown in blue, active site residues are shown in gray, Lys600 is
shown in red, and the rest of the enzyme is shown in orange. (B)
Multiple sequence alignments of the residues around E. coli L570 in
LeuRS from five organisms. Reprinted with permission from ref 203.
Copyright 2007 American Chemical Society.

Figure 26. (A) Location of critical residues in T4 lysozyme. Atoms in
white represent the positions whose replacement leads to complete
inactivation of the enzyme. More than half of the amino acids (55%,
89 of 163 positions) are found to be tolerant to the amino acid
substitutions. Reprinted with permission from ref 207. Copyright
1991 Elsevier. (B) Location of the 15 positions (14% of 109 positions)
in Barnase that are found to be extremely vulnerable to inactivating
substitution. Reprinted with permission from ref 210. Copyright 1998
American Chemical Society.
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(14% of residues) did mutagenesis result in a fully inactivated
protein (Figure 26).210

Simple in vivo selection methods with a binary indication of
activity (i.e., active or inactive) enabled these experiments to
yield a large number of single-site variants that could be used to
evaluate the effect of single mutations at specific sites. Conclu-
sions from these studies highlight the distinct difference in
tolerance to mutagenesis of surface residues compared to buried
residues, the importance of residues involved in substrate binding
or catalysis, the unusually disruptive propensity of proline, and
the high sensitivity to replacement of glycine residues. Choos-
ing appropriate activity threshold levels also seems to be very
critical in these experiments because a high activity threshold
will show more residues to be functionally important than a low
threshold. Together these studies show that different proteins
have different sensitivities to mutagenesis. In some proteins, the
majority of the residue positions can be mutated without signifi-
cantly influencing function. In other cases, most residues are
sensitive to mutagenesis. Perhaps some proteins contain extensive
networks of coupled residues that modulate the conformational
landscape while others are more restricted in their conformational
ensemble. If this is the case, it seems likely that distal residues
play an important role in those proteins where a coupled network
of residues modulates function. It is also possible that, in some
proteins, the majority of residues participate in the coupled network
and that, in others, only a very small subset is involved. It is
important not to make generalizations of the role of distal residues
in protein function as the relative importance of distal positionsmay
greatly depend on the system under study.

13. PRACTICAL APPLICATIONS OF UNDERSTANDING
DISTAL MUTATIONS

Understanding the effect of distal mutations on the distribu-
tion of protein conformations is crucial for sustained progress in
the fields of drug discovery and protein engineering.211,212

Dissection of the mechanism of resistance in drug-resistant
mutants can provide guidelines for the design of compounds
that are able to inhibit these otherwise drug-resistant protein
variants.92,95 For example, a serious problem in chemotherapy
of HIV-1/AIDS is the appearance of multiple-drug-resistant
HIV-1 proteases (MDR-HMs). MDR-HM contains six amino
acid mutations that lower its affinity for Indinavir, Nelfinavir,
Saquinavir, Ritonavir, Amprenavir and Lopenavir by 2�3 orders
of magnitude.95 Four of six mutations are in the active site while two
are in a distal dimerization region. Ohtaka and co-workers per-
formed a mutagenesis and thermodynamic study and found that
the four active site mutations only showed small cooperative effects
whereas the distal mutations elicited a cooperative response that
affected drug binding by altering the protein’s binding conformation
and the relative populations of the different conformers.92 The
findings provide a basis for the design of compounds that can inhibit
this type of MDR-HM variant. In some cases, distal mutations can
guide efforts to discover drugs that mimic their effects. These drugs
do not necessarily need to act as inhibitors but can also perform as
allosteric activators to, for example, overcome an undesirable genetic
mutation.22,213

14. CONCLUSIONS AND PERSPECTIVES

Studies have shown that both active site and distal mutations
can dramatically influence protein properties. Our understanding

of enzymes has fundamentally shifted: enzymes are no longer
viewed as static structures but rather flexible scaffolds that can
adopt a variety of conformations. Coupled networks of
residues underpin the mechanical propagation of conforma-
tional changes throughout the protein structure. Moreover, a
protein structure is no longer necessarily viewed mainly as a
single conformation but rather as an ensemble of intercon-
verting conformations. The importance of enzyme conforma-
tional interconversion in catalysis suggests that enzymes must
have evolved to adopt not only appropriate active site struc-
tures but also the necessary global and local dynamics.49

Consequently, mutations that affect enzyme activity are not
restricted to active-site residues as distal mutations have
especially revealed.
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